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ABSTRACT 

The ability of different microbes to form biofilms on materials found in aviation fuel systems 
was assessed using both individual isolates and complex microbial communities. Biofilm forma-
tion by the Gram-negative bacterium, Pseudomonas putida, the fungus Amorphotheca resinae 
and the yeast, Candida tropicalis, was influenced by material surface properties although this dif-
fered between isolates. Biofilm formation was greatest at the fuel–water interface. The Gram- 
positive bacterium Rhodococcus erythropolis, in contrast, was able to grow on most surfaces. 
When a subset of materials was exposed to complex microbial communities, the attached 
microbial community structure was influenced by surface properties and selected for different 
genera best able to form biofilms on a specific surface. Distinct sub-populations of 
Pseudomonads were identified, which favoured growth on aluminium or painted surfaces, with a 
different subpopulation favouring growth on nitrile.
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Introduction

Microbial contamination of fuel systems is a major 

problem faced by the aviation industry, the prevention, 

control, and mitigation of which requires significant 

economic investment. Contamination must be routinely 

tested for, and significant contamination requires air-

craft to be withdrawn from service for decontamin-

ation. Microbial activities can cause fuel deterioration, 

microbially-influenced corrosion (MIC) and biofouling 

of surfaces, sensors and filters (Gaylarde et al. 1999, 

Passman 2013, Smith 1991). In aircraft fuel systems, 

fuel degradation is generally limited (unless aircraft are 

stored for extended periods) as fuel is constantly used 

and replenished. However, during aircraft operations, 

water condenses within the fuel tanks creating an aque-

ous environment and a fuel–water interface (Chan and 

Lam 2017). This provides an environment in which 

microbes can grow, either in suspension (planktonic) 

or attached to surfaces (as biofilms). Microbes can even 

grow in the fuel phase in entrapped water droplets 

(Meckenstock et al. 2014). Microbes in the liquid 

phases are lost as fuel is consumed and water removed 

by scavenging systems or drainage. However, commun-

ities attached to surfaces will persist as biofilms, devel-

oping over extended periods, and acting as an 

inoculum for replenished liquid phases.

The influence of surface materials used in aircraft 

fuel systems on the formation of microbial biofilms is 

not well understood. Diverse bacteria and fungi have 

been reported as fuel system contaminants (e.g. 

Gaylarde et al. 1999, Hu et al. 2020, Passman 2013, 

Rauch et al. 2006, White et al. 2011). A recent ana-

lysis of over 1,200 swabs and liquid samples from avi-

ation fuel systems showed that a-, b-, and 

c-Proteobacteria and Ascomycota (particularly the 

filamentous fungus, Amorphotheca resinae, synonyms 

Cladosporium or Hormoconis resinae) were prevalent 

in contaminated systems (Krohn et al. 2021), although 

the community composition of different samples var-

ied greatly. Metagenomic and transcriptomic analysis 

highlighted the importance of genes associated with 

biofilm formation and alkane degradation. Some 
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prominent community members were identified as 

difficult to culture. Shapiro et al. (2021) also found 

bacteria associated with fungi in aviation fuel systems 

that they were unable to isolate and which they pro-

posed formed synergistic systems for kerosene deg-

radation. Therefore, understanding the factors that 

control biofilm formation in aviation fuel systems 

must account for their compositional complexity and 

interactions between community members.

Aircraft fuel systems are composed of diverse 

materials including aluminium alloys, stainless steels, 

paints and sealants, rubbers and plastics, providing a 

multitude of surfaces for biofilm formation. Surfaces 

have different physico-chemical properties (e.g. 

hydrophobicity, surface roughness, charge and chem-

istry) and are exposed to hydrophobic fuels and 

hydrophilic aqueous phases. A number of studies 

have explored the impact of microbes on surfaces. A 

community dominated by Bacillus sp. caused biocor-

rosion of aluminium AA2024 coupons (McNamara 

et al. 2005) and a Bacillus strain corroded aluminium 

AA2024 and AA707512 (Vejar et al. 2017). Likewise, 

B. cereus ACE4 and Serratia marsescens ACE2 cor-

roded AA2024 (Rajasekar and Ting 2010). Numerous 

bacterial and fungal isolates were able to corrode 

AA7075 (Hagenauer et al. 1994).

A systematic analysis of biofilm formation on the 

materials found in aviation fuel systems has not been 

undertaken but has the potential to identify surfaces that 

might limit biofilm formation, or be particularly suscep-

tible to biofouling, requiring special attention during 

cleaning. As new materials, such as composites, are used 

in aircraft construction, understanding their influence 

on biofilm formation will also help to inform future test-

ing and cleaning regimes for microbial contamination.

The role of material properties on attached micro-

bial growth in medical, food and natural environ-

ments has been studied extensively, identifying 

surface charge, energy and chemistry, hydrophobicity, 

roughness and stiffness as factors influencing micro-

bial attachment and biofilm maturation (Banerjee 

et al. 2011, Berne et al. 2018, Song et al. 2015). 

However, microbial diversity means it has not been 

possible to develop general models of surface proper-

ties that govern microbial attachment. For example, 

although surface roughness affects microbial attach-

ment, responses differ between cells depending on 

their size, shape and surface chemistry, with no single 

topography providing a universal limitation to biofilm 

formation (Renner and Weibel 2011). This complexity 

arises, in part, from the biological components of the 

system, with biofilm formation governed by cell– 

surface and cell–cell interactions, and extracellular 

polymeric substances (EPS) (e.g. polysaccharides, pro-

teins, lipids and nucleic acid) (Flemming and 

Wingender 2010). The physico-chemical properties of 

microbes also differ. Gram-negative bacteria have a 

thin peptidoglycan wall surrounded by an outer mem-

brane containing lipopolysaccharides while Gram- 

positive bacteria lack this outer membrane, but have a 

much thicker peptidoglycan layer rich in teichoic acid 

(Silhavy et al. 2010). Fungal cell walls are also diverse 

(Gow et al. 2017), consisting of an inner cell wall of 

branched glucans and chitin surrounded by a highly 

diverse, glycoprotein rich layer.

To explore the propensity for biofilm formation on 

materials found in current, or new, aviation fuel sys-

tems, an axenic microcosm system was developed 

where material coupons were incubated with aqueous 

growth medium overlaid with fuel and inoculated 

with isolates of common fuel-system microbial con-

taminants. Biofilm formation was quantified on dif-

ferent materials in the aqueous and fuel phases and at 

the fuel–water interface. A ranking of materials by 

biofilm formation was produced and related to mater-

ial surface properties (hydrophobicity, surface charge 

and roughness). Microbes that are common contami-

nants in aviation systems, known fuel degraders and 

in different taxonomic groups were tested (Denaro 

et al. 2005, Gaylarde et al. 1999, Itah et al. 2009, 

Krohn et al. 2021): Pseudomonas putida (Gram-nega-

tive bacterium), Rhodococcus erythropolis (Gram-posi-

tive bacterium), Candida tropicalis (yeast) and 

Amorphotheca resinae (filamentous fungus).

A subset of these materials was then placed in 

microcosms containing complex microbial commun-

ities originating from a contaminated aviation fuel 

tank, transferring the coupons at intervals into a new 

sterile fuel–water mixture, thereby selecting biofilm- 

forming community members. This system simulated 

the consumption, and resupply, of fuel in aircraft fuel 

tanks, testing the hypothesis that repeated removal of 

the liquid phases would select taxa that were able to 

attach efficiently to different surfaces.

These approaches were used to address the follow-

ing questions.

� Which materials found in aviation fuel systems are 

most prone to biofilm formation by common fuel 

contaminants? Are there materials which limit bio-

film formation?

� Do microbes behave similarly, or are there species- 

specific differences in biofilm formation on differ-

ent materials, and in the aqueous and fuel phases?
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� Is it possible to identify material properties that 

influence biofilm formation?

� How do findings from isolated organisms compare 

to the behaviour of complex communities?

Methods

Materials

The materials used in this study are shown in Table 1.

Coupons were supplied by Airbus and are com-

mercially available materials used in the manufacture 

of aircraft fuel systems.

Fuel was prepared by filtering 1 l of Merox-treated 

Jet A-1 through 300 g attapulgite clay (Fuller’s Earth) 

to remove additives, then 24 mg l−1 2,6-ditertiary- 

butyl-phenol (Aldrich Chemistry, USA) added as anti-

oxidant, before filter sterilisation through a 0.22 mm 

nitrocellulose filter (Whatman, Maidstone, Kent, UK).

Individual microbes were obtained from the ATCC 

stock centre: Pseudomonas putida (ATCC 700007), 

Rhodococcus erythropolis (NCIMB 12631), Amorphotheca 

resinae (ATCC 20495), Candida tropicalis (ATCC 48138). 

Bacteria were grown in LB medium (10 g l−1 peptone, 

5 g l−1 yeast extract, 10 g l−1 NaCl, Acumedia Lab, 

Neogen, Lansing, MI, USA) whilst the yeast and fungi 

were grown in yeast-malt media (3 g l−1 yeast extract, 

3 g l−1 malt extract, 5 g l−1 mycological peptone and 

10 g l−1 dextrose, LabM, Gentaur UK Ltd, Potters Bar, 

UK and Sigma-Aldrich, Merck Life Science, Gillingham, 

UK). Cells were centrifuged at 699 � g for 1 min then 

resuspended at an OD600 of 0.05 in 1=4-strength Bushnell- 

Haas (BH) medium (0.05 g l−1 MgSO4, 0.005 g l−1 CaCl2, 

0.25 g l−1 KH2PO4, 0.25 g l−1 K2HPO4, 0.25 g l−1 

NH4NO3, 0.0125 g l−1 FeCl2, pH 6.72; Sigma-Aldrich, 

UK) as an inoculum.

A complex, mixed community of microbes was 

established in the laboratory using bottom water from a 

contaminated fuel tank as an inoculum. The 

community was maintained in 500 ml glass bottles 

(Duran, Fisher Scientific UK Ltd, Loughborough, UK) 

containing 100 ml 1=4-strength BH medium and 100 ml 

Merox-treated Jet A-1 aviation fuel. Air exchange was 

provided by a 0.22 mm PTFE filter in the lid. The com-

munity was sub-cultured every month by transferring 

5 ml of the aqueous phase into a new system.

Measurement of surface properties

Hydrophobicity was determined using a drop shape 

analyser DSA100 (Kr€uss, Hamburg, Germany). A 5 ml 

droplet of UHQ water was placed on each coupon with 

a microsyringe, and the contact angle between the 

droplet and the surface measured. At least five meas-

urements were made for each side of the coupon.

The pH of zero point charge (pHzpc) and charge 

potential curves were determined by potentiometric 

titrations (Metrohm 906 Titrando) of 10� 10� 2 mm 

portions of coupons. The material was suspended in 

25 ml CO2 – free electrolyte (0.05, 0.1 or 1.0 M NaCl) 

and titrated to pH 3.0 with 0.05 M HCl and then pH 

11.0 with 0.05 M NaOH. Titration data was analysed 

with Protofit (version 2.1 rev1) (Turner and Fein 

2006). The intersection of the titration curves at dif-

ferent ionic strengths provided the pHzpc. The sur-

face charge at the microcosm pH (sigma, r) was 

calculated from the 0.05 M titration curves.

Surface roughness was determined using a Bruker 

Contour Elite K 3D optical microscope (Bruker Billerica, 

MA, USA). Measurements of Sa, the arithmetic mean of 

the absolute differences in peak height, were made at two 

scales: 636� 476mm and 29� 21mm. Since the optical 

profiler relies on reflectance from the materials, dark 

materials were gold coated before analysis by sputter coat-

ing under vacuum using an Edwards S150B Sputter 

Coater (Edwards Vacuum, Burgess Hill, England) for 

2 min at 1 kV and �20 mA current. Comparisons of 

gold-coated and uncoated surfaces showed that coating 

Table 1. Materials used in this study.

Material Notes

AA7075 T6 Aluminium 7075 T6 (zinc alloy)
AA2024 T3 Aluminium 2024 T3 (copper alloy)
AA2024 TSA Aluminium 2024 T3 (copper alloy) anodised
SS304 smooth Stainless steel 304 – polished surface finish
SS304 rough Stainless steel 304 – rough surface finish
Primer P60A P60A water-based primer (chromated) on aluminium MAPAERO
HS37092 HS37092 solvent-based fuel tank coating (chromated) AKZO NOBEL
Topcoat 311_380 Polyurethane surface coating (AERODUR HS 67348)
Composite smooth Composite – resin transfer moulded
Composite rough Composite – peel fly manufactured
Sealant MC238 Polysulphide polymer sealant (pure elastomer – AIMS04-05-002)
Sealant MC780 Polysulphide polymer sealant (elastomer and hollow sphere – AIMS 04-05-015)
Elastomer nitrile Nitrile elastomer ABR 4-0101:55
Elastomer fluorosilicone Fluorosilicone elastomer ABR 4-0090: 55
Plastic PEI Polyetherimide plastic PEI 450 G
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did not significantly affect surface roughness. The signifi-

cant differences in surface topology precluded the use of 

atomic force microscopy.

Microcosm preparation and sampling

Microcosms (prepared in triplicate) consisted of a 20 ml 

glass vial (Thermo Scientific, Warsaw, Poland) closed 

with a crimp seal and a PTFE/butyl septum (Agilent, 

Lexington, MA, USA), a material coupon (dimensions: 

63� 10� 1 mm), 7 ml of 1=4-strength BH medium and 

7 ml of fuel. The microcosms were inoculated so that 

the aqueous phase had a starting OD600 of 0.05 and 

then incubated for four weeks at 25 �C. Abiotic controls 

contained sterile 1=4-strength BH medium and fuel. 

After incubation, coupons were air dried in a sterile 

environment for 15–30 min to allow fuel vapour to 

evaporate then fixed in 10 ml of 4% (v/v) formaldehyde 

(Merck, Germany) and stored at 4 �C for cell counts. 

Counts were completed within four weeks.

Biofilm coverage

Coupons were washed with filter-sterilised 0.15 M 

NaCl prior to staining. Because some microbial stains 

interacted with the surface or the material exhibited 

high autofluorescence, different fluorescent dyes were 

used, but all stained individual cells. Aluminium alloys 

and stainless steel coupons were stained with 1 ml of 

1:800 diluted SYTO9 (kex ¼ 470 nm, kem ¼ 510 nm, 

ThermoFisher Scientific, Altrincham, UK). Primer 

P60A, fluorosilicone elastomer and MC238 sealant 

were stained with 1 ml of 1:800 diluted propidium iod-

ide (kex ¼ 535 nm, kem ¼ 617 nm, Invitrogen 

eBioscience, Hatfield, UK). The remaining materials 

were stained with 1 ml of 50mg ml−1 acridine orange 

(kex ¼ 470 nm, kem ¼ 510 nm, Sigma Aldrich, UK). In 

each case coupons were stained for 15 min.

Cells were visualised using a DM6 Epifluorescence 

microscope (Leica, Wetzlar, Germany), an automated 

stage and a monochrome digital camera (Leica DMC 

4500). Images were taken in a grid across the coupon sur-

face to avoid bias in the regions measured. The location 

of the fuel–water interface was located manually and 3 

images of the interface taken 4 mm apart (Supplementary 

Figure 1a). Additional sets of three images were taken 5 

and 10 mm away from the interface into the fuel phase 

and aqueous phase producing 15 images per coupon. As 

the coupons were not optically flat, a Z-series of images 

was obtained at each location and a composite image 

based on maximum brightness created using Fiji 

(Schindelin et al. 2012). The percentage coverage was 

calculated based on pixels above the background signal. 

The biofilms produced were not thick due to the low 

nutrient content of the microcosms (G�omez-Bol�ıvar et al. 

2024), hence surface coverage provided a sufficient proxy 

for microbial growth.

Molecular analysis of complex microbial 

communities

DNA extraction

The planktonic community used to inoculate the micro-

cosms was sampled by filtration through a 0.22mm nitro-

cellulose filter (Whatman). Attached communities were 

sampled by swabbing the coupon surface (Tech Service 

Consultants Ltd, Heywood, UK) from the aqueous and 

fuel phases separately. Samples were stored at −80 �C 

prior to DNA extraction. To each swab or filter 720ml of 

SET buffer (0.75 M sucrose, 40 mM EDTA, 50 mM Tris- 

Cl pH 9) and 81ml of 10 mg ml−1 lysozyme (Sigma 

Aldrich, UK) were added and vortexed for 10 s. The 

extraction tubes were vortexed horizontally (Mo bio 

Laboratories, Carlsbad, CA, USA) at maximum speed for 

30 min at 37 �C. Then 90ml of 10% (v/v) sodium dodecyl 

sulphate (SDS) (Sigma-Aldrich, UK), and 25ml of 20 mg 

ml−1 proteinase K (Invitrogen) was added and the tubes 

incubated at 55 �C for 2 h. The supernatant was trans-

ferred to a new 2 ml microcentrifuge tube and 137ml 5 M 

NaCl (Fisher Chemical, Loughborough, UK), 115ml hexa-

decylmethyl ammonium bromide (CTAB), and 8ml 

20 mg ml−1 glycogen (Omega Bioservices, Norcross, GA, 

USA) added. Samples were vortexed for 10 s, incubated at 

65 �C for 1 h, then 838ml of chloroform added. Samples 

were vortexed for 10 s and centrifuged at 19,283 � g for 

5 min. The upper aqueous layer was recovered and the 

chloroform extraction repeated. DNA was precipitated by 

adding 815ml isopropyl alcohol, vortexing for 10 s, incu-

bation overnight at −20 �C and centrifugation at 19,283 

� g for 30 min. The supernatant was discarded and the 

pellet washed twice with 1 ml of 70% (v/v) ethanol with 

centrifugation at 19,283 � g for 10 min. The ethanol was 

removed and the sample air dried, then resuspended in 

50ml of nuclease-free water.

PCR reactions

For sequencing, bacterial 16S rRNA genes were ampli-

fied with primers targeting the V3 and V4 region 

(Klindworth et al. 2013) with Illumina extensions.

These are Illumina-341 F50-TCGTCGGCAGCGTC 

AGATGTGTATAAGAGACAGCCTACGGGNGGCW 

GCAG-30and Illumina-805 R50-GTCTCGTGGGCTC 

GGAGATGTGTATAAGAGACAGGACTACHVGGG-

TATCTAATCC-30 Eukaryotic ITS regions (White 
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et al. 1990) were amplified with Illumina-ITS3F 50- 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG 

GCATCGATGAAGAACGCAGC-30and Illumina-ITS4 

R 50-GTCTCGTGGGCTCGGAGATGTGTATAAGAG 

ACAGTCCTCCGCTTATTGATATGC-30.

First round PCR reactions contained 2.5ml of tem-

plate (5 ng ml−1), 12.5ml of 2� KAPA HiFi Hot Start 

Ready Mix (Sigma-Aldrich, UK) and 5ml of forward 

and reverse primers. PCR reactions were performed sep-

arately for bacterial and fungal primer pairs. The first 

round PCR conditions were 95 �C for 3 min, 25 cycles 

of 95 �C for 30 s, 55 �C for 30 s, and 72 �C for 30 s and 

then a final step of 72 �C for 5 min. Second round PCR 

reactions contained 10ml of template, 25ml of 2�

KAPA HiFi Hot Start Ready Mix (Sigma-Aldrich, UK) 

and 5ml of forward and reverse Nextera XT Index pri-

mers (Illumina, Cambridge, UK). The index PCR condi-

tions were 95 �C for 3 min, eight cycles of 95 �C for 

30 s, 55.0 �C for 30 s, and 72 �C for 30 s, and then a final 

step of 72 �C for 5 min. Amplicons were visualised on 

2% (w/v) agarose gels. Sample preparation and sequenc-

ing was performed by the Sheffield Diagnostic and 

Genetics Service (Sheffield, UK) using an Illumina 

MiSeq instrument, with V2 chemistry flow cell produc-

ing 250 bp paired end reads.

Bacterial 16S rRNA and eukaryotic ITS genes were 

quantified in samples using quantitative, real-time 

PCR (qRTPCR). Purified E. coli or C. tropicalis DNA 

was used as standards. The 16S rRNA gene was 

amplified with primers 799 F (50-AACMGGATTA 

GATACCCKG-30) and 1193 R (50-ACGTCATCCC 

CACCTTCC-30) and eukaryotic ITS genes were 

amplified with primers ITS3 F (50-GCATCGATGA 

AGAACGCAGC-30) and ITS4 R (50-TCCTCCG 

CTTATTGATATGC-30). Results are expressed as 

copy numbers, assuming the E. coli genome contained 

seven 16S rRNA copies and the C. tropicalis genome 

contained three ITS copies. The reaction mixture con-

tained 1 ll of input DNA, 5 ll of SensiFast
TM 

SYBR
VR 

No-ROX Kit (Bioline) mixed buffer and dNTPs, 0.4 ll 

of each primer (10 lM) and 3.2 ll of nuclease-free 

water. Amplification was performed using a real-time 

PCR Thermocycler (Corbett Research RG-6000, 

Qiagen Roto-Gene Q, Qiagen, Manchester, UK) using 

the following conditions: 95 �C for 3 min followed by 

40 cycles of 95 �C for 3 min, 62 �C for 10 s, 72 �C for 

10 s with a final melting curve performed over the 

temperature range 61 �C to 95 �C.

Bioinformatic analysis

Demultiplexed sequences were provided as Fastq files 

with amplification primers and barcodes removed. 

Data were processed using dada2 (Callahan et al. 

2016) version 1.18 and the analysis pipelines provided 

by the authors. For the 16S rRNA sequences, pairs 

were quality filtered (trunQ ¼ 2, maxEE ¼ 2), error 

rates calculated and applied, then the pairs merged. 

Chimeric sequences were removed using the consen-

sus method, with the minFoldParentOverAbundance 

parameter set to 8 with sequences over 430 bp 

retained. ITS sequences were analysed in the same 

way except sequences were concatenated during the 

merging step. Taxonomies were assigned using the 

SILVA non-redundant 16S rRNA dataset (99% ver-

sion 138.1) and the UNITE ITS database (version 8.2) 

(Abarenkov et al. 2020). An optimised neighbour- 

joining phylogenetic tree of 16S rRNA sequences was 

created using the ‘phangorn’ R package v 2.5.5 

(Schliep et al. 2017). ITS sequences are not phylogen-

etically informative, so no tree was created for fungi. 

Phylogenetic trees of selected organisms were created 

using MEGA X (Kumar et al. 2018) and the max-

imum likelihood method (Tamura and Nei 1993). 

Differences between community composition on dif-

ferent materials were calculated using DESeq2 (Love 

et al. 2014). All subsequent bioinformatic analyses 

were performed in R (R Core Team 2021).

Statistical analysis

All additional statistical analyses were performed in R 

(R Core Team 2021). Statistical differences in biofilm 

coverage were determined using the ‘betareg’ package 

for beta regression (Cribari-Neto and Zeileis 2010) as 

values are bounded between 0 and 100%. A small 

value (0.001%) was added to individual measurements 

to avoid zero values. Contrasts were compared using 

the package ‘emmeans’ (Lenth 2025) with compact 

letter displays calculated using the package 

‘multcomp’ (Hothorn et al. 2008). Random forests 

were implemented using the package ‘randomForest’ 

(Liaw and Wiener 2002).

Results

The influence of surface material on biofilm 

formation

Replicate axenic microcosms, containing different 

coupons of materials found in aviation fuel systems 

and equal volumes of aqueous growth medium over-

laid with jet fuel, were inoculated with either 

P. putida, R. erythropolis, C. tropicalis or A. resinae. 

After four weeks of growth the percentage of the cou-

pon surface covered by a biofilm in the fuel phase, 
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aqueous phase or at the interface was measured using 

epifluorescence microscopy (Figure 1).

For all isolates, biofilm coverage was greater in the 

aqueous phase and at the aqueous–fuel interface, than 

in the fuel phase, due to the more amenable condi-

tions for microbial growth (Figure 1). Coverage in the 

aqueous phase was correlated significantly with cover-

age at the interface (Figure 2a). For P. putida, and to 

a lesser extent A. resinae, coverage in these phases 

was also correlated significantly with that in the fuel 

phase. However, for R. erythropolis and C. tropicalis, 

there was little or no correlation between coverage in 

the aqueous phase and at the interface and coverage 

in the fuel phase.

There were marked differences in coverage on the dif-

ferent materials tested (Figure 1). For example, P. putida 

formed extensive biofilms on aluminium AA7075-T6 

but less so on aluminium AA-2024-T3 or AA-20234- 

Figure 1. Biofilm coverage by different isolates after four weeks of growth on different coupons. Data points are the mean cover-
age of all images for a replicate material coupon in the aqueous phase, at the fuel–aqueous interface and in the fuel phase. The 
bars show the confidence intervals calculated by beta regression with a logistic link function for all replicates (n¼ 3). Bars that 
share a letter do not differ significantly within a phase. Bars are coloured by material and are ranked by biofilm coverage across 
all phases for each isolate.
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TSA. In contrast, the coverage of R. erythropolis biofilms 

was similar on all three aluminium surfaces. C. tropicalis 

formed extensive biofilms in the aqueous phase on fluo-

rosilicone unlike the other isolates tested, where little 

biofilm formation was observed.

These marked differences in behaviour of the 

isolates in the different phases are illustrated in 

Figure 2b. Correlation coefficients calculated for 

coverage on different materials in each phase were 

not significant for most comparisons, with the excep-

tion of A. resinae and R. erythropolis in the aqueous 

and fuel phases. Overall, no simple pattern of biofilm 

coverage by the isolates on different materials and dif-

ferent phases was evident.

To determine the overall propensity of biofilms to 

form on a surface, coverage on each material was 

ranked for each phase, which accounts for differences 

in growth rates between organisms. Figure 3 shows 

the ranked coverage in the aqueous phase plotted 

against ranked coverage at the interface and in the 

fuel phase, averaged for the four isolates.

The ranking between the aqueous and interface 

was closely correlated, with coverage greatest on 

Stainless steel (smooth and rough), Topcoat 311_380, 

Composite (smooth) and Aluminium AA7075 T6 and 

least on Plastic PEI, Aluminium AA2024 TSA 

and MC780. Comparisons between the aqueous phase 

and the fuel phase were more complex. Whilst cover-

age was ranked similarly for most materials, there was 

a greater propensity for biofilms to form in the fuel 

phase with Plastic PEI, Composite (rough) and nitrile. 

In contrast biofilms formed preferentially in the aque-

ous phase on Composite (smooth) and Aluminium 

AA7075 T6.

The impact of surface properties on biofilm 

coverage by isolated microbes

The surface properties of the materials used in this 

study are shown in Table 2.

Hydrophobicity was determined by drop shape 

analysis. The surface roughness was determined by 

optical interferometry at two scales – the larger scale 

(636� 476 mm) related to gross changes in roughness 

whilst the smaller scale (29� 21 mm) was chosen as 

roughness at the level of individual cells. The param-

eter Sa (arithmetic mean height) was determined. 

Surface topography maps of these materials are shown 

in Supplementary Figure 2. Acid/base titration at dif-

ferent ionic strengths was used to calculate the pH of 

Figure 2. Correlation coefficients of biofilm coverage (a) for each isolate in the aqueous, interface and fuel phases for all materials 
and (b) between isolates in each phase for all materials. Results are presented as the correlation coefficients and significance 
(���p< 0.001, ��p< 0.01, �p< 0.05, ns not significant). Coverage values were log transformed before the Pearson correlation 
coefficient was calculated.
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zero point charge for each material and the surface 

charge at the pH of the microcosm.

The relationship between biofilm coverage of each 

organism and material surface properties are shown in 

Supplementary Figure 3. As these relationships were 

complex and not explained by a single material prop-

erty, random forest analyses were used to deduce prop-

erties that were most important in determining the 

coverage of each isolate. These results are summarised 

in Figure 4. Results are present as root mean square 

error (RMSE) after permutation (larger values show 

that the parameter has a greater impact on the model) 

and Accumulated Local Effect profiles (which show 

how the different variables contribute to the model).

For P. putida the models explained 83.3% and 

85.6% of the variance in coverage in the aqueous and 

fuel phases, respectively. The same surface parameters 

were identified as important in both phases, as 

Figure 3. Biofilm coverage in the aqueous phase compared to biofilm coverage at (a) the fuel–water interface or (b) the fuel 
phase. Coverage on each material was ranked for P. putida, R. erythropolis, C. tropicalis and A. resinae for each phase and the 
mean rank calculated. The grey line is a 1:1 relationship between rankings.

Table 2. Surface properties of materials.

Material

Roughness
Hydrophobicity

Surface charge

Arithmetic mean height (Sa) (nm)
Contact angle

pHzpc

At microcosm pH
29� 21 mm 634� 476 mm Degrees r

AA7075 T6 198 ± 19.7 391 ± 31.2 67.6 ± 4.3 7.02 2.5
AA2024 T3 274.7 ± 49.7 473 ± 20.6 68.8 ± 5.4 6.63 −141.0
AA2024 TSA 569.7 ± 20.7 474 ± 31.3 82.5 ± 2.1 6.65 −76.6
SS304 74.4 ± 12.8 98.7 ± 2.8 60.2 ± 0.9 7.03 0.5
SS304 rough 154.4 ± 32.2 208.3 ± 5.4 60.4 ± 0.9 6.50 −36.0
Primer P60A 408 ± 32 1851.5 ± 2.5 90.1 ± 4.7 6.70 −74.0
Primer hs_37092 399.7 ± 16.2 1104.7 ± 31.7 64.6 ± 3.6 5.77 −338.6
Topcoat 311_380 17.9 ± 0.9 126.1 ± 25 55.6 ± 0.8 6.50 −47.1
Composite rough nd nd 52.3 ± 3.5 5.80 −190.8
Composite smooth 179.3 ± 30.5 1887 ± 100.8 62.5 ± 0.7 6.01 −195.0
Sealant MC238 467.3 ± 56.2 1097.3 ± 139.4 66 ± 0.6 5.40 −192.7
Sealant MC780 310 ± 30.2 1501.3 ± 172.3 83.6 ± 1.9 6.50 −68.6
Elastomer nitrile 120 ± 8.9 235.7 ± 6.6 52.8 ± 5 6.22 −152.6
Elastomer fluorosilicone 128.7 ± 8.1 423 ± 15.7 100.8 ± 3 5.75 −122.0
Plastic PEI nd nd 52.6 ± 1.4 7.20 17.9

Results are means ± SE. nd, not determined.
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expected from the close correlation in biofilm cover-

age. Surface charge and pH of Zero Point Charge 

were the most important, with biofilm coverage fav-

oured at surface charges close to zero, and pH ZPC 

close to neutral (Figure 4a). For R. erythropolis, the 

model only explained 57.2% of the variation in the 

aqueous phase, and 74.6% in the fuel phase. Contact 

angle was most important, with attachment favoured 

at contact angles less than 80� (i.e. hydrophilic surfa-

ces) (Figure 4b). For C. tropicalis the model was unin-

formative in the fuel phase (explaining only 26% of 

the variation), reflecting the very limited biofilm 

growth in fuel. For the aqueous phase, surface rough-

ness at the smaller scale, pH ZPC and contact angle 

all contributed, with biofilm formation favoured on 

smoother surfaces, with a pH ZPC of 6.5 or below, 

and contact angles less than 80� (Figure 4c). For A. 

resinae contact angle and surface charge were impor-

tant. Contact angles less than 80� in the aqueous 

phase and 70� in the fuel phase with surface charges 

less than r ¼ −200 favoured biofilm growth.

Overall, these analyses showed that different factors 

governed biofilm coverage for the four isolates tested. 

For example, P. putida biofilm formation was fav-

oured on materials with surface charges close to 0 

whereas A. resinae biofilm formation was favoured 

when surface charges were r ¼ −200 or lower. 

Surface charge had limited influence on R. erythropo-

lis or C. tropicalis biofilm formation. Where contact 

angle was found to be influential, attachment was fav-

oured on hydrophilic surfaces.

Attachment of complex communities to surfaces

The analysis of individual isolates identified surfaces 

that were conducive to biofilm formation, those which 

restricted biofilm formation for some organisms and 

those that restricted biofilm formation for all organ-

isms. To assess whether these results held true for 

diverse communities, selected materials were incubated 

in microcosms inoculated with a complex microbial 

community. Aluminium AA2024-T3, AA2024-T3-TSA 

Figure 4. Random forest analysis of material surface properties and their influence on biofilm coverage. Separate analyses were 
performed for the aqueous (blue) and fuel (red) phases. The upper panel for each organism shows the reduction in root mean 
square error when values for that material are permutated. The numbers are the total variance explained by the model. The lower 
panel shows the Accumulated Local Effect profiles as % surface coverage. The data used for random forest analysis included an 
additional random term. Values that were greater than the random effect are shown as bold colours/solid lines. Values less than 
the random effect are shown as pale colours/dotted lines.
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and AA7075-T6 were chosen as these metals showed 

significant variation in the attachment of the isolates. 

Nitrile and primer P60A were also tested as biofilm for-

mation was low on these surfaces. Microcosms were 

inoculated with a complex community of microbes 

obtained originally from contaminated bottom water in 

an aircraft fuel tank. To select organisms that formed 

biofilms, coupons were removed from the microcosms 

every four weeks and placed into new microcosms con-

taining sterile fuel and aqueous growth medium, simu-

lating cycles of water removal and fuel consumption. 

The extent of biofilm formation was determined by 

quantification of extractable DNA, the absolute abun-

dance of bacteria and fungi in these communities deter-

mined using qRTPCR and community membership 

determined using high throughput sequencing of 16S 

rRNA and ITS genes.

The DNA yields from biofilm communities grown 

in the aqueous phase were much higher than the fuel 

phase (Figure 5a) (p< 0.001) but, in general, similar 

yields were obtained from different materials. qRTPCR 

analysis showed that these complex communities con-

tained more bacteria than fungi (p< 0.001) (Figure 

5b). In the aqueous phase, the bacterial copy number 

was 104–105 copies ml−1, but only 102–103 copies ml−1 

in the fuel phase. There was little variation in 16S 

rRNA copy numbers between materials. The fungal 

ITS copy numbers were �10-fold lower, with lower 

numbers in the fuel phase compared to the aqueous 

phase. Again, values tended to be similar between the 

materials sampled, although lower on nitrile in the 

aqueous phase. Although the materials selected were 

based on differences in biofilm coverage of individual 

isolates, these differences were much less apparent 

when incubated with complex communities.

High throughput sequencing of 16S rRNA and ITS 

amplicons was used to explore the impact of material 

type and phase on community composition and com-

plexity. Figure 5c and d show the mean relative abun-

dance of bacterial and fungal Amplicon Sequence 

Variants (ASVs) in the biofilm communities. The 

starting inoculum was a complex, planktonic micro-

bial community taken from the aqueous phase of a 

fuel:BH medium microcosm. It contained diverse bac-

teria (dominant genera included Aquabacterium, 

Caulobacter, Pseudomonas, Rhodococcus, Sphingobium 

and Sphingopyxis sp.) and fungi (largely Candida 

keroseneae, Ascomycota sp., Metschnikowia sp., 

Plectosphaerella and A. resinae. These bacterial genera 

were present in both the fuel and aqueous phases of 

biofilm communities, although the relative proportion 

was influenced by the coupon material. The fungal 

biofilm communities tended to differ more from the 

starting inoculum, with Metschnikowia sp. and 

Plectosphaerella more prevalent.

The diversity of bacterial communities on P60A 

and nitrile was lower than that on the aluminium sur-

faces (Supplementary Figure 4). For fungi, diversity 

indices were more variable, but were higher in the 

aqueous phase of AA2024 T3 and AA7075 than 

AA2024 TSA, nitrile or primer P60A. In the fuel 

phase, fungal diversity indices were similar, except for 

AA2024 TSA, which was lower.

The core microbiome for bacterial and fungal com-

munities was identified by counting ASVs that were pre-

sent in 2/3 of the samples at an abundance >0.1%. 

Figure 5e and f compares the core bacterial and fungal 

membership, comparing the starting inoculum with bio-

film communities on all materials in the aqueous and 

fuel phase, and biofilm communities on different materi-

als for the aqueous and fuel phases separately. The 

inoculum contained 74 bacterial and 26 fungal core 

members. A subset of these formed the core members of 

the biofilm communities on all materials. For bacteria, 

44 were present in biofilms, 30 of which were common 

to both fuel and aqueous phases. The most common 

genera present in the core bacterial communities of both 

phases were Rhodococcus (12 members), Caulobacter 

and Pseudomonas (five members each). These genera 

were also the most common core members when differ-

ent materials were compared: Rhodococcus (aqueous 12, 

fuel 13), Pseudomonas (aqueous 11, fuel 5) and 

Caulobacter (aqueous 5, fuel 5). Only six fungi were 

identified as core biofilm community members on all 

surfaces, of which four were common to both phases 

(one each of Ascomycota sp., Candida keroseneae, 

Metschnikowia and Plectosphaerella) – these were also 

common core members comparing different materials in 

the aqueous and fuel phases. Whilst core bacterial com-

munity members tended to be found on the majority of 

surfaces, fungi tended to be core members on a smaller 

subset of the materials, and sometimes only a single 

material.

The calculation of core community membership 

was based on presence/absence above a threshold 

value and did not account for changes in relative 

abundance. Therefore, an NMDS analysis (Figure 5g 

and h) and associated ANOVA (Table 3) of samples 

was performed using distances weighted for relative 

abundance (and phylogenetic relatedness for bacterial 

communities). For both the bacterial and fungal sam-

ples, there was a significant impact of both phase and 

material (p< 0.001). The bacterial communities grow-

ing on the different aluminium coupons were similar 
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while the fungal samples were distinct. For both bac-

terial and fungal samples, the communities growing 

on primer P60A and nitrile were distinct from those 

growing on aluminium surfaces.

Linear models implemented in DESeq2 were used 

to identify ASVs that differed significantly between 

treatments. Comparisons were made between different 

materials in either the aqueous or fuel phase (Figure 

6a and b) and between the aqueous and fuel phase 

for each material (Figure 6c and d). Comparisons 

between the fuel phase and aqueous phase for each 

material showed that the relative abundance of only a 

Figure 5. (a) DNA yields (ng ml−1) (mean ± SE) obtained from biofilms of complex communities in the aqueous or fuel phase 
grown on selected materials. Bacterial 16S and fungal ITS (b) copy numbers were determined by qRTPCR. Samples with the same 
letters do not differ significantly from each other (log transformed data). The relative abundance of bacterial (c) and fungal (d) ITS 
regions at the genus level. Genera with a relative abundance <3% in any sample are grouped as ‘Other’. Euler diagrams of core 
bacterial (e) and fungal (f) community members comparing membership between phases on all materials or between materials in 
aqueous and fuel phases. Amplicon Sequence Variants (ASVs) were considered to be core if present in 2/3 of the samples at an 
abundance >0.1%. NMDS of samples using (g) the weighted Unifrac distance measure for bacteria and (h) weighted Bray distance 
measure for fungi. Each point represents a biological replicate.
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small proportion of the bacterial community members 

was affected (>5%), with the exception of Primer 

P60A where 12% of the community differed (with 

Pseudomonas, Caulobacter and Nordella spp. favouring 

the aqueous phase). The impact of growth phase on 

the fungal community was greater on all materials (11– 

47% of the community differed) with Plectosphaerella 

and some Metschnikowia spp. favouring the fuel phase.

Comparisons between materials showed that the 

differences between communities growing on the alu-

minium surfaces was small in both phases. In most 

comparisons, less than 5% of the community differed 

between aluminium surfaces. The greatest impact was 

seen in comparisons between AA2024-T3 and 

AA2024-TSA where 10% of the bacterial community 

changed, the majority of which was due to a greater 

relative abundance of Sphingobium sp. on AA 2024 

TSA and Aquabacterium sp. on AA2024 T3. For 

fungi, the relative abundance of Metschnikowia spp. 

was greater in the aqueous phase of AA2024 T3 com-

pared to AA2024 TSA.

Greater differences were seen between the biofilm 

communities growing on the aluminium surfaces and 

those growing on Primer P60A and, particularly, nitrile. 

For bacteria the relative abundances of Pseudomonads 

and Sphingobium were much greater on nitrile in both 

the fuel and aqueous phases, whilst Aquabacterium, 

Bosea, Candidatus Paracaedibacter, Caulobacter, 

Mycobacterium, Nordella, Pseudorhodoferax and 

Rhodococcus were greater on the aluminium surfaces. 

Inspection of ASVs favouring growth on nitrile showed 

that while the Sphingobium spp. always exhibited a pref-

erence for nitrile, individual Pseudomonad ASVs showed 

a preference either for nitrile (ASV11, ASV20, ASV4, 

ASV75, ASV8) or aluminium/primer surfaces (ASV131, 

ASV167, ASV192). Phylogenetic analysis showed that 

the ASVs that showed similar attachment behaviour 

clustered closely, with a clear distinction between those 

favouring nitrile or other surfaces (Figure 7).

For fungi, the relative abundance of Hyphodontia, 

Plectosphaerella and Saccharomyces genera were 

greater on nitrile in the aqueous phase, whilst 

Ascomycota sp. and Metschnikowia were greater on 

other surfaces. In the fuel phase, similar preferences 

were evident for Ascomycota sp. and Metschnikowia. 

Candida keroseneae favoured biofilm formation on 

nitrile in the aqueous phase, but aluminium surfaces 

in the fuel phase. Inspection showed that this was due 

to the different behaviour of two ASVs – in the fuel 

phase, fASV1 was a major component of AA7075 T6 

and AA2024 TSA biofilm communities but was much 

reduced on nitrile. In contrast, in the aqueous phase, 

fASV22 favoured growth on nitrile, but was absent 

from the AA7075 T6 and AA2024 TSA biofilm 

communities.

Smaller differences were evident in comparisons 

with Primer P60A with Caulobacter, Nordella and 

Rhodococcus favouring Primer P60A when compared 

with nitrile and Pseudomonas favouring growth on 

nitrile compared with Primer P60A. Aquabacterium, 

Mycobacterium, Pseudorhodoferax and Sphingopyxis 

favoured aluminium surfaces compared with Primer 

P60A in the aqueous phase.

Discussion

In this study, we examined biofilm formation on 

diverse surfaces with different surface properties 

found in aviation fuel systems. In aviation fuel tanks, 

water ingress leads to the formation of a fuel:aqueous 

interface; therefore, we examined biofilm formation in 

the aqueous, fuel and interface regions. With single 

microbial isolates, growth was favoured at the fuel:a-

queous interface as this region provides the highest 

concentrations of nutrients within a hospitable aque-

ous environment (Passman 2003). Biofilm formation 

at the interface tended to correlate with formation in 

the aqueous phase across the isolates and materials 

tested, but this correlation was weaker when compar-

ing the interface with the fuel phase, particularly for 

R. erythropolis.

R. erythropolis is a Gram-positive bacterium which 

is able to produce an extracellular matrix rich in 

hydrophobic lipids, modify their cell membrane fatty 

acid composition depending on the surface to which 

they are attached, and produce a diverse range of 

degradative enzymes (Rodrigues and de Carvalho 

2015), all of which facilitate their attachment and 

growth on diverse surfaces in the fuel phase. This 

flexibility was likely responsible for R. erythropolis 

forming biofilms on most of the surfaces tested and 

Table 3. ANOVA analysis of the differences between bacterial 
and fungal communities on different materials.

Bacteria

Material AA2024 T3 AA2024 TSA AA7075 T6 Primer P60A
AA2024 TSA 0.130
AA7075 T6 0.279 0.352
Primer P60A 0.004 0.005 0.014
Nitrile 0.007 0.003 0.009 0.007

Fungi
Material AA2024 T3 AA2024 TSA AA7075 T6 Primer P60A
AA2024 TSA 0.006
AA7075 T6 0.013 0.005
Primer P60A 0.005 0.008 0.006
Nitrile 0.005 0.008 0.005 0.073

Results (p values) are shown for pairwise comparisons between materials.
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Figure 6. Comparisons of (a) bacterial and (b) fungal biofilm communities between the fuel and aqueous phases on different 
materials. Only ASVs that differed significantly between the materials are shown and have been coloured by genus. ASVs with a 
total relative abundance less than 0.5% have been omitted for clarity.
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the inability to determine specific material surface 

properties related to coverage. For the other microbes 

tested, different surface properties influenced growth. 

For the P. putida isolate tested, biofilm coverage was 

favoured on surfaces with surface charge close to 

zero, a pH of ZPC close to neutral and smoother sur-

faces. Attachment is likely to be favoured under these 

conditions as the surface area for adhesion will be 

maximised and electrostatic repulsion of approaching 

microbes will be minimised (Carniello et al. 2018). 

However, as discussed below, in complex commun-

ities, other Pseudomonas strains behaved quite differ-

ently. In contrast, A. resinae biofilm coverage was 

favoured on surfaces which were negatively charged, 

supporting the concept that no single set of surface 

material properties is likely to limit biofilm formation 

by diverse microbial communities.

The four isolates tested were representative of dif-

ferent microbial groups (Gram-positive and negative 

bacteria, yeasts and filamentous fungi) that are found 

as contaminants in fuel systems. We hypothesised 

that the behaviour of mixed microbial communities 

would be more complex. In an aircraft fuel tank, fuel 

is consumed and bottom water drained, removing 

most planktonic microbial cells. However, cells adher-

ing to surfaces will be retained in the tank and receive 

a fresh influx of nutrients at regular intervals. We 

simulated this effect by transferring coupons between 

microcosms, thereby selecting microbial communities 

that could form biofilms on these materials. In add-

ition, in complex communities, cells will be recruited 

to biofilms not only as a consequence of cell–surface 

interactions, but also cell–cell and cell–EPS interac-

tions, thus increasing the diversity of biofilm 

Figure 7. A phylogenetic tree constructed using the maximum likelihood method of Pseudomonas ASVs identified by high 
throughput sequencing that showed differential expression between materials and P. putida F1. The scale is the number of substi-
tutions per site. Variance stabilised abundances from DESeq2 analysis for the materials in the aqueous and fuel biofilms are 
shown. Points are individual biological replicates. Boxplots are the median ± interquartile ranges.
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organisms. We selected three different aluminium 

materials, as these differed in their propensity for bio-

film formation, then primer P60A and nitrile, as these 

tended to show limited biofilm formation with the 

single isolates. We recognise that there is considerable 

diversity in the complex microbial communities found 

in aviation fuel systems (Krohn et al. 2021) but the 

community used in the current study contains many 

of the organisms found in field samples.

Using DNA yield as a proxy for biomass accumula-

tion, complex communities showed greater biofilm 

formation in the aqueous phase than the fuel phase, 

as was observed with individual isolates but, in con-

trast, there was little difference between the materials 

tested. Therefore, transferring coupons and the 

attached biofilms, at intervals into fresh fuel and 

media had selected for communities that were able to 

attach to similar extents. Quantitative PCR of the bio-

film samples showed that the 16S rRNA copy num-

bers were �10-fold higher than ITS copy numbers, 

indicating that the biofilm communities were domi-

nated numerically by bacteria, although the relative 

abundance of eukaryotes in biofilms was much higher 

than that of the starting inoculum (with the exception 

of nitrile rubber). The ratio of bacteria to fungi 

observed in contaminated systems is variable and 

likely to be affected by ‘founder’ effects (i.e. the initial 

inoculum) and the physico-chemical environment, 

with acidic conditions favouring fungal growth 

(Krohn et al. 2021). For example, in contaminated 

diesel systems, Martin-Sanchez et al. (2018) found 

that bacteria were numerically dominant whilst 

B€ucker et al. (2018) found similar systems were domi-

nated by fungi.

Sequence analysis of the biofilm communities 

showed that they were diverse and contained at 

least 15 bacterial genera at relative abundances 

<3% including Aquabacterium, Caulobacteria, 

Pseudomonas, Rhodococcus, Sphingobium and 

Sphingopyxis, which have been reported as contami-

nants of fuel systems or present in fuel contaminated 

soils, able to degrade alkanes and form biofilms 

(Denaro et al. 2005, Garrido-Sanz et al. 2019, Itah 

et al. 2009, Kertesz and Kawasaki 2010, Masuda et al. 

2014). The bacterial communities that developed on 

the different aluminium materials tested were similar, 

while those on nitrile and Primer P60A were distinct. 

However, these differences were caused, with the 

exception of nitrile, by relatively subtle shifts in the 

relative abundance of community members with only 

a small proportion (>10%) showing statistically sig-

nificant differences between materials. This broad 

similarity in bacterial populations was reflected in the 

core community composition which was largely 

shared between biofilms on different materials. The 

exception was nitrile, a highly hydrophobic surface, 

which became dominated by Pseudomonads and 

Sphingobium spp. with marked reductions in 

Aquabacterium, Caulobacter and Rhodococcus spp. 

The prevalence of Pseudomonad spp. on nitrile was 

initially surprising as P. putida F1 did not form sig-

nificant biofilms on this material. However, this 

apparent contradiction was resolved when individual 

ASVs were analysed. Three genetically related 

Pseudomonad ASVs were identified that preferentially 

formed biofilms on materials other than nitrile, whilst 

four different, but genetically related, ASVs were 

identified as preferentially forming biofilms on nitrile 

compared to the Primer P60A and the three types of 

aluminium. The Pseudomonads are very diverse, 

metabolically flexible, are common in nature and can 

be found in both natural and constructed environ-

ments throughout the world (Ramos-Hegazy et al. 

2021, Spiers et al. 2000), hence transferring material 

coupons had selected for a subset of the 

Pseudomonad community that was best able to attach. 

Similar observations were seen with pairs of closely 

related microbes that showed markedly different bio-

film formation on a variety of artificial surfaces 

(Andrews et al. 2010). Nitrile rubber has been consid-

ered as a replacement material for incorporation into 

automatic taps used in medical facilities. Whilst initial 

differences in attachment were evident in P. aerugi-

nosa biofilms, these did not translate into reduced cell 

numbers after 12 weeks incubation in situ in an 

experimental water distribution system, indicating 

that the flexibility of microbial metabolism counters 

attempts to select materials that limit biofilm forma-

tion (Hutchins et al. 2020).

Determination of the core fungal community 

showed that a much smaller proportion of the genera 

present in the initial inoculum became established in 

biofilms and that core community membership was 

more affected by the material. The initial inoculum was 

dominated by A. resinae, Ascomycota sp. and Candida 

keroseneae. However, in biofilms, Metschnikowia and 

Plectosphaerella spp. were also present at high relative 

abundances (these ASVs were detected at low abun-

dance in the starting inoculum at low relative abun-

dance). Although Metschnikowia and Plectosphaerella 

are not commonly reported as fuel degraders, 

Metschnikowia species have been described which can 

synthesise lipids from waste resources (Abeln et al. 

2019, Santamauro et al. 2014) and Plectosphaerella spp., 
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although typically described as plant pathogens, have 

been isolated from soil with the capability to degrade 

polyester polyurethane (Cosgrove et al. 2007). The big-

gest impact on the fungal biofilm community was again 

evident on nitrile, but there were also significant 

impacts on other materials. Saccharomyces spp. had a 

greater relative abundance on nitrile in the aqueous 

phase, with Metschnikowia and Candida spp. favouring 

the aluminium materials. Comparisons of biofilms 

between the fuel and aqueous phase showed that 

Candida spp. were most affected. Again, closer inspec-

tion of the sequence data showed that some Candida 

spp. favoured the fuel phase, whilst others favoured the 

aqueous phase.

Overall, this study has shown that biofilm coverage 

of individual isolates of typical fuel contaminant 

microbes is strongly influenced by material type, but 

that identifying materials, or material properties, which 

universally restrict biofilm formation is not possible. 

Materials such as nitrile, which tended to restrict bio-

film formation with single isolates, were colonised by 

complex biofilm communities although the community 

structure was altered. Therefore, the introduction of 

different materials into aviation fuel systems will likely 

select for those organisms that are able to attach and it 

will be challenging to identify a set of material surface 

properties that limit all microbial growth. This selec-

tion effect was particularly evident with the pseudomo-

nads, where studies with a single isolate (F1) identified 

a hierarchy of materials with respect to biofilm forma-

tion, whereas in complex communities, different 

Pseudomonas species were selected which were able to 

grow on different surfaces. Studies of individual isolates 

are essential to understanding the processes that allow 

microbes to attach to surfaces and form biofilms, but 

identifying approaches with the potential to limit bio-

film formation or treat them with biocides in oper-

ational environments should consider the complexity 

of the diverse microbial communities that are found in 

aviation fuel systems.
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