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ABSTRACT 
 

Fourier transform infrared (FTIR) and Raman spectroscopic techniques were 

employed to analyze the biomolecular transitions and lipid accumulation in three freshwater 

green microalgal species, Monoraphidium contortum (M. contortum), Pseudomuriella sp. and 

Chlamydomonas sp. during various phases of their growth. Biomolecular transitions and lipid 

[hydrocarbons, triacylglycerides (TAGs)] accumulation within the microalgal cells were 

identified using second derivatives of the FTIR absorption spectroscopy. Second derivative 

analysis normalized and resolved the original spectra and led to the identification of smaller, 

overlapping bands. Both relative and absolute content of lipids were determined using the 

integrated band area. M. contortum exhibited higher accumulation of lipids than the other two 

species. The integrated band area of the vibrations from saturated (SFA) and unsaturated 

lipids (UFA) enabled quantification of fatty acids. The percentage of SFA and UFA was 

determined using GC, FTIR and Raman spectroscopy.  From the spectral data, the order of 

increasing concentration of SFA among the three microalgal species was M. contortum > 

Chlamydomonas sp. > Pseudomuriella sp. The spectral results on fatty acids were consistent 

with the separation of lipids by gas chromatography. The results emphasized the significance 

of FTIR and Raman spectroscopic methods in monitoring the biomolecular transitions and 

rapid quantification of lipids, without the need for extraction of lipids.   
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1. Introduction 

In the last two decades, several researchers have explored the potential of microalgae 

as a source for biodiesel [1–4]. Microalgae are unicellular organisms, also known as 

phytoplankton that can normally grow in fresh water and in marine systems. Among their 

several taxonomic groups, green algae (Chlorophyceae), cyanobacteria (Cyanophyceae), 

golden algae (Chrysophyceae) and diatoms (Bacillariophyceae) have been reported as 

potential species for biofuel production [5,6]. Microalgae have gained a considerable interest 

across the world due to its ability to synthesize and accumulate more lipids and have become 

a significant source of third generation biofuels.  

Lipids from microalgal species comprises of saturated and unsaturated fatty acids 

(mono and polyunsaturated fatty acids) that have long hydrocarbon chains with carboxylic 

acids. Under nutrient stress, algal cells alter their lipid biosynthetic pathways towards 

formation of neutral lipids called Triacylglycerides (TAGs) [7–9], which are made up of three 

fatty acids and a glycerol. The majority of fatty acids in TAGs are saturated (SFA) and 

monounsaturated (MUFA). Polyunsaturated fatty acids are enriched in polar lipids [10,11]. 

SFA and MUFA in microalgae can be an excellent source of biodiesel due to their high 

oxidative stability and lesser NOX emissions in comparison to polyunsaturated fatty acids 

(PUFA), except that the high melting point of SFA can cause gelling of fuel in cold weather. 

[12,13]. The primary focus in algal biofuel research was to identify microalgal species that 

can produce significant amount of lipids in the form of TAGs.  

Biomolecular composition of microalgal cells with particular interest on lipids have 

been quantified by numerous investigative techniques. Among them traditional analytical 

methods of lipid detection include chromatographic based separation and quantification of 

lipids such as gas chromatography (GC), high performance liquid chromatography (HPLC) 

and thin layer chromatography (TLC). These are powerful techniques for lipid analysis. 

However, the methods require extraction of lipids from algal biomass prior to analysis and 

are destructive, time consuming, also involves large amount of biomass, costly chemical 

reagents for analysis and therefore cannot be effectively used for screening large number of 

microalgal samples [14–16]. Another method for lipid detection using fluorescent dye called 

Nile Red staining has been used to visualize lipid accumulation within cells by fluorescence 

microscopy. However, it is affected by uneven dye uptake due to differences in cell wall 

composition among species. Nile red staining is not quantitative as chromatographic methods 

and cannot distinguish between neutral and polar lipids [5,8]. 
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Rapid, efficient methods are desirable for lipid quantification in algal biomass for 

screening of species and growth conditions. Spectroscopic techniques such as Fourier 

transformed infrared spectroscopy (FTIR) and Raman spectroscopy have been reported to be 

non-destructive, fast and versatile tools to analyze algal biomass using minimal volume with 

much ease [17–19]. The analysis involves the measurement of absorption (FTIR)/scattering 

(Raman) intensity in relation to a range of molecular vibrational modes due to the presence of 

biomolecules, enabling quantification. [18,20,21]. 

Several researchers have demonstrated the use of either of these spectral techniques to 

analyze the microalgal cells. FTIR spectroscopy has been used to identify the biomolecules 

present in microalgae [22–24] and to determine lipid accumulation in response to nutrient 

stress like nitrogen and phosphorus or other environmental modifications [7,8,25]. Studies 

have reported the use of FTIR in evaluating and monitoring lipid accumulation and its 

extraction efficiency in other microorganisms such as oleaginous yeasts and fungi [26,27].   

Second order derivatives of the absorption spectra have also been determined to enhance 

separation of the overlapping bands of the raw spectra and to do quantitative analysis [26,28]. 

FTIR spectroscopy has been shown to enhance the biological and ecological analysis of algae 

and to assess quantitative changes in the intracellular macromolecular pools of microalgae 

[17,18,23,29–32].  

Raman spectroscopy and its imaging techniques have also been used to identify 

biochemical composition and to predict the nutrient status of microalgal cells [29,33]. In 

2007, the Raman Research Group at Ghent, Belgium published a reference database of 

Raman spectra of biological molecules [34]. Apart from the qualitative analysis of the 

biochemical composition, Raman spectroscopy has also been used to do quantitative analysis 

of the degree of unsaturation of lipids in microalgae [35–37], and to evaluate the 

accumulation of lipids, especially triacylglycerides (TAGs) in microalgae [19,38–41]. Raman 

spectroscopy with chemometrics was applied for assessing the physiological responses and 

growth phases of different microalgae under environmental changes [42]. Statistical tools and 

multivariate analysis combined with FTIR and Raman spectral studies simplify the 

complexity of the spectral data [6,8,23,24,43,44].  

Fewer studies have been reported on using both FTIR and Raman spectral analyses to 

study microalgal species [45]. Microalgal species like Chlorella, Haemattococcus, Dunaliella 

, Spirulina , Nannochloropsis, Scenedesmus, Chlamydomonas and Monoraphidium have been 

reported as promising species for biodiesel applications through traditional lipid 

quantification methods [10,46,47]. Among them green algal species, Chlorella sp. has 
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exhibited 2 to 4 fold increase in lipid content, under nitrogen starved condition [48]. 

Chlamydomonas reinhardtii and Scenedesmus subspicatus have exhibited 5 to 6 fold increase 

in lipid accumulation [8]. 

The present study aims to monitor the biomolecular transitions and lipid accumulation 

especially TAGs in three fresh water green microalgal species Monoraphidium contortum (M. 

contortum), Pseudomuriella sp., and Chlamydomonas sp. during their various growth phases 

using FTIR and Raman spectral techniques for biodiesel application. The study aims to 

validate the spectral results with lipid quantification by GC and intends to emphasize the 

significance of these two spectroscopic methods in the rapid quantification of lipids, without 

the need for extraction of lipids.   

 
2. Materials and Methods 

2.1. Microalgal strains and culture conditions 

Three freshwater green microalgal isolates, Monoraphidium contortum                    

(M. contortum), Pseudomuriella sp., and Chlamydomonas sp., (Fig. 1) were obtained from 

the Research centre in Botany and Microbiology, Lady Doak College, Madurai, Tamil Nadu, 

India.  The cells were cultured in modified BG11 medium by adding inoculum with 0.15 

optical density (OD) to the culture vessels containing 300ml of culture medium in triplicates. 

Batch cultures (static with intermittent shaking) were illuminated with a light intensity of 27 

photons (µmol m-2 s-1) at 25±2°C and a photoperiod of 12:12h light dark cycle was 

maintained throughout the study period.  During incubation, the monospecificity of the 

cultures were verified periodically by microscopic observation and no evidence of 

contamination was found.  

M. contortum Pseudomuriella sp. Chlamydomonas sp. 
Fig.1. Optical microscopic images of the three freshwater green microalgal species 

2.2. Biomass harvest for spectral analysis 

The cells of M. contortum, Pseudomuriella sp., and Chlamydomonas sp., were 

harvested on their 10th, 20th, 30th and 40th day of growth.  30 ml of the culture from each 

triplicate flask was taken and centrifuged at 5000 rpm for 5 min. The supernatant was 
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discarded and the cells were washed with distilled water and were freeze dried at -55oC to      

-85oC using a lyophilizer Alpha 1-2 LD plus, CHRIST GmbH, Germany. 

 

2.3. FTIR spectroscopy and measurements 

Freeze dried biomass from each triplicate was equally weighed and mixed with KBr 

in the 1:100 ratio and were pelletized using a hydraulic pellet press.  Infrared absorption 

spectra were recorded using a Thermo Scientific Nicolet 380 FTIR spectrometer, Thermo 

Electron Corporation, USA, in the Transmission E.S.P mode with 32 scans for each spectrum 

at 4 cm-1 resolution in the wave number range of 4000 - 500 cm-1.  Deuterated triglycine 

sulphate (DTGS) detector was used for detection. Spectra were recorded for three replicates 

per sample, resulting in 9 spectra at every phase of growth (10th to 40th day) for all three 

species yielding a total of 108 spectra. All spectra were normalized using the automatic 

baseline correction algorithm of Omnic 7. 

 

2.4. Raman spectroscopy and measurements 

Raman spectral measurements were carried out on the freeze dried biomass from each 

triplicate. They were equally weighed and placed in an eppendorf tube in front of the peak 

finder fibre optic video probe of a Modular 1064 Raman system, BaySpec, California, USA. 

The distance between the probe and the sample was maintained the same for all analysis. A 

total of 36 spectra were recorded for the three species in triplicate at the four intervals of their 

growth phases. Near IR laser of 1064nm with a laser power of 149mW was focused on the 

sample. Spectra were recorded in the spectral range of 200 – 3200 cm-1 at 10-15 cm-1 

resolution with an exposure time of 5s for 10 scans. The exposure time was optimally chosen 

by ensuring that there was no laser induced damage for the algal biomass. Indium gallium 

arsenide (InGaAs) detector was used for detection.  Each spectral acquisition was made with 

dark background subtraction and all spectra were normalized by baseline correction using 

Spec2020 software.  

 
2.5. Post processing of spectral data 

The acquired FTIR and Raman spectral data were processed using Origin Pro 8 

software. All the spectra were smoothed using Savitzky – Golay method with a 10 point 

window. Second order derivatives of the FTIR and Raman spectra were obtained by using the 

differentiate method with derivative order 2.  Integrated peak area was obtained from the 

second derivative spectra to determine the relative and absolute content of lipids. 
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2.6. Fatty acid quantification by Gas chromatography (GC) 
 

Algal cells were harvested by centrifugation at 5000 rpm for 10 minutes and lipid 

extraction was carried out from the pellets based on modified Bligh and Dyer (1959) method. 

5ml of MeOH/CHCl3 (2:1) was added to 1ml of algal culture and vortexed. Centrifugation 

was done at 5000 rpm for 5minutes. The upper layer was discarded and the lower chloroform 

phase containing the extracted lipids was transferred into a new tube. Fatty acid methyl esters 

(FAME) were prepared from the extracted lipids by transmethylation with 2% sulphuric acid 

in methanol [7]. Anhydrous sodium sulphate was added to the layer to eliminate the water 

content. The obtained FAME was stored at -200C for GC analysis. Fatty acid analysis was 

performed using Gas Chromatograph 2010 Plus (Shimadzu, Japan) using Flame Ionization 

Detector (FID). Injector and Detector temperature was set at 2250C and 2500C respectively. 

One microlitre of the sample was injected in a split mode (35:1) at a flow rate of 184.9 

ml/min with Nitrogen as the carrier gas onto a FAMEs-RTX-2330 column (length 105.0m, 

Film thickness 0.20 µm, total run time 40min). Peak areas were integrated using the GC 

solution software and the FAME were identified using fatty acid standards (Sigma, Supleco, 

37 FAMEs).   

 

3. Results and Discussion 
3.1.  FTIR analyses on the biomolecular transitions and lipid accumulation 

FTIR absorption spectra of the three microalgal isolate M. contortum, Pseudomuriella 

sp., and Chlamydomonas sp., were analyzed for their biomolecular transitions and lipid 

accumulation at their various growth phases using second order derivative method. Second 

derivatives of the absorption spectra were determined as mentioned in Section 2.5. These 

spectra were plotted for the 10th to the 40th day of growth, in order to analyze the significant 

spectral changes due to the change in physiology in the algal species at every phase of their 

growth. The second derivative spectra of the microalgal species M.cortortum (Fig 2), 

Pseudomuriella sp. (Fig.3a) and Chlamydomonas sp.(Fig 3b) were reported along with a 

typical raw spectra of their stationary phase (30th day) of growth, to show the regions where   

spectral variations occur. The important biomolecular absorptions were indicated. Second 

derivatives resolved the overlapping bands in the raw spectra, removed the baseline errors 

and lead to the identification of small and adjacent absorption bands and enabled quantitative 

analysis [26,49].  

The raw absorption spectra showed distinct absorption bands corresponding to 

different biomolecules such as carbohydrates, proteins and lipids over the wave number range 
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4000 – 500 cm-1. The bands observed in the region 3050 to 2800 cm-1corresponds to Ȟ(CH3) 

and Ȟ(CH2) asymmetric and symmetric stretches of hydrocarbons from lipids and the band at 

~1745 cm-1 was due to carbonyl stretches from esters of fatty acids, mainly called as 

triacylglycerides (TAGs). These two regions are significant to monitor the lipid accumulation 

in microalgal species. Two characteristic bands of the amide groups of protein chains, amide 

I and amide II were observed at ~1653cm-1 and ~1550 cm-1 respectively. The region between 

1250cm-1 and 1000 cm-1 was due to Ȟ(C-O) stretches of polysaccharides from carbohydrate 

and Ȟ(P=O) stretches of phospholipids and nucleic acids (Table 1) [8,20–22,30]. The intensity 

variations in the absorption spectra and in its second derivative spectra in the above regions 

enabled the rapid analyses of biomolecular transitions and lipid accumulation.  

To better evaluate the spectral changes in the three species during their various phases 

of growth, Second derivatives of the FTIR spectra were analyzed in two ways. (i) Analysis on 

each species during their 10th to 40th day of growth, to identify the growth phase at which 

maximum lipid accumulation occurred. (Fig.2 and Fig.3) (ii) Analysis at every growth phases 

for the three species, to identify the maximum lipid accumulating species. (Fig.4 and Fig.5). 

 
 

 

Fig.2. FTIR analyses of M.contortum at their various growth phases.  
Second derivative spectra on the 10th to 40th day of growth along with the absorption spectra of 
the stationary phase of growth (30th day) are reported to show the regions of spectral variations.  

Each spectrum is an average of 9 replicates.  
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Fig.3. FTIR analyses of a) Pseudomuriella sp. and b) Chlamydomonas sp. at their various 
growth phases. 

 Second derivative spectra on the 10th to 40th day of growth along with the absorption spectra of 
the stationary phase of growth (30th day are reported to show the regions of spectral variations. 

Each spectrum is an average of 9 replicates. 
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3.1.1. Second derivative analysis on each species at their various growth phases: 
On the examination of the second derivative spectra of all the three species shown in 

Fig.2 and Fig.3, the position of the bands corresponding to the biomolecules was observed to 

be almost the same (i.e. in the expected wavenumber range) at every phase of growth, but 

their intensity varied remarkably. In particular, the lipid bands from the hydrocarbons in the 

region 3050 to 2800cm-1 and the Ȟ(C=O) esters of TAGs (neutral lipids) at ~1745cm-1 

increased steadily from the 10th day to the 40th day (exponential phase to the declining phase 

of growth). While the intensity of the amide I (~ 1653 cm-1) and amide II (~ 1550 cm-1)  

bands of proteins and the carbohydrate bands increased till the stationary phase and decreased 

in the declining phase.  The intensity variation in the spectral data represents the change in 

absorbance which is proportional to the concentration / cell population of the microalgae, 

according to the Beer Lambert’s law. Thus the intensity variation observed in the spectra due 

to biomolecular transitions can be attributed to the metabolism of cells during their various 

phases of growth [26,28]. During the early exponential phase, when there is sufficient 

availability of nutrients, the microalgal cells divide, but as the cells enter the stationary phase, 

the nutrient availability becomes limited, the cell division stops, the algal cells start to 

accumulate and stores more energy in the form of lipids and carbohydrates. During the 

declining phase, lipid accumulation exceeds carbohydrates [9,32].  

In addition to the identification of the growth phase with maximum lipid 

accumulation, several small overlapping bands significant to the saturated and unsaturated 

fatty acids of lipids were resolved in the second derivatives of the absorption spectra. The 

smaller bands at ~3008 cm-1 Ȟ (= C-H) and ~ 1270 cm-1 (= C-H) were due to the stretching 

and bending vibrations of unsaturated fatty acids in the algal lipids. [21,26,50]. 

 

3.1.2. Second derivative analysis at each phase of growth for the three species: 
Second order derivative of the FTIR spectra were analyzed in the two spectral 

regions, 3050 to 2800cm-1 and 1800 to 1000 cm-1 (Fig.4 and Fig.5) in the high lipid 

accumulating species during various phases of growth,   

 The region 3050 to 2800cm-1: 

The characteristic bands of hydrocarbons are the four bands at ~ 2960cm-1(asCH3), 

2920cm-1(asCH2), 2870 cm-1(sCH3) and 2850 cm-1(sCH2)  [22,26]. Second derivative 

analysis of the FTIR absorption spectra revealed these four bands. Fig.4a to Fig. 4d indicates 

the variations in the spectral intensity of these bands during the growth phase of the 

microalgal cells.  The spectra of the 10th day of growth (Fig.4a) exhibited no significant 
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changes among the three species in the hydrocarbon region. However, from the 20th day to 

the 40th day of growth, drastic changes in the spectral intensity of the three species were 

observed (Fig.4b). Accumulation of lipids in the form of hydrocarbons was higher for M. 

contortum than for the other two species. The band at ~ 3008 cm-1 corresponded to the 

stretching vibrations Ȟ (= C-H) from the unsaturated fatty acids was clearly visible in 

M.contortum. (Fig. 4b to Fig. 4d) [21,26]. However, this band was observed as a very weak 

band in Pseudomuriella sp., and Chlamydomonas sp. (Fig.3). This indicates the presence of 

unsaturated fatty acids (UFA) in the three algal species. 

 

 a)   b) 

 
Fig.4. Second derivative spectra between 3050 and 2800 cm-1of the three microalgal species on a)10th day 

b) 20th day c) 30th day and d) 40th day of growth  
  

c) d) 
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Fig. 5. Second derivative spectra between 1800 and 1000 cm-1 of the three microalgal species on a) 10th day b) 20th day 

c) 30th day and d) 40th day of growth. The arrow indicates the increasing TAGs. 
 

The region 1800 to 1000cm-1: 
 The region 1800 to 1000cm-1, indicates 10 distinct bands, characteristic of 

various biomolecules. Bands due to lipids were ~1745cm-1 (C=O), ~1462cm-1 (asCH3), 

~1380cm-1(sCH3) and of proteins were ~1658cm-1(amide I mainly C=O), ~ 1547 cm-1 

(amide II N-H, C-N). The small shoulder bands in the region 1200 - 1000cm-1 that 

correspond to the  (C-O-C),  (P=O) stretches of carbohydrates  were resolved and observed 

as four bands ~1154cm-1, ~1080cm-1, ~1052cm-1, ~1020cm-1  (Table 1). From the 10th day to 
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the 40th day of growth, the band at ~1745cm-1 from the neutral lipids (TAGs) exhibited 

remarkable changes in its intensity (Fig.5a to Fig 5d). Such predominant changes were not 

observed in the other lipid bands at ~ 1462cm-1 and ~ 1380cm-1. This confirms that, these 

microalgal species are accumulating more triacylglycerides (TAGs) than the other forms of 

lipids, which is a good indicator for biodiesel production. Among the three species, increased 

accumulation of TAGs (Fig.5) was observed for M.contortum which indicate that the species 

is rich with saturated and monounsaturated fatty acids [10,11,47]. In addition to the changes 

in lipid bands, significant changes were observed for the protein bands at ~1658 and ~ 

1547cm-1. Fig 5c and Fig.5d clearly indicate the decrease in the intensity of two amide bands, 

which reflects the metabolism of the microalgal cells (Section 3.1.1).  Thus, second 

derivative analysis vividly explains the biomolecular transitions and the lipid accumulation 

during the growth phases of microalgal cells. 

 

3.1.3. Determination of  lipid content from FTIR spectra 

 To evaluate the accumulation of lipids in the three microalgal species, relative and 

absolute content of lipids [hydrocarbons and triacylglycerides (TAGs)] were determined from 

their second derivative spectral data.  

Relative content of lipids: 
Relative content was obtained by normalizing the lipid bands with the protein bands 

[14,15,17,19]. The integrated band area of the region 3050 – 2800 cm-1 that corresponds to 

hydrocarbons (CH stretch) and the band area of TAGs (~1745 cm-1) were normalized by the 

amide I band area (~1655 cm-1) and their corresponding peak ratios were plotted during the 

10th to 40th day of growth of the microalgal species as shown in Fig 6. An increase in the CH: 

Amide I ratio (Fig.6a) with an increase in the days of growth occurred for all the three 

species. During the declining phase of growth (40th day) all the three species exhibited a 

maximum of two to threefold increase in the relative hydrocarbon content. Similarly, the 

TAGs: Amide I ratio with the days of growth (Fig.6b) showed  an increased accumulation of 

triacylglycerides for the microalgal species M. contortum and Chlamydomonas sp., from the 

initial value of around 0.5 to 4.3 and 3.8 respectively, resulting in a seven to eight fold 

increase during the declining phase of growth in comparison to Pseudomuriella sp. Previous 

studies on green algal species like Chlamydomonas reinhardtii and Scenedesmus subspicatus 

have exhibited 5 to 6 fold increase in lipid accumulation [8] 
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a) 

 

b) 

 
 

Fig.6. Relative content of a) hydrocarbons and b) triacylglycerides (TAGs) during the various phases of growth 
of the microalgal species. Each point is the mean (±SE) of 9 replicates. 

 

 Absolute content of lipids: 
The integrated band area of amide I was used for the normalization of lipid bands to 

determine the relative lipid content. However, the intensity of the amide I band was also 

changing with the phases of growth of the microalgal species (Fig.2, Fig.3 and Fig 4).  

Therefore to exclude the impact of changing protein content, the integrated band area of the 

hydrocarbons (3050-2800 cm-1) and TAGs (~1745 cm-1) were normalized by a region with 

almost zero intensity (10-6) in the second derivative spectra, which does not change with the 

phases of growth as well as with the species and have no characteristic bands . This results in 

the determination of the absolute content of hydrocarbons and TAGs. As the second 

derivative spectra itself are normalized, the integrated peak area represents the absolute 

content. Fig.7 shows the absolute content of lipids during the various growth phases of the 

microalgal species. The enhancement of lipid accumulation was observed for all the species 

with an increase in the days of growth. The absolute lipid content of M.contortum was 

distinctly higher than the Pseudomuriella sp. and Chlamydomonas sp. M.contortum exhibited 

nearly 6 fold increase in the hydrocarbons (0.7 to 3.9) and a thirteen fold increase in TAGs 

(0.2 to 2.6).  The absolute content of lipid accumulation exactly matches with the second 

derivatives of the absorption spectra shown in Fig 4 and Fig.5. The increased amount of 
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TAGs signifies the predominance of saturated and monounsaturated fatty acids in the algal 

lipids of these species. 

 

a) 

 

b) 

 
 

Fig.7. Absolute content of a) hydrocarbons and b) triacylglycerides (TAGs) during the various phases of growth 
of the microalgal species. Each point is the mean (±SE) of 9 replicates. 

 
 
3.2. Raman spectral analysis on the lipid accumulation in green microalgal species 

 Raman spectra of the three green microalgal species M. contortum, Pseudomuriella 

sp., and Chlamydomonas sp., were analyzed during their stationary phase and reported with 

their second derivatives in Fig. 8. Raman spectral analysis provided additional information to 

the FTIR analysis on lipid accumulation. In FTIR analysis, lipid accumulation was monitored 

in the characteristic regions of hydrocarbons (3050 – 2800 cm-1) and TAGs (~1745 cm-1).   

TAGs are neutral lipids primarily made up of saturated (SFA) and monounsaturated fatty 

acids (MUFA) [10,11] and are the preferred compounds for biodiesel (Section 1). Raman 

spectra revealed significant bands that correspond to these saturated and unsaturated fatty 

acids in the algal lipids.  

 Strong bands were observed at ~ 2948cm-1 and ~ 2863cm-1 that corresponded to the 

asymmetric and symmetric stretches of hydrocarbons. A highly intense band was observed at 

~1440 cm-1, due to (CH2) scissoring vibrations from the saturated fatty acids present in the 

algal lipids (Fig. 8a). In addition, the spectra showed bands corresponding to the other 

biomolecules such as carbohydrates and pigments like carotenoids and chlorophyll a, 
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represented in Table 1. The characteristic bands of proteins observed in the FTIR spectra at 

~1658 cm-1 and ~1547 cm-1 were not prominent in the Raman spectra, because carbonyl 

stretches (C=O) are weak [39].  

     

 a) 

b)  

 
Fig.8. a) Raman spectra of the three microalgal species and their b) second derivative spectra at the                     

30th day, stationary phase of growth. Each spectrum is an average of 3 replicates. Rectangular boxes 
indicate the bands of unsaturated fatty acids. 
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 The second derivative analysis of Raman spectra revealed the bands that correspond to 

the unsaturated fatty acids. The characteristic vibrations of lipid unsaturation are (=C-H) at 

~3008 cm-1, (C=C) at ~1655 cm-1 and (=C-H) at ~1270 cm-1 [21,34,50].  Second 

derivatives of the Raman spectra clearly showed the variation in the intensity of these 

vibrations for the three species (Fig. 8b). The stretching vibration of   =C-H at ~3008 cm-1 

was observed for all the three species, with maximum intensity for M.contortum, which was 

also confirmed in the FTIR spectra (Fig.2 and Fig.4). The C=C stretching vibration at ~1655 

cm-1 was observed as small bands  with similar intensities in all the three species. The band 

due to the =C-H deformation at ~1270 cm-1 was predominant in Pseudomuriella sp., than in 

the other two species. All these bands indicate the presence of unsaturated fatty acids (MUFA 

and PUFA) in the microalgal lipids. However, the smaller intensity of these bands in 

comparison to the saturated fatty acids at ~1440 cm-1 indicate that these three microalgae are 

rich with saturated fatty acids, and confirms the potential of these microalgae to be a good 

source for biodiesel. [34,36,38].   

 

3.3. Fatty acid analysis by GC, FTIR and Raman spectroscopy  
FTIR and Raman spectral analysis of the three microalgal species revealed the 

accumulation of lipids in the form of hydrocarbons, TAGs and fatty acids.  To analyze the 

potential of these species to be a source for biodiesel, quantification of the fatty acids 

[saturated (SFA) and unsaturated (UFA)] is necessary.  Gas chromatography (GC) is one of 

the conventional methods, widely used as a reliable technique for fatty acid analysis. 

However, the method requires extraction of lipids from algal cells.  The alternative, effective 

methods to quantify lipids without the extraction are the FTIR and Raman spectroscopy.  

Fig. 9a and Fig. 9b shows the second derivatives of the FTIR and Raman spectra of 

the three species during their stationary phase of growth. The rectangular boxes in the spectra 

indicate the regions of saturated and unsaturated fatty acids present in the algal lipids. The 

integrated band area for the characteristic vibrations of unsaturated lipids = C-H stretch 

(~3008 cm-1), C=C stretch (~1655 cm-1) and = C-H deformation (~1270 cm-1) were 

calculated. The band area for the vibration Ȟ(C=C) were not calculated in the FTIR spectra, 

because, they are generally weak in IR and also the same region attributes to the carbonyl 

stretch (C=O) of amide I, which is a strong band in FTIR. The characteristic vibration of 

TAGs (~1745 cm-1) comprise of SFA and MUFA. The band area of TAGs and the total band 

area of UFA were determined. This enabled to quantify the SFA and UFA (Fig9a and 
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Fig.10b) of the three species from the FTIR spectra. The percentage of SFA from the FTIR 

spectra was 93 for M.contortum, 83 for Chlamydomonas sp. 74 for Pseudomuriella sp.  

Similarly, from the Raman spectra, the total UFA was determined by summation of the three 

lipid unsaturation regions. SFA was calculated from the integrated band area at ~1440 cm-1 

that corresponds to CH2 scissoring vibrations (Fig. 9b and Fig.10c). The percentage of SFA 

from the Raman spectra was 80 for M.contortum, 75 for Chlamydomonas sp. 71 for 

Pseudomuriella sp. The enhancement in the percentage of SFA indicates the suitability of 

these species for biodiesel application. 

 

 

a) 
 

b) 
 

 
Fig.9 Saturated and unsaturated fatty acid regions in the a)FTIR and b)Raman spectra of the three 

microalgal species. The rectangular boxes indicate the regions. 
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c)  
  

 
Fig.10 Fatty acid analysis by a) Gas chromatography b) FTIR and c) Raman Spectroscopy, recorded on the 30th 

day growth of the microalgal species.  
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The results of GC analysis for the three microalgal species on their 30th day of growth 

(Fig.10a) showed maximum SFA for Chlamydomonas sp. However, a total of SFA and 

MUFA (preferred components for biodiesel) in the microalgal species were high for 

M.contortum. The spectral results on the fatty acids showed an increasing concentration of 

SFA in the microalgal species in the order, M. contortum > Chlamydomonas sp. > 

Pseudomuriella sp.  The results obtained from FTIR and Raman analysis were consistent 

with GC analysis. Thus quantification of fatty acids by the FTIR and Raman spectroscopic 

methods was fast, reliable and non- destructive. 

4. Conclusion 

 Spectroscopic investigations were performed to analyze the biomolecular transitions 

and accumulation of lipids within the microalgal cells. Three green microalgal species, M. 

contortum, Pseudomuriella sp., and Chlamydomonas sp. were examined during their various 

phases of growth. FTIR absorption spectra and its second derivatives reflected the 

biomolecular transitions that occurred within the cells due to physiology. Second derivative 

analyses of the FTIR and Raman spectra normalized and resolved the original spectra and 

lead to the identification of even smaller overlapping bands. Relative and absolute lipid 

contents of the species were calculated using the integrated peak area of the lipid regions. 

M.contortum exhibited higher accumulation of lipids in the form of hydrocarbons and TAGs 

than Chlamydomonas sp. and Pseudomuriella sp. Raman spectroscopy revealed significant 

bands that corresponds to the saturated (SFA) and unsaturated fatty acids (UFA) in the algal 

lipids. Fatty acid analysis was performed by GC, FTIR and Raman to identify the potential 

species with higher SFA and MUFA for biodiesel application. In the spectroscopic methods, 

the integrated band area for the characteristic vibrations of unsaturated lipids, = C-H stretch 

(~3008 cm-1), C=C stretch (~1655 cm-1) and = C-H deformation (~1270 cm-1) and saturated 

lipids TAGs (1745 cm-1), CH2
 deformation (1440 cm-1) were determined from the second 

derivatives of the FTIR and Raman spectra. This enabled to quantify the percentage of SFA 

and UFA.  The order of increasing concentration of SFA in the microalgal species was M. 

contortum > Chlamydomonas sp. > Pseudomuriella sp.  The results obtained from FTIR and 

Raman spectral analysis were consistent with the separation of lipids by Gas 

chromatography. The enhancement in the percentage of SFA indicates the suitability of these 

indigenous species for biodiesel application. In conclusion, FTIR and Raman spectroscopy 

enabled better understanding of biomolecular transitions and a rapid and easy assessment of 

lipid accumulation, especially to quantify fatty acids without the need for the extraction of 

lipids.   



 

 
Table 1: FTIR and Raman band assignments of 

 
M. contortum Pseudomuriella 

Infrared  
Wavenumber  

cm-1 

Raman 
Wavenumber 

cm-1 

Infrared  
Wavenumber  

cm-1 
Wavenumber

3364 (br, vs)  3379 (br, vs)  
3008(w) 3008(m) 3008(vw) 3008(m)
 2948 (m)  2949 (m)
2923 (vs)  2924 (vs)  
 2866 (vs)  2863 (vs)
2850 (sh, m)  2852 (sh, m)  
1746 (sh, m)  1745 (sh, m)  
1657 (s) 1654 (w) 1650 (s) 1667 (w)

1546 (m)  1542 (m)  
   1514 (m)
1463 (sh, m)  1462 (sh, m)  
 1445 (vs)  1441 (vs)
1374 (w)  1377 (w)  
 1331 (s)  1331(s)

1270(vw) 1270(w) 1270(w) 1270(m)
1239 (w)  1242 (w)  
 1218 (w)  1218 (w)
1154 (sh, m) 1153(s) 1155(sh, m) 1159 (s)
1082 (sh, s)  1082 (sh, s)  
1052 (sh, m)  1051 (sh, m)  
1022 (sh, m)  1020 (sh,,m)  
Abbreviations: vw, very weak, w, weak; m, medium; s, strong; vs, very strong; sh, shoulder; br, broad
References:[8,20–22,30] 

ϮϬ 

Table 1: FTIR and Raman band assignments of M. contortum, Pseudomuriella sp. and Chlamydomonas 

Pseudomuriella sp. Chlamydomonas sp. 

Raman 
Wavenumber 

cm-1 

Infrared  
Wavenumber  

cm-1 

Raman 
Wavenumber 

cm-1 
 3376 (br, vs)  Ȟ (OH) stretches from water molecules
3008(m) 3008(vw) 3008(m) (= CH) stretches from unsaturated lipids
2949 (m)  2945(m) Ȟ as(CH3) asymmetric stretches
 2924  (vs)  Ȟ as(CH2) asymmetric stretches        Hydrocarbons 
2863 (vs)  2863(vs) Ȟ s(CH3) symmetric stretches  
 2852  (sh, m)  Ȟ s(CH2) symmetric stretches 
 1746  (sh, m)  Ȟ(C=O) stretches of esters from lipids 
1667 (w) 1652 (s) 1656 (w) Amide I from proteins (IR), cis 

(Raman) 
 1543  (m)  Amide II from proteins
1514 (m)   Carotene,  Ȟ(C=C) 
 1459(sh, m)  as(CH3) asymmetric bend from lipids
1441 (vs)  1442(vs)  (CH2) scissoring from 
 1374 (w)  s(CH3) symmetric bend from lipids and proteins
1331(s)  1331 (s)  (CH2 )deformations from carbohydrates and 

 (C-H)deformations from Chlorophyll a
1270(m) 1270(w) 1270 (w) (= CH) deformations from unsaturated lipids
 1243 (w)  Ȟ as(P=O)asymmetric stretches from nucleic acids 
1218 (w)  1220  (w)  (C-H) ring bend from nucleic acids
1159 (s) 1152(sh, m) 1158(s) Ȟ (C-O-C)stretches from carbohydrates (IR), Carotene (Raman)
 1078 (sh,s)   (C-O-H) deformation,

from carbohydrates, 
acids 

 1052 (sh, m)  
 1019 (sh, m)  

w, weak; m, medium; s, strong; vs, very strong; sh, shoulder; br, broad 

Chlamydomonas sp. 

 
Band Assignments 

(OH) stretches from water molecules 
(= CH) stretches from unsaturated lipids 

) asymmetric stretches 
) asymmetric stretches        Hydrocarbons  

) symmetric stretches   
) symmetric stretches  

of esters from lipids -Triacylglycerides (TAGs) 
Amide I from proteins (IR), cis  Ȟ(C=C) from unsaturated lipids 

Amide II from proteins 
 

) asymmetric bend from lipids 
) scissoring from  saturated lipids  
) symmetric bend from lipids and proteins 
)deformations from carbohydrates and  Ȟ(C-N) stretches, 

H)deformations from Chlorophyll a 
(= CH) deformations from unsaturated lipids

asymmetric stretches from nucleic acids  
H) ring bend from nucleic acids 

C)stretches from carbohydrates (IR), Carotene (Raman) 
H) deformation, Ȟ (C-O-C) stretches of polysaccharides   

from carbohydrates,  Ȟs(P=O) symmetric stretches from nucleic 
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