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ABSTRACT:
We report generation of modular, artificial light-harvesting assemblies where an amphiphilic
diblock copolymer, poly(ethylene oxide)-block-poly(butadiene), serves as the framework for
non-covalent organization of BODIPY-based energy donor and bacteriochlorin-based energy
acceptor chromophores. The assemblies are adaptive, forming well-defined micelles in aqueous
solution and high-quality monolayer and bilayer films on solid supports, with the latter showing
greater than 90% energy transfer efficiency. This study lays the groundwork for further
development of modular, polymer-based materials for light harvesting and other photonic
applications.
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TEXT:
Biological light-harvesting systems allow for efficient trapping of solar energy in a
cellular environment,1-3 but these properties do not always translate to effective engineered
biomaterials for practical applications. Ideally, artificial light-harvesting (LH) approaches would
build upon the desirable attributes of natural photosynthetic systems to provide functional
materials that have adaptable responses, are inexpensive to manufacture, are amenable to largescale assembly, allow controlled modulation of solar conversion efficiency, have extensive and
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flexible spectral coverage (ability to incorporate a variety of chromophores), and can be
integrated with various substrates or fabricated materials for energy collection. In this work, we
show that these properties can be achieved through the use of amphiphilic diblock co-polymers
as a flexible matrix for organization of donor and acceptor chromophores.
Two major approaches to the creation of artificial light-harvesting systems have involved
either the adaptation of biological systems or the chemical synthesis of new supramolecular
constructs that mimic biological systems in structure or function. Synthetic biology approaches
have been used to redesign existing LH proteins4-6 or to design entirely new peptides7,
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for

enhanced function. Alternatively, chemical synthesis has been used to generate novel multicomponent organic molecules, comprised of covalently linked chromophores and electron-active
materials, such as metal nanoparticles, fullerenes9 and dendrimers.10,
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Both proteins and

synthetic organic molecules share some of the same limitations, including limited modularity
(specific structure and chromophore binding) and a design, synthesis and purification process
that is complex, labor-intensive, and expensive. From these considerations, we are motivated to
design a nanomaterial-based modular system that will allow straightforward incorporation of
various cofactors, and demonstrate these materials as a new platform for future functional
devices.
An alternative approach for developing novel LH materials is to dispense with protein
scaffolds or complex organic molecules and design a modular matrix to assemble chromophores
(or other cofactors). Amphiphilic diblock copolymers represent an attractive alternative
framework for the design of bio-inspired LH systems. Some advantages of synthetic polymers
include: facile chemical synthesis, commercial availability, ability to functionalize, propensity
for self-assembly, higher stability, and tunable responses to external stimuli.16 Polymeric
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assemblies have been successfully exploited for drug delivery,17 in optical biosensors,18 and as
photoluminescent systems.19 We emphasize that polymers could allow greater modularity for
biomimetic light harvesting, as the process of polymer self-assembly is spontaneous and
achieved by non-covalent associations, allowing the potential for interchangeable incorporation
of a myriad of different cofactors.

Previously, diblock copolymers have been used to

encapsulate and spatially organize chromophores under certain conditions, revealing the
potential for controlling energy transfer processes.20 Thin films of segregated polymer micelles
with different combinations of chromophores and other cofactors were designed with multiple
defined emission bands.21, 22 However, these film relied upon spin-coating polymer/chromophore
micelles from organic solvents. We wished to explore polymeric LH assemblies under more
biologically relevant aqueous conditions.
Poly(ethylene oxide)-block-poly(butadiene) (PEO-b-PBD) (Figure 1A) is an amphiphilic
block copolymer that self-assembles into a variety of conformations dependent on the
block/block length, polymer concentration, solvent quality and environmental conditions.23-25
Hydrophobic fluorescent dyes and quantum dots have previously been incorporated into longchain vesicle-forming PEO-b-PBD, showing the potential for ‘hydrophobic loading’.26 Recently,
a 1.3/1.2 kDa (block/block ratio) PEO-b-PBD copolymer was extensively characterized27 as
forming micelles in aqueous solution but reorganizing into bilayer films of similar scale to lipid
bilayers when deposited onto hydrophilic surfaces and monolayer films on hydrophobic surfaces.
In all cases, the hydrophobic PBD block was sequestered and the hydrophilic PEO block
exposed to the aqueous solvent, analogous to lipid arrangements, leading to its description as a
biomimetic polymer27 and making it an interesting candidate for further application. In the
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current study, we investigate the use of this PEO-b-PBD as a matrix to organize chromophores in
a non-covalent manner for building polymeric LH nanocomposites.
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Figure 1. Chemical structures and design of polymer-chromophore nanocomposites.
Chemical structures of (A) the PEO-b-PBD polymer, (B) the BODIPY-HPC donor chromophore,
and (C) the BC-1 acceptor chromophore. (D) Schematic of the proposed chromophore
arrangement in the polymer micelle (PEO, red; PBD, blue; BC-1, purple diamond; BODIPY,
green). (E) SANS showing scattering data from a concentration range of PEO-b-PBD micelles,
fitted to a spherical core-shell model. (F) Absorbance spectra of three representative polymerchromophore preparations.
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A BODIPY chromophore was chosen as the excitation ‘donor’ for its favorable stability,
hydrophobic character, low tendency to self-aggregate, high extinction coefficient, high
fluorescence quantum yield and relatively sharp emission band.28 We used an analog of BODIPY
FL attached through a C5-fatty acyl chain to a phosphocholine lipid to direct its assembly, termed
“BODIPY-HPC” (Figure 1B). For the acceptor, a new bacteriochlorin was synthesized, termed
“BC-1” (originally, BC-MePy15)29 (Figure 1C). This compound was designed to have excellent
spectral overlap with BODIPY to allow high efficiency of F rster Resonance Energy Transfer
(FRET), and amphiphilic character to promote its location within polymer micelles, as discussed
below.
Polymer/chromophore nanocomposites were assembled by dissolving the polymer and
pigments in tetrahydrofuran (THF) in the ratio desired for each particular preparation. THF is a
suitable co-solvent for all components of the LH system (PEO-b-PBD, BODIPY-HPC and BC-1)
and, importantly, one that is miscible with water. The solvent quality was then changed by the
gradual injection of water, followed by rotary evaporation to remove the THF. As the proportion
of water to THF increases, micellization of the polymer occurs spontaneously as it becomes
thermodynamically favorable for polymers to cluster into small aggregates that bury the
hydrophobic PBD and incorporate both chromophores. The hydrophobic nature of BODIPY
favors its segregation to the hydrophobic core of the micelle, but due to its tethering to the
amphiphilic (HPC) lipid, the BODIPY moiety is expected to be in close proximity to the
block/block interface (<1 nm, approximate length of lipid tail). Amphiphilic BC-1 is expected to
be positioned at the hydrophilic/hydrophobic interface of the polymer. In a polar solvent, such as
water, one thus anticipates an arrangement for the chromophores within the polymer micelle
similar to that shown in Figure 1D.
7

Dynamic light scattering (DLS) revealed that the predominant particles in our
preparations were ~20 nm in outer diameter (Figure S1A and B in the Supporting Information),
concurrent with previous reports.27 Static light scattering data supported the presence of a
predominantly micellar solution and allowed calculation of an approximate micelle aggregation
number of ~225 (Section 1 in the Supporting Information), consistent with values for other
amphiphilic diblock copolymer micelles of similar block lengths.30 Small Angle Neutron
Scattering (SANS) data (Figure 1E) of the polymer preparations allowed a more detailed
description of the polymer system. The data could not be fitted to simple shapes with
homogenous scattering length density such as a solid sphere, ellipsoid or cylinder, rather, a
spherical core-shell model with a compact core and a loose corona containing a high
concentration of water provided the best fit (for further details, see Supporting Information,
Section 1). This analysis revealed micelles with an outer diameter of 18.0 nm, in good agreement
with DLS, and a diameter of 11.4 nm for the PBD core. Absorbance spectra are displayed in
Figure 1F for representative micelle preparations containing either BODIPY-HPC, BC-1 or a
mixture of both. The bands observed in these spectra are very similar to those for the
chromophores in THF (Figure S3 in the Supporting Information), indicating that incorporation
into the polymer micelles preserved their monomeric optical properties. In contrast, if the
polymer was omitted, broadened absorption bands and low fluorescence emission was observed
after exchange to water, suggesting chromophore aggregation, showing the necessity of a
polymer scaffold.
We found that PEO-b-PBD/chromophore nanocomposites could be assembled with any
donor or acceptor concentration up to ~3% (chromophore mol% relative to polymer
concentration) before chromophore aggregation effects were observed. Therefore, for detailed
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characterization, we generated sets of samples at chromophore concentrations that exhibited
good energy transfer (10-60% efficiency) and no observed aggregation. Set 1 had a range of
acceptor concentrations (0-2.13% BC-1) at a relatively constant donor concentration (~0.5%
BODIPY-HPC); Set 2 had a range of donor concentrations (0-0.91% BODIPY-HPC) at a
constant acceptor concentration (~0.8% BC-1). Samples from each set were prepared in parallel
and then immediately characterized by absorbance, steady-state and time-resolved fluorescence
spectroscopies. Spectral analysis of absorbance data allowed quantification of the relative
chromophore concentrations in the final product of each individual preparation (see Section 3
and Figure S4A-B in the Supporting Information).
Steady-state and time-resolved fluorescence spectroscopies were used as independent
methods to assess energy-transfer efficiencies within the assemblies (Figure 2; for a more
extensive dataset see Figure S5 and S6 in the Supporting Information). Increased quenching of
donor fluorescence emission was observed in sample Set 1 with increasing acceptor
concentration at a constant donor concentration (Figure 2A). Conversely, enhanced acceptor
emission was observed in Set 2 with increasing donor concentration at a constant acceptor
concentration (Figure 2B). Both observations are highly indicative of donor-acceptor energy
transfer. These graphs clearly show these trends in a qualitative manner, but for a more accurate
quantitative comparison of the ensemble donor-acceptor energy-transfer efficiency (ETE), we
performed graphical analysis of the data (as described in Section 3 and Figure S4C in the
Supporting Information). Briefly, the ETE was calculated from integrated fluorescence intensity
of the donor from 480–650 nm, in presence (FDA) or absence (FD) of acceptor, using the
conventional relationship for FRET31:
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(1)
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Figure 2. Spectroscopic characterization of the polymer-chromophore micelles. (A) Steadystate

fluorescence

emission

spectra

from

BODIPY

(excitation

at

469

nm)

from

polymer/chromophore micelle samples in Set 1. (B) Steady-state fluorescence emission spectra of
the BC-1 peak (excitation at 469 nm) from sample Set 2. Legend shows BODIPY-HPC
concentration (“% BY”) and BC-1 concentration (“% BC-1”) in each sample. (C) Intensity
normalized decay curves of BODIPY fluorescence in polymer/chromophore micelle samples
from Set 1. Excitation was provided by a 465 nm LED and emission collected at 514 nm (12 nm
bandwidth). (D) Decay curves from experimental data (solid lines) plotted with decay curves
generated from theoretical model convolved with an instrument response function (dashed lines).
Spectra and fits present actual relative amplitudes (i.e., not normalized to the same peak
intensity), and are offset in the y-direction (for clarity).
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The results show that ETE increases non-linearly with acceptor concentration, as displayed
graphically in Figure 3 and discussed later (raw data is shown in Tables S1 and S2 in the
Supporting Information). Analysis of fluorescence decay curves (time-resolved fluorescence
data) was used as an independent method to assess ETE. A clear trend was observed from
normalized curves whereby the rate of decay of the donor fluorescence increased (i.e. decreased
fluorescence lifetime) with increasing BC-1 (acceptor) concentration (Figure 2C). This result
indicated that a faster process occurred as acceptor concentration increased, corresponding to a
faster decay of the fluorescence signal, in agreement with the steady-state FRET data. In
contrast, no change was observed in the fluorescence decay curves with increasing BODIPYHPC concentration at constant acceptor concentration (Figure S6B in the Supporting
Information).
A theoretical model of our polymer system was developed based on F rster theory of
energy transfer32 and the measured structural and optical properties of the polymer-chromophore
system (chromophore concentration, polymer aggregation number and core diameter, F rster
radius; for further detail on the model see Section 5 of Supplemental Information). This approach
was used to independently model donor fluorescence decay taking into account FRET to a
randomly distributed set of acceptors within each micelle. The acceptors are assumed to be
distributed uniformly on the surface of a sphere corresponding to the PBD core of the micelle.
These theoretical decay curves as a function of increasing average acceptor concentration are in
good agreement with the experimental data in both shape and amplitude (Figure 2D).
Plotting the ETE against acceptor concentration shows a clear trend (Figure 3, blue data
points) where ETE increases with the BC-1 (acceptor) concentration. The theoretical model of

12

the polymer system described above was also used to independently predict the ETE for a range
of acceptor concentrations and plotted as a dashed line on the graph.

Figure 3. Energy-transfer efficiency of polymer/chromophore nanocomposites. ETE for
polymer micelles from Set 1 (blue circles) and as bilayer films (open blue circles) plotted against
the acceptor BC-1 concentration (constant BODIPY-HPC ~0.5%). The dashed line represents
the theoretical model of FRET in the polymer micelles (see materials and methods).
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The excellent fit between experimental data and the theoretical model shows that PEO-bPBD/chromophore nanocomposites demonstrate reproducible energy transfer that follows simple
F rster theory for uniformly distributed chromophores. Note, ETE is independent of the
BODIPY-HPC (donor) concentration (at constant BC-1 concentration, see Figure S7 in the
Supporting Information), consistent with F rster theory for independently acting donor
molecules32. These results demonstrate that a polymer micelle-based system for independent,
non-interacting, chromophores has the ability to harvest energy in a predictable manner, an
important indication that more advanced polymeric LH systems could be rationally designed.
We wished to compare the solution-based LH system (i.e. aqueous micelles) to a solidsupported thin film system. The motivation for this comparison is two-fold. First, most natural
LH systems occur in membranes, so understanding energy flow in two dimensions provides an
important point of comparison to natural systems. Second, ultimately, there is interest in
coupling light-harvesting systems to energy-transducing surfaces, so investigation of thin-film
geometries provides a step in that direction. We took advantage of the ability of PEO-b-PBD to
form well-defined bilayer films on hydrophilic surfaces and monolayers on hydrophobic
surfaces27. PEO-b-PBD/chromophore micelle samples with a range of BC-1 concentrations (02.0%) and similar BODIPY-HPC concentration (~0.5%) were deposited onto hydrophilic glass
substrates to form surface-supported bilayer films and characterized (under liquid) using laserscanning confocal microscopy (LSCM) and atomic force microscopy (AFM). LSCM images of
BODIPY fluorescence showed a homogenous distribution over hundreds of microns (Figure 4AD, panels ‘before’), and AFM revealed a continuous, flat surface (Figure 4F), confirming that
polymer films were of high quality.
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Figure 4. Energy transfer and chromophore mobility in supported polymer bilayers and
monolayers. (A)-(E) LSCM images showing fluorescence recovery after photobleaching (FRAP)
experiments. Only the fluorescence from BODIPY is visualized, but the effect of bleaching BC-1
can be inferred. Polymer bilayers in (A), (C) and polymer monolayers in (B), (D) were formed by
deposition of PEO-b-PBD micelles onto hydrophilic (piranha-cleaned) or hydrophobic
(silanized) glass substrates respectively; the arrays of alternating polymer monolayers/ bilayers
in (E) were generated by deposition of micelles onto a patterned substrate generated by
microcontact printing (see Methods in Supporting Information). BODIPY was preferentially
bleached in (A) and (B) by using a 488 nm laser, whereas BC-1 was preferentially bleached in
(C) and (D) using a 543 nm laser. Images were acquired before, immediately after (t = 0) and a
defined period after photobleaching (t= x min), as shown. All images with one FRAP series are
displayed at the same intensity color scale, but scales differ between samples to provide optimum
image contrast. (F) AFM topograph of a representative polymer bilayer film, imaged under
buffer. Below, a height profile displays the height data across the white-dashed line in the image.
The surface topography deviates by < 1nm over the 40 µm field.
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ETE for polymer bilayers was calculated from the mean fluorescence counts in LSCM images,
using Eqn. 1 (see Figure 3, blue open circles, and Table S3 in the Supporting Information). ETE
was significantly greater for chromophores within polymer bilayers compared to micelles, and
reached values up to 0.95 (Figure 3). This effect is likely related to the change in conformation
of polymers as they interact with the substrate, as compared to their aqueous environment. As
described here and previously by Goertz and coworkers,27 PEO-b-PBD micelles have a diameter
of ~20 nm, whereas PEO-b-PBD bilayers are a mere 5 nm in thickness. The tighter packing of
polymer chains in a bilayer compared to micelles should also result in a higher density of
chromophores and corresponding decreased donor-acceptor separations, resulting in the observed
enhanced ETE. By contrast, this effect was not observed in a lipid-based system containing
BODIPY-HPC and BC-1 for which solution-based lipid vesicles had comparable ETE to
supported lipid bilayers (see Table S4 in the Supporting Information). The lipid studies compare
two types of bilayers, vesicles and substrate-supported membranes, where large scale
reorganization of the amphiphilic matrix is not be expected. In contrast, the polymer results
suggest that changes in the nature of the polymer between micelles in solution and bilayers on
surfaces can lead to large changes in the separation distances of embedded molecules. These
experiments demonstrate the flexible, responsive nature of PEO-b-PBD-based optical
nanomaterials.
The fluidity of the polymer films was tested by fluorescence recovery after
photobleaching (FRAP) experiments. Previous FRAP studies have shown that PEO-b-PBD
bilayers are ‘immobile’, with no recovery of embedded lipid dyes, whereas lipid dyes in PEO-bPBD monolayers have lateral mobility comparable to the same dye in lipid membranes. 27 These
mobility patterns for BODIPY-HPC in bilayer and monolayer samples were also observed in the
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current study, but with an additional interesting optical response due to the presence or absence
of the BC-1 acceptor. For polymer bilayers, bleaching of BODIPY led to no FRAP recovery
(Figure 4A), as expected, however, preferential bleaching of BC-1 caused an increased BODIPY
fluorescence intensity in the ‘bleach region’ (Figure 4C). This result can be rationalized as
follows: initially the BODIPY emission is quenched by active BC-1 (due to energy transfer), but
after BC-1 acceptor is bleached it no longer quenches BODIPY leading to an increase in the
relative intensity of BODIPY emission. The enhanced region remained a constant shape for
many minutes after bleaching indicating that BC-1 is immobile. For polymer monolayers, we
observed a relative difference in the mobility of the BODIPY and BC-1. After preferential
BODIPY bleaching in polymer monolayers, there is recovery of its fluorescence not merely to
the original intensity but to an enhanced intensity relative to the surrounding area (Figure 4B).
This result suggests that, while the 488 laser preferentially bleaches the BODIPY chromophore,
some BC-1 chromophores are also bleached (consistent with the absorbance spectra of the two
dyes, Figure 1G). Following the bleaching, ‘fresh’ BODIPY-HPC diffuses into the bleach region
but the BC-1 remains relatively static, leading to reduced donor quenching in this region.
Preferential bleaching of BC-1 in polymer monolayers also causes an enhancement of BODIPY
fluorescence, as for polymer bilayers (Figure 4D), but a gradual blurring of the shape of the
enhanced region shows that the BC-1 does have limited, albeit relatively low mobility. To allow
side-by-side comparison of the monolayer/bilayer polymer morphology, we performed FRAP on
an array pattern of alternating PEO-b-PBD monolayers and bilayers (Figure 4E). After the
photobleaching at 488 nm of a square region spanning bilayers (grid) and monolayers (boxes),
excellent BODIPY recovery is observed in the monolayers leading to an effective ‘enhanced’
fluorescence, while no recovery is observed in bilayers and a bleached “+” shape remains,
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surrounded by a brighter halo. Our data on differential chromophore mobility in solid-supported
polymer films illustrates another aspect of the versatility of polymers in creating a functional
surface with the potential for designing spatially patterned variable optical responses.
We have demonstrated high efficiency energy transfer in an aqueous, biomimetic
polymer assemblies, for the first time, as a proof-of-concept. Our experimentally measured ETE
closely follows that predicted from models that follow F rster theory applied to randomly
distributed, non-interacting chromophores, providing validation of experimental results and also
suggesting that more complex energy transfer assemblies could be rationally designed. Below,
we briefly discuss the relevance of our polymer-based LH system, in contrast to biological LH
systems, and discuss the potential applications of novel polymer-based biomaterials.
Artificial photosynthetic systems have been previously demonstrated in studies using
BODIPY as a donor for energy transfer (e.g. to bacterial RC proteins) or as an electron donor
(e.g. to fullerenes).28 While natural LH systems typically rely upon intricate organization of
chromophores to direct energy and electron transfers,33 our system is designed to be much
simpler with a self-assembly process that does not require proteins or complex organic synthesis,
but instead relies upon incorporation of cofactors into assemblies of amphiphilic polymers.
Natural LH pigment-protein complexes have high affinity binding sites which are specific for a
defined cofactor.33 In contrast, the polymer-driven assembly process allows modularity, with the
potential for incorporation of practically any desired hydrophobic or amphiphilic cofactor into
the same basic architecture. Future applications of polymer-based LH nanocomposites could also
allow the non-covalent incorporation of biological electron carriers,34 or carbon nanomaterials
such as fullerenes35,

36

or carbon nanotubes37, allowing electron-active assemblies and new

functional devices.
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Photosynthetic membranes are highly responsive, often changing the composition and
organization of LH pigment-protein components in response external stimuli, such as light
intensity38-40, oxygen tension,40 and genetic mutation.41,

42

Mimicking and expanding such

responsive behavior is also highly desirable in generation of artificial light-harvesting systems.
The stark difference in energy transfer observed between polymer micelles and polymer bilayer
films indicates the potential of polymer composite materials for design of bioinspired, responsive
photonic materials. For example, stimuli-responsive polymers integrated with chromophores
have shown great potential for sensing applications,16 where chromophore arrangement and
FRET efficiency can be used to detect stimuli such as temperature43 or pH.44 Lastly, the surface
patterning, selective bleaching, and use of differential chromophore mobility within our PEO-bPBD films demonstrates the potential for linking polymer architecture to dynamically switchable
optical properties.
In conclusion, PEO-b-PBD-based nanocomposites were shown to be highly versatile as a
molecular framework for non-covalent incorporation of chromophores for energy transfer and
light harvesting. This proof-of-concept paves the way for the investigation of other artificial LH
systems based on the principle of a loosely-organized, polymer-based platform for modular
component assembly. One could switch the polymer used, i.e. other diblock copolymers with
desirable properties (e.g. responsive), or incorporate different hydrophobic cofactors (e.g.
alternative chromophores or electron-active species). Finally, the successful exploitation of the
aqueous polymer system to form supported polymer films provides attractive photonic
nanomaterials for chip-based functional devices.
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