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Abstract

The study of the microbial ecology of drinking watdistribution systems (DWDS) has
traditionally been based on culturing organisms flautk water samples. The development
and application of molecular methods has supplied t@®ls for examining the microbial
diversity and activity of environmental samplesglging new insights into the microbial
community and its diversity within these engineeeedsystems. In this review, the currently
available methods and emerging approaches for cesising microbial communities,
including both planktonic and biofilm ways of lifeye critically evaluated. The study of
biofilms is considered particularly important aglays a critical role in the processes and
interactions occurring at the pipe wall and bulkevanterface. The advantages, limitations
and usefulness of methods that can be used totdatec assess microbial abundance,
community composition and function are discusse@ iIDWDS context. This review will
assist hydraulic engineers and microbial ecologrstshoosing the most appropriate tools to

assess drinking water microbiology and related espe
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1. Introduction

The safety of drinking water is assumed and takangranted by consumers in most
developed countries. Yet, our understanding of rtiierobial ecology of drinking water
distribution systems (DWDS) is limited, partly akese environments are not easily
accessible and because they have traditionally beesidered as challenging environments
for microbial life when compared with other aquagcosystems. However, available
scientific literature fuelled by the applicationreicent advances in molecular-based methods
to drinking water ecosystem indicates that DWDS @ixerse microbial ecosystems, with
high bacterial and fungal abundance, but wherergetyaof microbial life from viruses to

protozoa can be found (Szewazstial., 2000).

Modern water treatment works can produce safe ohignkvater reliably, efficiently and
effectively, starting from a variety of sources andial qualities. While safe and of high
quality, this water is far from sterile. Treatedterais transported to end users through a
diverse and complex water distribution infrastruetuPreventive measures are taken to
control water quality, including microbial contaration, at treatment works and via the
provision of disinfection residuals in the majoritgf DWDS. Nonetheless, some
microorganisms can persist after treatment andr eartd live within distribution systems
(LeChevallieret al., 1987; Szewzylet al., 2000). Additionally, treatment works have not
always been operated to the current high stantt@sthrically providing a range of nutrients
to the communities developed within DWDS. Microangas can also enter distribution
networks during installation, repair or replacemehinfrastructure and by net ingress under

dynamic or other depressurisation events (Beshat., 2011). Once microorganisms are
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within a DWDS they will face a challenging enviroem, with limited nutrients and
changing water flow and pressure fluctuations. As®@sequence, microorganisms will often
have a better chance of survival attached to the purfaces within a biofilm (Henrg al .,
2012), where they are protected from external asbvé&actors and benefit from the interaction
with other microorganisms. More than 95 % of thenaidial biomass in a DWDS is attached

to the pipe walls forming biofilms (Flemming, 1998)

The common questions arising when trying to studgreorganisms in DWDS, irrespective
of their life style are; (1) which type of micro@mgsms are present; (2) how abundant are
they; (3) how their activities shape the environtnaninfluence other organisms, including
any possible effects on human health; and (4) Hevenvironment influences the structure
and function of the microorganisms present. Wharetion refers to those components of

biodiversity that influence how an ecosystem wdilkbnan, 2001).

Different methods have been used to study DWDSiateempt to answer these questions,
ranging from cultured-dependent methods to culindependent-techniques. In accordance
with regulatory requirements, water companies nalyi use culture-dependent methods to
assess the quality of drinking water. Culture-dependletection and enumeration of faecal
coliforms are useful for monitoring drinking watler faecal contamination providing water
utilities with data at a reasonable cost. Howetlegy provide limited information about the
total microbial community (encompassing < 1% of theersity) and changes therein. The
application of culture-independent techniques hasramme these limitations and has
recently revealed a new and improved view of therofial world in DWDS. The
implementation of these techniques as the methodhaoiice to investigate microbial
communities by water utilities is slow, since thieguire more specialised equipment, trained

personnel and are more expensive than the culepertient methods. However, it is
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expected that a number of culture-independent ndstlvall be used routinely in the near

future (as the prices for the analysis are dropping

This review presents an overview of the availablethods that can be used to detect
microorganisms and assess their abundance, comgpoaitd function within DWDS. The
methods discussed are critically assessed with ecedpetheir advantages, limitations,
relevance and applicability to drinking water resbaA full understanding of the microbial
ecology of DWDS is of fundamental importance toseree and guarantee safe and good
quality drinking water. Better insights into micrabecology of drinking water can provide
more reliable risk assessments and help to impraweent control and management

strategies.

2. Sampling water distribution systems

2.1 Bulk water sampling

Appropriate sampling procedures are essentialdteating representative water samples for
microbiological parameters. Sampling programmesgeajines for practices and procedures
to monitor water quality within DWDS have been desd and developed by international
organisations and water companies. The World H&aitfanisation (WHO) have published
several editions of th&uideines for Drinking Water Quality (2011), where information
about standardised methods for microbial analysiD@/DS can be found (ISO5667-
5:2006). At a national level, in the USA, the Sddenking Water Act authorises the
Environmental Protection Agency (US EPA) to sengtads for drinking water and has
developed a guide to help collect water samplesordony to these standards
(http://water.epa.gov/lawsregs/rulesregs/sdwa/irdden. In the European Union (EU), The
Drinking Water Directive (DWD) (98/83/EC), regulatehe quality of water for human
consumption and requires that the EU countries rmeetimber of health parameters and

standards (Weinthad al., 2005). In the UK, the Environmental Agency (EAgaprovides
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guidance on methods of sampling and analysis ftaraening the quality of drinking water
and the Drinking Water Inspectorate regulates watenpanies in England and Wales to
ensure that drinking water quality is safe and ptadgde to consumers.

Despite rigorous standards for regulatory purpofiese is often a lack of detail in the
scientific literature about sampling methodologmsking the evaluation and comparison of
data across systems and research difficult. Sebasat considerations need to be taken into
account when sampling, such as the use of apptem@amnpling containers, transport, storage
and avoidance of contamination during collectioowdver, if the research objective is to
apply methods besides the standard analysis of idgnkater, which are molecular-based
(DNA/RNA) or based on proteomics or metabolomicprapches the current official
regulations and guidelines described above do movige any protocol guidance. For
example, there are no standards regarding the minmepresentative sampling volume
needed to capture the complete microbiome preseBPWDS. Different volumes of water
ranging from 1 L to 100 L have been used in therdiiure to concentrate microbial biomass
for downstream molecular analysis (Martietyal., 2003; Lautenschlaget al., 2010; Revetta

et al.,, 2010; Gomez-Alvareet al., 2012). While sampling standards do exist for latgal
parameters (e.g. random day time sampling in the tdguiring tap sterilisation, flushing,
etc.) the suitability of these for advanced micabl@nalysis should be reviewed, including
consideration of how, where and when samples &entd he lack of standards for molecular
work makes comparison of results between laboesoextremely difficult. However,
molecular techniques are more frequently used tiscexpected that standards and guidance
for these will be developed in the near future.

2.2 Biofilm sampling

Biofilm research is a key component in DWDS micablsitudies, but as pipes are not readily

accessible, collecting samples from real systerassighstantial challenge. Habitually, bench-



122

123

124

125

126

127

128

129

130

131

132

133

134

135

136

137

138

139

140

141

142

143

144

145

top laboratory biofilm reactors such as the Rotpisc Reactor (Murget al., 2001; Mohle

et al., 2007), the Biofilm Annular Reactor (Batteal., 2003a; Battest al., 2003b), and the
Propella Reactor (Appenzellet al., 2001) have been used to study various abiotioifac
that might influence biofilm formation. However,ig well known that they poorly replicate
the conditions of real pipe networks (Deimeal., 2010).

Currently two different approaches exist for studybiofilmsin situ in DWDS. One involves
cut-outs of pipes; the other one relies on dewviggsrted into the pipe. Pipe cut-out sampling
protocols are labour-intensive, expensive and ethsas destructive sampling methods
(LeChevallieret al., 1998; Wingender and Flemming, 2004). Furthermtre, excavation
and cutting processes often lead to concerns witihacnination and representative sampling.
The use of devices, commonly coupons, that careptoged repeatedly either within a pilot-
scale test facility or in an operational DWDS, a#othe study of biofilm dynamics over time
in relation to changing abiotic and biotic factonssitu. Commonly, the main limitation of
some of these devices is that they distort hydratsinditions in pipes and, in most cases,
shear stress and turbulence regimes are differemt those expected in real pipes, artificially
influencing the way biofilms develop. The Robbirvide (Manzet al., 1993; Kalmbactlet

al., 1997) and the “Pipe Sliding Coupon” holder (Changl., 2003) present these types of
hydraulic limitations. Some devices such as theofiBn Sampler” (Juhnat al., 2007) are
directly connected to a DWDS avoiding the distartiaf hydraulic conditions on biofilm
processes but to study situ biofilms, for example via microscopy techniquesfibns need

to be removed from the coupon. The Pennine Wateugcoupon, ‘PWG Coupon’, takes
the benefits of the “Biofilm Sampler” a step funthsince the coupon is curved and therefore
sits flush with the pipe wall reducing the distontiof hydraulic conditions (Deines al.,

2010). Another advantage is that the coupon compitigo parts; a removable ‘insert’, which
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allows the analysis of biofilmm situ and an outer part that can be used to extraceiaucl
acids for further characterisation of microbial commities (Deinegt al., 2010).

The application of coupon techniques in both expental and live DWDS makes it possible
for us to advance our understanding of biofilms #r@numerous abiotic factors that might
play a role in their formation and properties.

3. Conventional and current microbiological technigies and methodological
advancements to address the challenges of maintaigi potable water quality

Figure 1 shows the techniques most frequently usedetect, quantify, and characterise
microbial communities in drinking water-related sdes (i.e. bulk water and biofilm).
Conventional microbial techniques have been trawltily applied to monitor changes in the
microbial quality of water. Despite their usefulagthese techniques are certainly limited and
they only show a relatively small proportion (< 1%f) the total diversity of the water
samples (Riesenfeld al., 2004). Recently, molecular approaches have civemted these
limitations, allowing us to obtain a more detaiieshge of microbial communities. In this
section, the applications, advantages and limitatiof these techniques are discussed in
detail.

3.1 Microbial detection and enumeration

3.1.1 Culture-dependent techniques

Despite the well-known limitations of culture-dedent methodologies (Amaret al., 1995;
Theron and Cloete, 2000), they are the currentlaégy requirement used by water
companies and analytical laboratories to routin@lgnitor microbial quality of drinking

water, including the detection of faecal contamiorat

The reference method used for routine bacteriokbgmonitoring in drinking water is
heterotrophic plate count(HPC) measurements which assess only heterotrophic bacteria

able to form colonies on a solid medium at a spet@mperature. Counting the number of
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colonies grown after a defined incubation time pies a general estimation of the
bacteriological load in the water samples. Theesaveral standardized HPC methods but
not an approved standard operating procedure. Timesleods include incubation of plates
using temperatures ranging from 20°C to 37°C aref periods from a few hours to several
days (Allenet al., 2004). HPC yields only information about a linditgaction of the whole
microbial community in a sample but the low costative simplicity, wide acceptance and
long history of the method makes HPC a convenieal tor water utilities to assess the
efficiency of water treatment and to infer regrowthmicroorganism in the network (WHO,

2003).

Culture-dependent tests are also used to deteiaiod microorganisms such as coliform
bacteria. Coliform bacteria (e.gscherichia spp, Enterobacter spp and Citrobacter spp)

are habitual inhabitants of animal faeces and s teason their presence above certain
concentrations, established in specific legislatimsised to infer faecal contamination in the
water (Boubetraet al., 2011). Themembrane filtration (MF) technique and thenultiple
tube fermentation (MTF) method are often used to detect coliforms in drigkivater. The
MF technique consists of filtering a water sampledncentrate cells followed by incubation
of the filter on a specific medium and after a giyeeriod of time the developed colonies are
enumerated. In the MTF technique, the concentratfdracteria is estimated by inoculating a
series of tubes containing liquid medium with tefdfdilutions of the water sample. If the
medium supports microbial growth it will becomeltigr and the results can be expressed
using an estimation of the average number of biacterthe sample known as thmeost
probable number (MPN) technique(Sutton, 2010). However, further testing is gergral
required to confirm the presence of specific colifcorganisms (Ashbokt al., 2001). The
tests used to analyse these bacteria are relaithelgp, easy and safe to execute, providing

water companies and analytical laboratories wittbavenient tool to assess risk of faecal
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contamination. IrStandard Methods for the Examination of Water and Wastewater (APHA,
2012), detailed methodological information can dend regarding the detection of total and

faecal coliforms.

An alternative and more sensitive approach to detetiforms is based omnzymatic
reactions using the enzymef-D galactosidase an@tD glucoronidase. Briefly, the water
sample is used to inoculate a medium containingiBp@&nzyme substrates which in contact
with a particular microorganism produce a quartiiBacolour change (Rompet al., 2002).
The most widely used test based on enzymatic mectio detect coliforms is ColilertR
(IDEXX Laboratories) and a modified version, Quaniiray (QT), allows for their
guantification. These methods are easy to use lagyd dan detect non-culturable coliforms

(Georgeet al., 2000), but they are more expensive when compaithdcwitivation methods.

Alternative indicators of faecal pollution are sdammes monitored in addition to coliforms.
The sulphite-reducing anaerobe bacteri@hostridium perfringens is considered a good
indicator of faecal contamination (Ashbettal., 2001). Spores formed by this bacterium are
mainly of faecal origin and can survive disinfeatias they are more resistant than vegetative
cells. Consequentlylostridium spp. is a better indicator th&ncoli of the presence of more
long-lasting organisms such as viruses and protbegause they can survive under similar
conditions (Ashboltet al., 2001). There is an established ISO procedure etect C.

perfringens (ISO/TC 147/SC 4) using a selective medium fos thicroorganism.

In conclusion, culture-dependent methods are caaeméerdiagnostic tools used by water
companies given that they are simple to perfornatixely low-cost and fast ways of
detecting general microbial failures in the systétowever, they are only representative of a

limited and specific fraction of microbial commueg in water samples.

3.1.2 Culture-independent techniques
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To circumvent the limitations of culture-dependeéethniques in representing the actual
microbial diversity, culture—independent methodgehlaeen developed to detect and quantify
microorganisms. In Table 1, we comment on the mapplications, advantages and
disadvantages of the most commonly used technitpusetudy microorganisms in drinking

water distribution systems.
3.1.2.1 Microscopic methods

Epifluorescence microscopybased methods offer a faster alternative for manigothe
quality of drinking water than traditional plateurds, which have long incubation times.
Different fluorescent dyes can be used to direstidyn cells in biofilms and/or water samples
and to estimate total cell counts using an epilsoence microscope. Some of the most
useful dyes to quantify microorganisms in water &mofilm samples are acridine orange
(AO) (Hobbieet al., 1977), 4,6-di-amino-2 phenylindole (DAPI) (Schadl al., 1993) and
5-cyano-2,3 Dytolyl Tetrazolium Chloride (CTC) ($eche and Flemming, 1996). To
estimate viable cells a viability staining methoéyim be used, such as th&/E/DEAD ©
Bacterial Viability Kit (BacLight™) which contain$wo nucleic acid stains: SYTO 9™
(green-fluorescent) and propidium iodide (Pl) (femrescent). The SYTO 9™ dye
penetrates all membranes while Pl can only peretcatls with damaged membranes.
Therefore, cells with compromised membranes wdirsted, whereas cells with undamaged

membranes will stain green (Boulesal., 1999).

Fluorescentin situ hybridization (FISH) effectively extends epifluorescence microscopy,
allowing for the fast detection and enumeratiorspécific microorganisms (Wagnet al.,
1993). This method uses fluorescent labelled oligteotides probes (usually 15-25 bp)
which bind specifically to microbial DNA in the sahe, allowing the visualization of the

cells using an epifluorescence or confocal lasenising microscope (CLSM) (Gilbricet al.,

10
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2006). FISH has been successfully used to charsetericroorganisms within biofilms and
to detect pathogens in drinking water samples €Baital., 2003b; Wilhartitzet al., 2007).
An improvement of the FISH method is tbatalysed reporter deposition fluorescencen
situ hybridization (CARD-FISH) (Pernthaler et al., 2002a). This method uses
oligonucleotides probes labelled with a horse tadieroxidase (HRP) to amplify the
intensity of the signal obtained from the microangas being studied (Schawetal., 2012).
CARD-FISH is useful when dealing with drinking waamples since it can enhance the
fluorescent signal from cells in samples with lovicimobial concentration (Doriget al.,
2005). The method has been successfully appliedntestigate changes in microbial
communities in DWDS (Deinest al., 2010), to detect pathogens such Lagjionella
pneumophila (Aurell et al., 2004) and faecal indicatoréBaudart and Lebaron, 2010n
general, FISH is not used astand-alone technique and is mostly used in contibmavith
other methods to characterise microbial communities example of these combined
techniques isigh-affinity peptide nucleic acid (PNA)-FISH, useful to study pathogens in
biofilms due to the enhanced capability of the prad penetrate through the Extracellular
Polymeric Substance (EPS) matrix (Lehtelal., 2007). Another example I[9VE/DEAD-
FISH which combines the cell viability kit with FISH &8ichtchevaet al., 2005) and has
been used to assess the efficiency of disinfeectiddWDS (Hoefelet al., 2003). Despite its
numerous advantages when compared with culturenrdepé techniques, FISH also has
several limitations. First of all, knowledge of thecleotide sequence of the target organisms
is needed and the design of new probes and thmiaption of the hybridization conditions
can be time consuming and complex (Sanz and Kagh@®07). The efficiency of the
hybridization might be influenced by the physiolagistate of the cells and, to conclude the
signal emitted by auto-fluorescence cells can feterwith the signal emitted by the target

microorganisms (Doriget al., 2005).
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An alternative fast and reliable method to monibarcterial abundance and viability of
planktonic cells or cells in suspensions fiew cytometry (FC). This technique uses
fluorescent dyes to stain the water samples befioadysing them with a flow cytometer. The
cells in solution pass through a capillary thainiersected by a laser beam, when the laser
interacts with the cells this causes the lightdatter and also excite the dye, the fluorescence
intensity and the scattering generated can be deantising different detectors (Hammeis

al., 2008). Different fluorescent dyes can be useestonate total bacterial counts (Hammes
et al., 2008), virus-like particles (Rinta-Kant& al., 2004)and Cryptosporidium spp. and
Giardia spp.(Veseyet al., 1993; Veset al., 1994; Ferrarkt al., 2000) in water samples.
FC provides much more realistic quantification lud total number of cells in water samples
than traditional plate counts and recently has bestablished as a reference method in
Switzerland by the Swiss Federal Institute of Agqu&cience and Technology (Eawag).
However, when epifluorescence microscopy and flgtometry are used to measure cell
volume and/or estimate the viability or total cetlunts of biofilms and sediments, both
methods are susceptible to errors due to the foomaff cell clusters and the attachment of

cells to inorganic compounds (Van der Kaatigl., 2014).

3.1.2.2 PCR based methods

The polymerase chain reaction (PCRis a method used to amplify (i.e. obtain multiple
copies) fragments of DNAPCR based methods require the extraction of nucleidsac
(DNA/RNA), followed by the amplification of a targgene or genes via PCR and post-PCR
analysis. It is important to notice that the amptis obtained from PCR form the basis for all
the community fingerprinting techniques and nextegation sequencing methods explained
in the following sections of this review. The masteful PCR-based techniques to detect
microorganisms in drinking water anmaultiplex-PCR and quantitativeeal time (q-PCR).

Multiplex-PCR uses several oligonucleotide probes stimultaneously detect different

12
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microorganisms and has been used in drinking watated research to detect faecal
indicators and/or pathogens (Btjal., 1991). g-PCR is a sensitive tool to detect arahtjty
microorganisms in environmental samples based @amtdying the number of target gene
copies present in a sample. This technique cantoraiie amount of PCR product obtained
during the exponential phase of the PCR reactioguantifying a fluorescent reporter. The
amount of detected reporter is then correlated whth initial amount of target template
allowing the quantification of the target organi§iiubistaet al., 2006). Despite the general
limitations of the PCR-based techniques discusseatktail in Table 1, several studies have
shown the applicability of these methods to deteical indicators of human faecal
contamination (Albinana-Gimeneat al., 2009), pathogenic bacteria such Hicobacter
pylori (McDanielset al., 2005; Seret al., 2007),Mycobacterium avium and Legionella sp.

(Dusserreet al., 2008)and to quantifyGiardia andCryptosporidium (Guyet al., 2003).

3.2 Microbial community composition

The techniques discussed in this section are usgfibtain information about the microbial
members of drinking water-related samples. Thisrmftion is essential in order to detect
pathogens, microorganisms associated with corrosrowater discolouration, to monitor
biofilm formation on pipes, to assess the influenmle abiotic factors on microbial

communities and to compare diversity between difiesamples.

3.2.1 Phospholipid fatty acids

Phospholipid fatty acids (PLFAs) are useful to overcome the limitations of culturing
techniques when assessing the microbial commubnityposition of environmental samples.
The membranes of microorganisms have phospholipitish contain fatty acids (Zelles,
1999) and these can be used to obtain microbiahuamties fingerprints (Vestle and White,

1989). This technique has been applied in drinkimater research, to study biofilms

13



318 (Keinanenet al., 2004; Lehtoleet al., 2004) and to detect pathogens (Wlaital., 2003). It
319 should be noted that such techniques provide eerfprqnt which describes a microbial
320 community, and hence measures and compares owbvaisity but does not provide

321 identification of specific species actually presienthe samples.

322 3.2.2 Molecular Techniques

323 The advent of molecular techniques has enabledchiagacterisation of natural microbial
324 communities without the need of culturing microongans and has introduced new insights
325 into the microbial ecology of different ecosysterivklecular analysis of samples includes
326 the extraction and purification of DNA and/or RNBNA provides information of the total
327  microbial community of the samples while RNA-basathlysis represents only the active
328 part (Kahlischet al., 2012). The nucleic acid extraction is followed PR amplification of
329  “marker genes” to obtain taxonomic information. Thest commonly used marker gene in
330 microbiological research is the ribosomal RNA (rRNfene, 16S rRNA for prokaryotes and
331 18S rRNA for eukaryotes. The rRNA gene has differegions, some are highly conserved
332 across all phylogenetic domains (i.e. bacteria, su@kand archaea), other regions are
333 variable between related species (Woese, 1987)tlasdvariability allows for inferring
334 phylogenetic information from microorganisms inhady different ecosystems (Prosser,

335 2002).

336 During recent years, to aid identification of semwes recovered from environmental
337 samples, databases of small (16S/18S) and largenissil{@3S/28S) rRNA sequences for
338 bacteria, archaea and eukarya have been develogkedra constantly expanding. SILVA
339 rRNA database project provides good quality, alignbosomal RNA sequence data which

340 is regularly updatedwww.arb-silva.de). Other good databases are accessible through the

14
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Ribosomal Database Project (RDP) (http://rdp.cme.etii/) and the Greengenes database

(http://greengenes.lbl.gov/cgi-bin/nph-index.cgi).

An overview of the choice of primers pairs avaiafdr bacteria and archaea can be found in
Klindworth et al., (2012). The authors discuss the best availablegoamairs for different

amplicon sizes with respect to the SILVA 16S/183NADnon-redundant reference dataset
(SSURef 108 NR). Once the adequate primers have $®ected, the resulting PCR products
(i.e. amplicons) can be separated and analysed dgferent techniques as will be discussed

in the following sections.

3.2.2.1 Fingerprinting techniques

Among the different molecular tools available tosess the microbial community
composition of drinking water ecosystems, fingerpng techniques are the most commonly
employed. Fingerprinting techniques are particylanseful to simultaneously analyse
multiple samples and to compare different microlmammunity structuresDenaturing
gradient gel electrophoresis (DGGE)YMuyzeret al., 1993)andtemperature gradient gel
electrophoresis (TGGE) (Po et al., 1987) are fingerprinting techniques where specifi
fragments of the rRNA gene are amplified and thepasated based upon their sequence
composition in a denaturing polyacrylamide gel (CEJGr using a temperature gradient
(TGGE). The final result is a gel with a patternbainds which is a visual profile of the most
abundant species in the studied microbial commuiiitys approach allows for monitoring
changes in microbial communities and it can be usedilarly to other fingerprinting
techniques, as a semi-quantitative method to ettinspecies abundance and richness
(Muyzer, 1999). In addition, specific bands on tie# can be excised and sequenced for
subsequent taxonomic identification. DGGE is the tnegied fingerprinting method used to

characterise microbial communities in drinking watBGGE has been used to assess
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opportunistic pathogens in urban drinking waterfibres (Pryor et al., 2004) to monitor
biofilm formation and activity in distributions d9gsns (Boe-Hanseet al., 2003), to study the
effect of stagnation in taps (Lautenschlageal., 2010), corrosion on cast iron pipes (Tehg
al., 2008), nitrification in drinking water network¥ gpsakli et al., 2010), occurrence of
fungi in biofilms (Pereirat al., 2010) and to assess bacterial water qualityahdistribution
systems (Sekaet al., 2012). Despite its broad application, this teghei has several
disadvantages; first of all handling polyacrylamgids and obtaining the optimal denaturing
conditions is highly laborious. In terms of the lgs& of the gels, associating a single band
with a particular species is complicated and clorang sequencing of particular bands is
ultimately needed for confirmation of results (Mayz1999). Despite the use of markers on
the gels, comparison of patterns across gels aedd#tection of rare members of the

microbial community are challenging.

Although used to a much lesser extent than DGG&tethre other fingerprinting techniques
useful to characterise microbial communities in D®/Oerminal restriction fragment
length polymorphism (T-RFLP) is a technique based on the amplification of short
fragments of a marker gene using end-labelled parflau et al., 1997). The amplicons are
then digested with restriction enzymes (&l I, Cfo I, Hae lll) and the digested fragments
are normally separated by capillary electrophord3espite being less technically laborious
than techniques such as DGGE, the application BFLPs in drinking water is limited and
has been used in only a few studies, for exampl@datify protozoa in unchlorinated
drinking water (Valsteet al., 2009) or to study changes in biofilm microbiahoounities

over time in distribution systems (Douteretal., 2014).

Amplified ribosomal DNA restriction analysis (ARDRA) (Vaneechouttest al., 1992) is
another fingerprinting tool in which amplicons ®NMA genes are digested with a set of

restriction enzymes, producing a pattern of fragserpresentative of a given microbial
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community (Heyndrickxet al., 1996). ARDRA has been used to characterise efil
(Ludmanyet al., 2006)and to identify non-tuberculowdycobacterium (Tsitko et al., 2006).
Automated ribosomal intergenic spacer analysis (ARBA) (Fisher and Triplett, 1999) is
normally used to characterise fungal communitiesARISA, the ITS regions of nuclear
DNA located between the 18S (SSU) and 28S (LSUggeme amplified using fluorescent
labelled primers, then the amplicons are analysedsequencer to determine their size and to
ultimately obtain a fingerprint of the studied nabral community. The method known as
single strand conformational polymorphism (SSCP)(Orita et al., 1989) also separates
amplicons as a result of variation in their segeef\/idjojoatmodjoet al., 1995). The
amplicons are treated to obtain single DNA stranddich are separated via gel
electrophoresis. SSCP use in drinking water is &imged but has been used far situ

genotyping ol egionella pneumophila (Kahlischet al., 2010).

In general, fingerprinting techniques are frequentsed in combination with cloning and
sequencing, in order to obtain specific phylogen@tformation from selected samples.
Despite providing interesting results, the disadages of these techniques are discussed in
Table 1 and certainly the main drawbacks are they tequire specialist equipment and can

be very labour intensive.

3.2.2.2. Sequencing-based approaches

Cloning and sequencings the conventional and more widespread genompcoagh used
when detailed and accurate phylogenetic informatfioym environmental samples is
required. The method involves the extraction ofl@igcacids, amplification of the rRNA
gene with suitable primers and the constructiorlohe libraries using sequencing vectors
(Rondonet al., 2000). Selected clones are then sequenced (Shaged) (Sangeet al.,

1977) and the nucleotide sequence of the rRNA getreeved, allowing estimates of the
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microbial diversity in the samples by comparisothveequences available in databases (e.g.
GenBank, EMBL and Silva). The generation of DNAn&dibraries followed by sequencing
has being extensively applied in drinking water noiitology, a selection of these
applications are discussed in brief. This methogllbeen used to study long term succession
in biofilms (Martiny et al., 2003), disinfection efficiency (Hoefet al., 2005), nitrifier and
ammonia-oxidizing bacteria in biofilms (Lipponeet al., 2004), to characterise the
microorganisms present in red water events (Wuliawgd van der Kooij, 2006) and to detect

Bacteroidetes in unchlorinated water (Saundetsal., 2009).

The approach known ametagenomics involves sampling the entire genome of an
environmental sample in order to obtain sequenéarnration from the microorganisms
contained in it and to ultimately make taxonomisigisments to characterise them. A
sequencing-based approach useful to sequence tihe ggnome and characterise microbial
communities in environmental samples is knowsta® gun sequencingGenomic DNA is
cut into smaller fragments; these fragments canséguenced individually and then
reassembled into their original order in the gendoased on sequence overlaps, to obtain the
complete genome sequence. Environmental genomgwheequencing has been used in
ocean water to assess the diversity and relativaddnce of organisms (Ventral., 2004).

To our knowledge this molecular approach has nenbesed to explore drinking water
ecosystems but we consider that its applicatiorhiriiging new insights into the microbial

ecology of DWDS.

Independently of the sequencing approach employadpnomic assignments of the
sequences are typically identified using searchrahlgns such as the Basic Local Alignment
Search Tool (BLAST) (Altschukt al., 1990), sequences are also aligned, clustered and
phylogenetic trees are constructed using softwach s MEGA (Tamurat al., 2011),

PHYLIP (Felsenstein, 1989) and ARB (Ludvaal., 2004).
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Despite being enormously successful, cloning andesgcing approaches are very expensive
and time consuming and since the introductionnekt generation sequencing (NGS)
techniques their use has declined substantiallythén last decade, the usé¢ NGS has
incredibly enhanced the understanding of the mialadzology of different ecosystems. The
NGS platforms have improved the depth of sequensinge they can produce thousands of
short reads in a single run allowing for the detecbf less abundant members of microbial
communities (Metzker, 2010). In addition, the uséigh-throughput sequencing techniques
avoids the need of the laborious and time consurstegs in conventional cloning and
sequencing. However, NGS techniques provide seguafmrmation with a limited base pair
length (max ~600 bp) and, despite increases in lexagths as these technologies advance,
phylogenetic comparisons are based on shorted seegi&vhen compared with conventional
Sanger sequencing (max ~1500 bp). This restrictight result in less accurate gene
annotation and overestimation of microbial richnessamples. In addition, it should be
noticed that the resolution of NGS methods is autygoo low to identify microorganisms to
the species level. The most frequently used NGSfoplas are Roche 454 and
lllumina/Solexa. Nowadays, lllumina is replacingdRe 454 as the sequencing method of
choice for most of microbial-related studies. WHilemina yields shorter reads than Roche
454, the sequencing error of both platforms is camralple and lllumina is much cheaper than

454 (Luoet al., 2012).

Several bioinformatics software and analysis taois available to analyse the numerous
sequences reads obtained from NGS runs, the mefki wses are MOTHUR (Schlossal.,
2009), QIIME (Quantitative Insights Into Microbigkology) (Caporaset al., 2010) and the
pyrosequencing pipeline in the Ribosomal Datalf@egect (RDP) (Colet al., 2009). The
use of these high throughput sequencing technidoeslrinking water is constantly

increasing, recent studies have used pyrosequenaimtparacterise bacterial communities
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from impellers retrieved from customer water met@dong et al., 2010), in membrane
filtration systems from a drinking water treatmghdnt (Kwonet al., 2011), to assess the
influence of hydraulic regimes on bacterial comnyrégomposition in an experimental
distribution system (Douterel@t al., 2013) and to assess the influence of different
disinfectant regimes on microbial community dynar(iGomez-Alvarezt al., 2012; Hwang

et al., 2012). With sequencing costs decreasing, NGSableng an increasing number of
laboratories to taxonomically (and functionallypssify a wide range of the organisms that

are present in drinking water.
3.3 Microbial activity and analysis of functional ggnes

Studying the structure and composition of microarg@s in environmental samples is
important; however, the understanding of theinaigtiand function is vital to get a complete
picture of the microbial ecosystems. Linking thegance of microorganisms to specific
biochemical or physical processes is an ultimatal go any environmental microbial

research. The methods described in this sectiomelpnto assess the viability and stability of
microbial communities in response to specific treatts or conditions or to study specific

processes such as corrosion, discolouration otrdfemition in distribution systems.
3.3.1 Estimation of biomass

Two methods widely used in drinking water reseaichestimate biomass and bacterial
growth are the quantification afdenosine triphosphateg/ATP) and ofassimilable organic
carbon (AOC) respectively. ATP quantification enables activecnaibial biomass to be
measured (van der Wielen and van der Kooij, 20Boiefly, cellular ATP reacts with a
luciferin-luciferase complex, the luminescence pmslin this reaction is proportional to the
concentration of ATP, which is then correlated e guantity of biomass in the sample

(Hammeset al., 2010). Nowadays, ATP can be easily assessed tising@acTiter-GI&
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Microbial Cell Viability Assay (Promega, UK), whichllows quantification of several
samples simultaneously using a microplate readas method is fast, low-cost and easy to
perform, thus is an ideal tool for monitoring pusps. The use of ATP is well-established in
drinking water-related research and is used asli@vable method to estimate microbial
activity (Hammeset al., 2010). Numerous studies have successfully usedigbhnique to
assess microbial viability and the biological slisbof water in DWDS (Lehtolat al., 2002;
Berneyet al., 2008; Hammest al., 2008; Lautenschlaget al., 2013).A0C is widely used

in drinking water research to assess growth ofrbetgphic bacteria in water (van der Kooij,
1992). Hammes and Egli (2005) developed a new astef AOC method using natural
microbial communities as inoculum and flow cytormete estimate cell counts in water
samples. The method has been used to test themeBuof disinfectant on microbial growth
in distribution systems (Choi and Choi, 2010; Ohttaiet al., 2013) and for assessing the

potential growth of biofilms on different pipe mate (Zacheust al., 2000; Liuet al., 2002).

ATP and AOC methods have been tested in ordersiesaghe biological stability of drinking
water, which is defined as the inability of wateraomaterial in contact with water to support
microbial growth (Delftet al., 2010; Liuet al., 2013) and implies that the concentration of
cells and the microbial community composition sklonbt change during water distribution
(Lautenschlagest al., 2014). Most of the research related to biologstability is focused on
estimating the potential microbial activity in watnd/or in particle-associated bacteria (i.e.
associated to suspended solids and loose dep(sitsgt al., 2014). In general, the AOC
method has several limitations; i) assumes thatebat growth is limited by organic carbon,
i) quantifies available nutrients instead of baieteand iii) depends on the type of bacteria
used (Liuet al., 2013). Due to these limitations, it has been icamed that the potential
contribution of nutrients and biomass containeddmge deposits is overlooked when using

this method (Liuet al., 2013). ATP has been used to quantify the bacfesia different

21



513

514

515

516

517

518

519

520

521

522

523

524

525

526

527

528

529

530

531

532

533

534

535

536

phases of an unchlorinated DWDS, including bulkergbipe wall biofilm, suspended solids,
and loose deposits (Liet al., 2014). The study concludes that bacteria assatiatth loose

deposits and pipe wall biofilm accumulated in th& DS accounted for over 98% of the total
bacteria. However, when using ATP to study partigbsociated microorganisms it is
necessary to perform some pre-treatment to the Isantp detach the microorganisms into

suspension for further analysis (Liu et al., 2013).

In general, ATP and AOC quantification methods &anused in combination with other
techniques, such as flow cytometry, to enable batights into the response of microbial
communities to specific treatments or conditionggMet al., 2012) or to predict changes in

their stability in response to different factora(itenschlageat al., 2013).

3.3.2 Functional genes

The study of functional genes involved in metabahe catabolic pathways is essential when
attempting to link microbial diversity with spedafiecological functions. In drinking water
research, better knowledge of the role of microoigas in processes such as biofilm
formation, disinfection efficiency, water discolation and corrosion is without doubt

required.

The molecular approach known agetatranscriptomics is based on the study of actively
transcribed ribosomal and messenger RNA (rRNA ariRNA&) and facilitates linking
specific functions to certain members of a micrbb@mmunity. Routinely, the first step is
the extraction of RNA from a sample. This maybdallenging process since RNA degrades
easily outside the cells due to its short-half biied to the presence of RNAases. For an
accurate estimation of gene expression, it is ialgmrtant that the extracted RNA is free of
contaminating DNA and inhibitors (Bustiret al., 2009). After RNA extraction,

complementary DNA (cDNA) is synthesized from RNA teyerse transcription (RT) using
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random or specific primers (Sharketyal., 2004) and the resulting cDNA can then be used to
measure the expression of functional genes by tamelereal time-PCR (RT-PCR) or

functional microarrays.

RT-PCR can be applied to study changes in expression micpkar genes in response to
different treatments (e.g. disinfection strateg@sil/or changes in environmental conditions
(e.g. pH, temperature and hydraulic regimes). RRRAE highly sensitive, accurate and
allows the analysis of several samples and the aisedifferent functional genes
simultaneously on the same experiment. In drinkuager research, RT-PCR has been mainly
applied to quantify and to monitor the expressibgemes involved in particular metabolic or
catabolic pathways such as0A genes to study ammonia oxidising bacteria andagahn
distribution systems (Hoefet al., 2005; van der Wielest al., 2009),dsrB genes to study
sulphate reducing bacteria (& al., 2010) and thenirS gene to assess the distribution of

denitrifiers in a water well field (Medihakt al., 2012).

The application offunctional microarrays enables assessment of the overall gene
expression of a microbial community. In microarrapéigonucleotides probes targeting
functional genes are immobilized on solid supp(etsps) and arranged spatially in a known
pattern, the subsequent hybridization between dhget cDNA, labelled with a fluorescent
dye, and the oligonucleotides on the chip indicdtes the gene has been transcribed
(Sharkeyet al., 2004). With this technique patterns of hybridigatare obtained and the
intensity of the fluorescence is proportional to ene expression (Gilbridet al., 2006).
GeoChip is an example of a functional gene arrag/eiril., 2007), the last developed array
of this type GeoChip4.0 contains 120,054 distimobps, covering 200,393 coding sequences
(CDS) for genes involved in different processeg.(diogeochemical cycles of carbon,
nitrogen and phosphorus). The main advantage afjusicroarrays is that the expression of

thousands of mMRNAs can be assessed simultaneddsiyever, most of the arrays are
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normally developed using genes and metabolic patbwbtained from laboratory isolates
and when microarrays are applied to environmeraaiptes sequence divergence can affect
hybridization leading to erroneous interpretatiofWilmes and Bond, 2006). Other
limitations of microarrays to be aware of are Igpedficity in some cases and that mRNA
expression and protein expression are not alwaestth correlated (Pradet-Balade al.,
2001). Despite the high potential of this technidoe assessing functionality of microbial
communities, the use of microarrays has not yeh leglored for this purpose in drinking

water research.

3.3.3 Proteomics

Proteomicsis a discipline focused on the identification obfg@ins andnetaproteomicscan

be defined as the characterisation of the entwé&epr complement of a microbial community
(Wilmes and Bond 2006). Protein expression can lectlly associated with specific
microbial activities. The fundamental steps in poohics investigations are protein
extraction, separation and/or fractioning, ideoéifion and quantification (Sigging al.,
2012). Traditionally, proteins are visualised andpagated in a two dimensional
polyacrylamide gel electrophoresis (2D-PAGE) thagested with enzymes and identified by
mass spectrometric (MS) analysis (Schneider andeRi010). However, 2D-PAGE gels
have several limitations, to name a few; they aghllyilaborious, proteins can co-migrate in
the gel and some proteins such as membrane prof@oteins with extreme molecular
weights or isoelectric points are difficult to segte (Schneider and Riedel, 2010).
Alternatively, proteins can be separated ligyiid chromatography (LC). The combined
approach using LC-MS has become widely used inrenmental proteomics and the use of
2D-PAGE gels has currently decreased. Furtherntioeeyse of gel-free protein fractions has
been recommended when possible since they prowyerhlevels of protein identification

when compared with gel-based methods (Sigghsal., 2012). Ultimately, the mass
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spectrophotometer generates a peptide sequenceeaptide mass fingerprint (PMF) which
can be compared with available databases. If setngedata is not available, proteins can be
identified from their correspondindge novo peptide sequences by means of a protein BLAST

(BLASTp) (Wilmes and Bond, 2006; Pandleqhl., 2008).

Recently, protein identification has been fadiéth by the development of NGS and new
metagenomic sequences databases. Additionally titatare proteomics and the MS-based
guantification method can be used to quantify nb@b activities across different
environmental or operating conditions. This apphoadased on the use of stable isotopes as
mass-tags to label proteins, the tags can thendeetified and quantified by the MS
(Bantscheffet al., 2007). Althoughde novo peptide sequences can be used for protein
identification, the main limitation of metaproteasiis that it relies on genomic or
metagenomics sequence data, which is used to fig@ntiteins. As a consequence, it cannot
be used as a ‘stand-alone’ method. To the bestiokmowledge, metaproteomics has not yet
been applied in microbial research in DWDS. Howgvehas been successfully used to
investigate microbial community functions in othaguatic ecosystems such as marine
environments (Morrigt al., 2010), freshwater ecosystems (Laet@l., 2011) and biofilms
from an acid mine drainage (Denetfal., 2009; Denefet al., 2010; Muelleret al., 2010)
which shows the potential for functional analysisngsmetaproteomics in DWDS in the

future.

3.3.4 Metabolomics

Metabolomics studies the metabolome which includits metabolites that are produced or
consumed as a result of biological activity (Beateal., 2013). Within metabolomics,
metabolic footprinting focuses on the analysisxdfaeellular metabolites which can provide

information on functional genomics and on cell &l communication mechanisms (Mapelli
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et al., 2008). This methodology can be used to monit@ pinesence and/or microbial
mediated processes in DWDS since it allows assngiapecific metabolite profiles with
different microorganisms (Bealet al., 2010). Profiles of intracellular and extracediul
metabolites associated with microbial activity denobtained using techniques suclgas
chromatography-mass spectrometry (GC-MS) GC-MS approaches have been used to
study microbial influenced corrosion. Beale et £2012), used GC-MS to obtain specific
metabolic markers in order to discriminate betweeter samples and to identify those
exposed to bacteria involved in pipe corrosioranother study, Bealt al., (2010) applied a
metabolomics approach to also study pipe corrosioth were able to observe using 3D
fluorescence spectroscopy the ‘protein-like’ fludrope associated with presence of bacteria
in water collected from corroded pipes and crossreace this with derivatised fatty acid
metabolites using GC-MS analyses of the same wadseng samples from flushing a water
main Bealeet al., (2012), demonstrated the effectiveness of mébatios to study biofilms

in DWDS using also GC-MS, the chemometric analysis the chromatograms in
combination with mass spectrometer data allowetemihtiating between biofilms from
different pipe materials and planktonic bacteriae Same author, Bea&t al., (2013) has
also showed that a metabolomics approach can laetagapidly (less than 24 h) detect and
guantify viable and non-viabl€ryptosporidium oocysts in water samples. In this research,
the authors used a chemometric approach to anglysiformation obtained from
chromatographic and mass spectral data to ideatity quantify excreted metabolites from
Cryptosporidium oocysts and found that a number of key metabdétures including
aromatic and non-aromatic amino acids, carbohyslratatty acids, and alcohol type
compounds were able to explain the difference betvibe viable and non-viable oocysts in
water samples.

3.3.5 Other functional techniques and combined appaches
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Other molecular techniques which can be usefulntestigate functionality in microbial
ecosystems are environmenttiot gun sequencingstable isotope probing (SIP)and
RNA-FISH. As explained in detail in a previous section, @ndenvironmentakhot gun
sequencing randomly samples sequencing data from fragment®&th/RNA from an
environmental sample (Eisen, 2007), allowing deteation of the metabolic capability of a
microbial community (Allen and Banfield, 20055IP, enables determination of the
microbial diversity associated with specific metabpathways (Radajewskt al., 2000) and
has been generally applied to study microorganisw@ved in the utilization of carbon and
nitrogen compoundd he substrate of interest is labelled with stabtedpesC or*°N) and
added to the sample, only microorganisms able taoéise the substrate will incorporate it
into their cells. Subsequentl}’°C-DNA and *>N-DNA can be isolated by density gradient
centrifugation and used for metagenomic analysiandfield et al., (2002), suggest that
RNA-based SIP could be a more responsive biomdokerse in SIP studies when compared
to DNA, since RNA itself is a reflection of cellulactivity (independent of replication) and
because synthesis rates are higher for RNA thaibfA. To our knowledge SIP has not
been applied to DWDS research however it has bsed to assess hydrocarbons and oil

contamination in aquifers (Busch-Haretsal., 2008; Winderkt al., 2010).

Methods such adf3romodeoxyuridine (BrdU) incorporation, microautoradiography-
FISH, Raman-FISH andisotope array provide further insights into the metabolic adtes

of the microorganismsBrdU incorporation is a non-radioactive approach that provides
information of active and DNA synthesizing cellshem used in combination with FISH
gives the identity and activity of targeted ceFPefnthaleet al., 2002b). The combination of
BrdU magnetic bead immunocapturing and DGGE amalyave facilitated the exploration of

the phylogenetic affiliations of DNA-synthesizingnch active bacteria (Hamasaki al.,
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2007), such methods could be used to study thelityadf bacteria in drinking water during

treatment processes.

Microautoradiography (MAR) is a radioactive approach used in combination WitBH
(MAR-FISH) to reveal the physiological properties of microarigens with single-cell
resolution (Wagneet al., 2006). MAR-FISH provides information on total Iselprobe
targeted cells and the percentage of cells thairpurate a given radiolabelled substance
(Ouverney and Fuhrman, 1999). This method has wégely applied to study the structure
and function of microbes in freshwater and marioesgstems including biofilms (Leat al.,
1999; Nielseret al., 2003; Kindaichiet al., 2004a). The method provides a picture ofithe
situ function of targeted microorganisms and is anatiffe approach to study the vivo
physiology of microorganisms in biofilms (Ginigeal., 2004). Leeet al. (1999) developed a
microscopic method in combination with FISH and MAR simultaneous determination of
identities, activities and substrate uptake by ijgebacterial cells in complex microbial
assemblages. Kindaictet al. (2004) used this approach to study the ecophygicdb
interaction between nitrifying bacteria and hetexphic bacteria in biofilms. Such a study is
relevant for drinking water as chlorination of walbtes been found to promote the growth of
nitrifying bacteria (Eichleet al., 2006). Nielsert al. (2003) developed a new technique for
guantification of cell-specific substrate uptakecombination with MAR-FISH known as

QMAR (quantitative MAR).

Most of the techniques explained above have noth beelely used in drinking water

microbiology and the lack of knowledge regarding fnction of certain microorganisms in
drinking water ecosystems could be addressed Wwebket Therefore, it is likely that in the
near future the techniques discussed here will¥pdoeed and optimised to study in more

detail the role of certain microorganisms in DWDS.
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3.4 Biofilms and species interaction

Most of the microorganisms inhabiting DWDS are @itd to the pipe surface forming
biofilms (Flemminget al., 2002). The resistance of biofilms to disinfectanmd the difficulty

of controlling their growth in distribution networkse common themes for research groups
and water companies around the world. There areermms studies regarding biofilm
response to different chemicals and disinfectargtesgies, most of them using bench top
reactors and single species biofilms (Gageioal., 2005; Murphyet al., 2008; Simoest al.,
2010b). However, a better understanding of the ipbyshemical structure of biofilms, and
of the mechanisms regulating its formation suchdigesion and coaggregation, in DWDS is

needed and fundamental to improve and/or develop@eand management strategies.

3.4.1 Cell adhesion

The process of biofilm formation is initiated byteathment of planktonic cells to the pipe
surfaces (Simoedt al., 2007). Bacterial adhesion is affected by envirental conditions in
the network (e.g. hydraulic forces, disinfectangimee, pipe material) and by intrinsic
characteristics of the cells such as hydrophobicgurface charge, production of
polysaccharides and cell motility (Li and Logan,020 Simoeset al., 2010b). Different
parameters can be used to estimatgttential of cell adhesion for example measurements
of cell hydrophobicity, electrostatic potential atice thermodynamic potential of the cell
(Van Loosdrechtt al., 1987; Simoest al., 2007). Adhesion to surfaces is often mediated by
hydrophobic interactions; often measured dngle contact measurementgCercaet al.,
2005). The method was initially described by Bussah al. (1984) and has been used to
study adhesion to surfaces mainly by clinicallywant microorganism such Bseudomonas
aeroginosa (Pasmoreet al., 2002)and Mycobacterium avium (Steed and Falkinham, 2006).

This method has been also used to study the patehtbacteria isolated from drinking water
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708 to adhere to different materials (Simasal., 2007; Simoegt al., 2010a). However, it has
709  been suggested that to accurately predict bactailasion the surface charge of the bacterial
710 cell needs also to be incorporated in adhesion fmofléan Loosdrechtet al., 1987).
711  Habitually, to assess the cell surface chargezéta potential is determined by measuring
712 the electrical potential of the interface betwee® aqueous solution and the stationary layer
713  of the fluid attached to the cell (Karunakarenal., 2011). The zeta potential has been
714 measured to assist in determining the potential adnhesion of drinking water-isolated
715  bacteria to polystyrene (Simoes al., 2010a). Soniet al. (2008) showed that the zeta
716  potential among selected drinking water bacteria. (Pseudomonas spp., E. coli and

717  Salmonella spp.) varies depending on their physiological state

718  Nowadays, spectroscopy techniques such as RAMANriémetransformed infrared (FTIR),
719 and X-ray photoelectron are preferred options tadytthe chemical characteristics of
720 bacterial cell surfaces in biofilm-related resear@farunakaranet al., 2011). These

721  techniques are discussed in section 3Bfogéhemical composition and visualization.

722  3.4.2 Coaggregation

723  Once the substratum is colonised by microorganistelis will grow and produce EPS,
724  microcolonies will develop and coadhesion and coaggfion of different bacterial cells will
725  contribute towards the development of a multi spediiofilm (Rickardet al., 2003). In the
726  process known as coaggregation (cell to cell icteras), single species cells and multiple

727  microbial species will interact and become attadioeshch other (Rickaret al., 2003).

728  The most commonly used method to study coaggeayain biofilms is thevisual
729  coaggregation assayThis technique involves mixing, generally in paipsanktonic batch
730 cultures of specific bacteria and assessing theedegf coaggregation visually in a semi-

731 quantitative way (Cisaet al., 1979). If the mechanism of cell-cell recognitioccurs, cells
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will form coaggregates that will tend to settle ,ogitving different levels of turbidity in the
medium (Simoest al., 2008). The visual aggregation assays use a sivgescoring criteria
based on the method developed by Cetal. (1979) to assess the degree of coaggregation
between species. Values ranging from 0 (no coagfymy to 5 (large flocs of coaggregates
settle down and leave a clear supernatant) argreskito the biofilm cultures to subjectively
classify the level of coaggregation. However, thjsctivity of this method can make

accurate comparisons between studies difficult.

Bacterial coaggregates can also be visualised B##R) (total cell counts) oLIVE/DEAD
(viability) stains in combination wittfluorescence microscopy for details see 3.1.2.1
Microscopy methods). Growth rates of different combinations of baieteisolated from
drinking water can be monitored over time usmigrotiter plates with R2A as a medium
and inoculating the plates with the cell suspersitnstudy (Stepanoviet al., 2000). If
coaggregation occurs the biofilm will grow changthg initial optical density of the medium
which can be detected using spectrophotometry.ilBisfcan also be stained witlrystal
violet to quantify changes in biofilm mass during thegess of coaggregation (Simagsl .,

2010a).

These methods have been useful to study coaggragh@tween species isolated from
drinking water biofilms (Simoest al., 2008, 2010a; Giaet al., 2011; Ramalinganet al.,
2013). Most of these techniques have been appbedtudy biofilms under laboratory
conditions at a bench top scale and cannot beegpiplisitu to biofilms attached to drinking
water networks. However, compared with moleculaedatechniques, coaggregation assays

are relatively cheap, easy to perform and resaltsbe obtained in short periods of time.
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Molecular-based techniques have also been appledtidy coaggregation. Mutants
defective in genes associated with cell-cell inteoms have been used in biofilm research to

discover their function in the process of coaggtiegaDavey and O'Toole, 2000).

3.4.3 Quorum Sensing

The biochemical process of cell to cell communaratknown asguorum sensing (QS)
plays an important role in initial cell attachmeatsurfaces and in the control of biofilm
growth. QS systems are also involved in polysaédhasynthesis, microbial adherence, cell
division and motility (Lazar, 2011). Molecular tethues such aRT-PCR have been used
to study the expression of genes involved in Q§. (dgne QscR regulon, gene HapR), but
mainly applied to pathogenic species suchPasudomonas aeruginosa (Lequetteet al.,
2006) anaVibrio cholerae (Liu et al., 2007). Microscopy techniques suchcasfocal laser
scanning microscopy(CLSM) are also useful to monitor morphological changesiofiims
and have been applied to study the formation ofilmef by pathogenic bacteria with
mutations in QS genes (Purevdetjal., 2002; Coleet al., 2004; Huanget al., 2009). QS
processes are directly involved in inhibition oomotion of biofilm growth, consequently a
better understanding of these mechanisms wouldibate to control or prevent the negative
consequences of biofilm growth. Due to the compyerf interactions between signalling
molecules in multi-species biofilms, most QS reslednas been based on the study of a
limited number of bacterial species, isolated fronodel drinking water systems and
generally developed under laboratory conditions.aAsonsequence, the main drawback of
these coaggregation and cell-to-cell techniquékasthey ignore the actual diversity of real
biofilms and the ecological complexity of DWDS. &g research should address this
complexity using new -omics technologies, for exampbmbining metagenomics and

proteomics.

32



778

779

780

781

782

783

784

785

786

787

788

789

790

791

792

793

794

795

796

797

798

799

800

801

802

3.4.4 Biochemical composition and visualization

The biochemical composition of biofilms, particularly the EPS matricomponents (i.e.
carbohydrates, proteins, lipids and cells) may bentjfied and evaluated via chemical assay
techniques or microscopy based approaches. In todgplychemical assay# is necessary
to first isolate the EPS from the cellular fractiohthe biofilm and ensure the isolate is free
from intracellular contaminants due to cell lystsswide array of extraction and cell lysis
detection methods are available, the most commowloth are summarised in Table 2.
Several authors have compared different extractemmniques (Jahn and Nielsen, 1995;
D’Abzac, 2010) but no single method has been fawnde consistently the most efficient,
generally varying with the sample origin and methlody applied. Michalowskét al. (2009;
2010), evaluated several EPS extraction technigsieg biofilms grown in a reactor fed with
drinking water and showed that a cation exchangm €ER) based protocol was the most
efficient method.

Extraction processes facilitate the use of biochemical assays to q@anprotein
concentrations using, for example, the Bradfordhoet(Bradford, 1976) or Lowry (1951)
based approaches (see Table 2). Carbohydrates engyamtified using a glucose assay kit
(Karunakaran and Biggs, 2011), the phenol-sulfuniethod described by DuBoig al.
(1956) or the anthrone method proposed by Trevedyah. (1952), see Table 2 for more
details. Extraction and chemical analysis is masteassful when applied to well-developed
biofilms with a maximum biomass. This is not anussvhen biofilms are grown under
idealised laboratory conditions, but when workinghwdrinking water biofilms developed
under more realistic conditions, which often haveveer biomass; these extractions methods
may be less useful. For instance, Michalowatkal. (2009; 2010) successfully used these
techniques with 14 day old drinking water biofilinem a reactor but their application to 28

day old biofilms from a full scale DWDS facility gduced unreliable, inconsistent results

33



803

804

805

806

807

808

809

810

811

812

813

814

815

816

817

818

819

820

821

822

823

824

825

826

827

(Fish, 2013). With extraction based processes ndetail chemical-species analysis, via
PAGE gels and protein sequencing, can be obtaisgd) the same EPS isolates as used for
evaluation of biochemical concentration. Howevbese techniques also require the sample
to be physically disturbed; consequently the I@zdion of different biochemical components
within the biofilm cannot be evaluated.

Non-invasivemicroscopy techniquesoffer a way to overcome some of the limitations of
extraction techniques, providing the possibility mbnitoring, quantifying and visualising
cellsand other biofilm components situ, without perturbing their structur€onfocal laser
scanning microscopy (CLSM) in combination with different fluorescent dyesa common
and useful approach for biofilm-related researchaAge of fluorescent dyes can be used to
detect and quantity different biofilm componentsnte of the most commonly used ones are:
DAPI for cells, Syto-60 and Syto-84 for nucleicds;iFITC and Sypro red for proteins, Nile
red for lipids, and concanavalin A (ConA) labell@th Alexa fluor 488 for carbohydrates
(Johnseret al., 2000; Yanget al., 2006). The method based on the Green Fluorestetdin
(GFP) is widely used to detect specific bacteral types within biofilms (Wouterst al.,
2010). To analyse confocal images different soféwiaravailable such as DAIME (Digital
Image Analysis in Microbial Ecology) (Dainmet al., 2006), COMSTANT (Heydormet al.,
2000) and IMARIS (Bitplaine, St Paul, MN) which gparticularly helpful to analyse 3D

images and quantify Z-stacks (Hall-Stoodétwl., 2008).

Fluorescent staining and CLSM have been succegsfséld to assess the EPS carbohydrates
and proteins of flocs (Schmid al., 2003), granules (McSwaid al., 2005) and single-
species cultured biofilms (Chehal., 2007; Shumet al., 2009). However, within a drinking
water context, the scope of CLSM analysis is gdlyetimited to the study of cells and
carbohydrates, or targeting carbohydrates and ipsoteparately, using different samples

(Ivleva et al., 2009). Wagneet al. (2009) analysed biofilms from a wastewater fecct@a
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using two dual combinations of fluorophores to &trgarbohydrates/cells of one sample,
followed by the proteins/cells of another. Convbrs€ish et al., (2011) demonstrates the
application of a triple stain combination, CLSM adidital image analysis to concurrently
visualise and quantify the carbohydrates, protamd cells, of multi-species biofilms from a
full scale DWDS. The use of fluorescent microscopystudy biofilms is restricted by the
excitation wavelengths of the lasers available t& given imaging facility and the
amalgamations of stains which can be separatedj tisese laser combinations. While this
approach does not enable the detailed analysishefical-species possible with the
extraction processes, fluorescent staining and imgagechniques may be favoured as they
enable visual investigations of the 3D arrangenoétihie biochemical compounds, as well as

guantification.

Another useful technique to visualise biofiimsanning electron microscopy (SEM)this
has been used to obtain 3D images of biofilms afiases of drinking water networks
(Hammeset al., 2011). However, the samples for SEM need to loeqssed (i.e. fixed,
dehydrated and coated with a conductive materidreehey can be visualized which can
create artefacts or the partial destruction of liladilm structure (Bergmanst al., 2005).
Alternatively, environmental scanning electron microscopy (ESEMMmay be used, for
which samples do not require processing, howeher maximum magnification obtained is
less than with conventional SEM (Donald, 2003)shbuld be noted that both SEM and
ESEM provide purely qualitative analysis, unlike LGS or a technique termed-ray
photoelectron spectroscopy,which provides direct chemical analysis of thefaues of
microbial cells (Rouxhett al., 1994) and can be used to investigate environrheataples
under realistic conditions (Bluhmt al., 2006). Techniques, such &ansmission electron
microscopy (TEM) and scanning transmission X-ray microscopy (STXM) were

successfullyused by Lawrencet al. (2003) to map the distribution of lipids, polyshaddes,
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853  proteins, and nucleic acids within riverine biofdmHowever, no references are available
854  regarding the application of these approachesibhkidg water samples. Several studies have
855 also appliedfourier-transform infrared spectroscopy (FTIR spectroscopy) to obtainin

856  situ biochemical and physiological information on biimi$ and to monitor and map changes
857  during their development (Quilest al., 2010; Nazet al., 2013). The main disadvantage of

858 FTIR is that biofilm samples need to be dried befttrey can be analysed, which can have

859  similar impacts upon sample integrity as the prsicgsrequired for SEM.

860 The use oframan microscopy (RM) can overcome the problem of post-image processing
861  since hydrated biofilm samples can be used (Karuaala al., 2011) and detailed chemical
862 composition data can be obtained (lvlestaal., 2009; Wagneet al., 2009). RM has been
863  used in conjunction witlCLSM to investigate the influence of hydrodynamic ctiods on
864  the chemical composition of wastewater biofiimse(dvaet al., 2009; Wagneet al., 2010)
865 and to identify bacterial species (Beigr al., 2010). Wagneret al. (2009) successfully
866 applied the method using wastewater biofilms oltem a month and it is unrealistic to
867 expect that similar results can be obtained witimkilng water biofilms given the low
868  microbial content of drinking water in comparisanvastewater. Wagnex al. (2010) also
869 concluded that RM is a slow, laborious method, Whian promote photo bleaching of the
870 samples, therefore it is suggested for RM to bel msere widely in biofilm research, which

871  should improve the technology.

872 Despite the array of technical advances in methoskd to assess biofilm biochemical
873  composition or distribution, the processes drivihg expression or production of different
874  cell biochemical components or how these are régailat a genetic level, remain unknown.
875  Further research to fill this knowledge gap will beeded to understand, for example the

876  physiological differences of biofilm bacteria frothat of their planktonic counterparts

36



877

878

879

880

881

882

883

884

885

886

887

888

889

890

891

892

893

894

895

896

897

898

899

900

(Karunakaranet al., 2011) or the influence of environmental paransetgpon their gene

expression and activity.

4. Application and integration to better inform understanding and management of

drinking water distribution systems

There is, arguably, a tendency to overlook the gharin water quality that can and does
occur within DWDS. There is a reliance that thehhggality water produced from modern
water treatment works will not be deteriorated moumacceptable level. However, we know
that DWDS are not inert transport systems; compleysical, chemical and microbiological

processes take place between the source and thengeris tap.

Understanding and predicting bulk water changebiwithe DWDS can help secure potable
water quality. Research and practice in this ase#ten led by the transfer and application of
latest treatment work derived process scienceishsifarting to utilise some of the tools and
techniques presented here. However, it is knowh ttienchanges occurring within DWDS

are influenced and often dominated by the interfaetsveen the pipe infrastructure and the
bulk water (Sekar et al., 2012). It is increasingbcepted that microbial communities are
ubiquitous at this interface and that biofiims #ne dominant source of DWDS organic
matter. Despite this, we lack applicable understapdif the microbial communities at the

pipe wall interface, particularly with respect teir impact on water quality and, conversely,

how the environmental conditions of the DWDS impatthe community.

The methods presented here facilitate researcgitoi quantify the microbial community,
evaluate microbial diversity and determine the pti& function of those microorganisms
present (including the potential to harbour patimsgye Ultimately, this research offers an
assessment of the impact of the microbial ecolognupater quality and asset management

It is however important that such microbial resbascconducted in an integrated manner, for
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example there is a body of understanding conceroamgpsion of cast iron pipes, driven by
consideration of structural performance includingskal and leakage, that relates to the
interface and includes consideration of microbiadmted corrosion. We need to strive to
integrate physical, chemical and biological underding. It is important to note that the
techniques presented here are not always optinfisedpplication to DWDS and that
development work is needed to yield valid and imfative data. These techniques are also
often time and resource intensive, requiring cdredmsideration of the specific question(s)
to be explored and how the resulting data can bisad, such as to inform modelling. It
should also be noted that often a range and/or c@tibn of techniques need to be applied
in order to obtain the required knowledge. Caretirisideration, planning and understanding

of the implications of sampling method and regisalso critical, as discussed earlier.

Applied research is needed that can move assetgearent strategies away from the idea of
a ‘clean’ pipe that can be maintained in perpetultys generally accepted in most fields that
the complete eradication of biofilms is impossible our knowledge a suitable surface
entirely resistant to colonization of microorganssaioes not exist. Even if such a material
were found, it is unlikely it would be suitable fiatrofitting to the vast, ageing, deteriorating
infrastructure of DWDS. Hence, while a ‘clean pipeay be briefly achieved by highly
invasive, aggressive cleaning approaches, thepilbdbe compromised as soon as potable
water is introduced, as a microbial community wgtablish, evolve and adapt over time. It is
important that we learn how to understand, prealct manage this community such that we
can estimate the risks to water quality that th@mmunity poses and can develop
interventions to control and manage that risk. Treed to understand predict and manage
necessarily requires developing modelling toolscapture and extrapolate community
composition, behaviour, function and impacts. Soabdelling will be essential to enable

extrapolation between bench top, pilot scale amd sgstems. It is impossible that we can
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that we can sample and test for every combinatia@onditions and variables that exist in the
real world, hence modelling is essential. Ultimatiélwould be desirable for such models to
be driven by surrogate data rather than beingnieta the complex and expensive tools and
techniques presented here. Hence there is a neddviop such surrogates and for the
adoption of standard methods, these should noseaadby be driven by regulation, but by the
need for best asset management and service delilkiesygh a risk based management

approaches.

With the latest generations of tools and techniquesented here we are now able to start
generating data and understanding to inform and Iptgoguitable modelling approaches and
ultimately derive management and operational guigabdtimately such research will help
ensure that the best sustainable use can be mame ekisting infrastructure to safe guard
water quality for future generations in the light mlessures such as climate change and

increasing urban populations.

5. Conclusions and outlook

The advantages and limitations of approaches dlyrased in environmental microbiology
have been discussed in relation to their applitghid DWDS. Ultimately, the choice of
techniqgue depends on the objective of the resedhehrequired level of resolution, the

availability of specialised equipment and the alaé funding.

Despite culture-dependent techniques still beirggdusy water utilities to routinely monitor
the microbial quality of drinking water, molecularethods are replacing these and some
water companies are beginning to implement PCRebapproaches to detect pathogens. The
application of NGS has exceptionally enlarged thisteng knowledge about the diversity and
structure of microbial communities in DWDS. The maequencing platforms are constantly

increasing quantity of sequences obtained and lexagth from samples while reducing the
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costs. These developments will make this technologye affordable and accessible and
they will be soon considered a standard approaadnyironmental microbial research. The
future automatisation of molecular methods mightrimskspensable for the development of

online devices to for example detect pathogensiikithg networks.

The major knowledge gap in understanding the miotogy of DWDS is the lack of
information required to link microbial diversity @rfunction. Approaches that can fill this
gap are microarrays, metabolomics and metaproteprardortunately their use has not yet
been explored in DWDS. Future research should niegrated approaches to improve our
understanding of drinking water microbiology, conibg a range of techniques, to explore
and link the microbial diversity and activity tatiohately understand the relationship between
microorganisms and system function. A system biolegyproach where environmental
metagenomics is combined with other methodologieshsas metatranscriptomics,

metaproteomics and metabolomics should allow expartg our understanding of DWDS.
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Figure and tables

Figure 1. Scheme showing the different techniques availabtharacterise microbial communities in drinkimgter distribution systems

Study of the Microbial Ecology of Drinking Water Distribution Systems

(Biofilm and Planktonic Samples)
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Table 1 Current molecular techniques to study microbiahsortia and communities of

drinking water distribution systems (advantagesdiaddvantages)

taxonomicassignments Using
bioinfosmatics

Method Description Application Advantages Disadvantages
Fingerprinting techniques | PCR-based fingerprinting techniq; ® Monitoring icrobial ® Quick profiling of spatial-temporal ® Bias assocated with PCR
DGGE/TGGE provide community structuce based on over imeand/orin resp to chang, vagability ® Only predomi: pecies aze d d
SSCP,T-RFLPs DNA sequence vasation (lengthand in environmental conditions ® Simultaneous analysis oflarge number | @ No direct taxonomicidentification

nudeotide sequence) ® Chancterization of planktoncand of samples ® Time consuming, requires post-PCR
Ribosomal Intergenc Space biofilm communities in distbution pipes | ® Bands on DGGE /TGGE and SSCP analysis of samples
Analysis (RISA/ARISA) and corrosion scales incast icon pipes gelscan be excised, amplifiedand ® Analysis of short sequences(<500 bp)
sequenced © DGGE, difficultcompasison between
Length Heterogeneity PCR gels
(LH-PCR) ® T-RFLPs and ARDRA; difficult
zresolution of microbial profiles
Fluorescentinsitu Fl RNA olig Jeotid: ® Speaific d andabund of ® Phrlogeneticid ® Seq; 1 jonis requiced for
hybridization (FISH) and probes ace used for i sifu d ionand 3 rganismsin danking waterand ® Visualizationof non- cultivable probe design and specific detection
catalyzed reporter i f gani biofil microorganisms © Difficult to differentiate between Live
deposition FISH (CARD- ® Highly sensitive and quantitative and dead cells
FISH) * D, ion of di it rgani © Difficult accessibility to tacget gene
o I by usingmultipl
fluorescent dres
Cloning and Sequencing Extraction of nudleic acids, ampli ® Microbial ity analysis of ® Taxonomicand phylogenetr analysis © Time consumingand labosious
and doning the gene of intecestina drinking water and biofikms ® Semi-quantitative
vector, followed by sequencingand ® Sequencing ofa limited number of

clones describe only the dommant
bers of the microbial ity

High-throughput

DNA fragment Libracies are amplified

(Roche 454 FLX,
Illumina/Solexa Genome
Analyzer, etc.)

and seq d using massively parallel
platforms

® Microbial diversity and structuce
analysis inwater, biofilmsand water
meters

® Faster and less expensive than
traditional Sanger sequencing

® Multiple samples can becombinedina
un

® Highcostand time-consuming data
analysis

Quantitative PCR (Q-PCR)
orReal Time (RT-PCR)

Uses intercalating fluorescent probes
(TagMan) ordyes (SYBR Green) to
the lation of ampli

® Detection of pathogens and faecal
indicators
eAbundanceand ionof

P

inreal time dusing eachcycle of the PCR

P

taxonomic and functional genes (e.g.

d 1o} d

and sulp

)

© Highly sensitive and quantitative
® Fast and accusrate gene quantification

© RT-PCR; difficult to obtain enoughand
good quality RNA

Direct detection of microorganisms usng
; i ; a

y ques,
optics and surface chemistey

DNA-chip Fluorescent PCR amplicons are * Community functional analysis ® No bias associated with PCR. ® Very costly and highly trained personal
array/microarrays hybrdized to knownmalecular probes ® Detection of pathogens and faecal ® Rapid evaluation with replication is needed for dataanalysis
DNA/RNA attached on the microaceays indicators ® The intensity of the hybrdization signal
is proportional to the abundarnce of the
target organisms
Biosensors ® Detection of faecal indicators ® Fast detection ® Depends oncultivationof the

microorganisms
© No discriminationbetween liveand

dead microorganisms
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1674 Table 2: Methods used to extract and analyse different corapis of biofilmsand the EPS (extracellular polymeric substancejimat

Aim/Process Method Advantages/Disadvantages References
. . Used in drinking water samples; reported to in@easraction yield and quality from Jahn.& Nielson, 1995; Frolure. al., 1996.
Cation Exchange Resin (CER), . .. L . . . . McSwainet. al., 2005; Denkhaust. al., 2007;
2 biofilms in different environments, although lintteomparison with other methods . )
o Michalowskiet. al., 2008
‘5 Freeze-drying (ethanol Used to assess carbohydrates in estuarine sedimenbss not been applied in a drinking Hanlonet. al., 2006; Haynest. al., 2007;
5 precipitation) water context Hofmannet. al., 2009
'§ Ethylenediaminetetraacetic acidCommonly used method but inhibits protein analyfsiand to release nucleic acids in a Zhanget. al., 1999; Sheng. al., 2005;
L% (EDTA) study ofRhodopseudomonas acidophila Eboigbodin & Biggs, 2008
Formaldehyde Stated as best method for subsequent carbohy draliesis Zhanget. al., 1999
D t distinguish bet free DNA already iiSE®m int llular DNA due t ] ) . .
. Nucleic Acid lycg):ess not distinguish between free already i m intracellular ue to ce Wingenderet al., 1999; Michalowsket, al., 2009
6 "
> . L L . Lessie & van der Wijck, 1972; Froluretl al., 1995;
-
= G6PDH Enzyme Assay/ G6PDH is an accurate indicator of cell lysis as itot found naturally outside cells McSwainet, al., 2005
O
DAPI € Cannot differentiate between DNA present in callEBS Jahn & Neilsen, 1995; Froluret al., 1995
g TocP Commonly used to assess biomass and EPS amouait/algl quick and reliable Jahn & Neilsen, 1995; M cSwag al., 2005
3
£ TS or TSS or VS§ Used to indicate biofilm or cell mass Zhanget. al., 1999; Shengt. al., 2005
c
<
=] Samples are freeze-dried and weighed before besugpsended in water; provides a d
o Dry Weight (via Freeze-drying) . P I g P P v Hofmannet al., 2009
weight for quantification
Bradford A Recommended due to: speed, simplicity and inseitgitio other compounds (compared to Bradfordet. al., 1976; Raunkjaeg. al., 1994,
2 radiord Assay Lowry). Variable sensitivity to different proteins Frolundet. al., 1995
[}
2 Subject to interference; laborious; slight varifpiin sensitivity to different proteins but Lowry, 1951; Raunkjaet. al., 1994;
.% distinguishes between molecules as small as digepti Jahn & Neilsen, 1995; Shesgal., 2005
©° Lowry Modified Lowry has been used with drinking watemoves humic acids but is mc
a | d t.y ina. The RC bas 9 . T)m d on the L thod and i Bradfordet. al., 1976; Frolund. al., 1995;
complex and time consuming. The say is based on the Lowry method and is Michalowskiet. al., 2009
available as a kit.
% Used with drinking water and commonly used in othiefim studies. It is more Duboiset al, 1956; Raunkjaeet. al., 1994,
S > Phenol- Sulfuric Acid comprehensive than the anthrone method, has hetifiity for all carbohydrates, which Hanlonet. al., 2006; Haynest. al., 2007;
%‘ g undergo the colour change with the same intensity Michalowskiet. al., 2009; Hofmanrmt. al., 2009
o)
] Commonly used; more complex than phenol-sulfurithmé, not all carbohydrates produce Raunkjaeet. al., 1994; Jahn & Neilsen, 19¢
O Anthrone . . . . L
colour of the same intensity — problem if proteimposition is unknown Frolundet. al., 1995

AReducing Agent Compatible, Detergent Agent CompetfoGlucose-6-phosphate Dehydrogenésé;,6-diamidino-2-phenylindolétotal organic carborf; TS — total solids; TSS — total suspended solids;
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VSS — volatile suspended solid
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