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ABSTRACT

Pyrenoids are non-membrane bound organelles found in chloroplasts of algae and hornwort
plants that can be seen by light-microscopy. Pyrenoids are formed by liquid-liquid phase
separation (LLPS) of Rubisco, the primary CO fixing enzyme, with an intrinsically disordered
multivalent Rubisco-binding protein. Pyrenoids are the heart of algal and hornwort biophysical
CO; concentrating mechanisms, which accelerate photosynthesis and mediate about 30% of
global carbon fixation. Even though LLPS may underlie the apparent convergent evolution of
pyrenoids, our current molecular understanding of pyrenoid formation comes from a single
example, the model alga Chlamydomonas reinhardtii. In this review, we summarise current
knowledge about pyrenoid assembly, regulation and structural organization in
Chlamydomonas and highlight evidence that LLPS is the general principle underlying pyrenoid
formation across algal lineages and hornworts. Detailed understanding of the principles behind
pyrenoid assembly, regulation and structural organization within diverse lineages will provide
a fundamental understanding of this biogeochemically important organelle and help guide
ongoing efforts to engineer pyrenoids into crops to increase photosynthetic performance and
yields.

INTRODUCTION

CO; concentrating mechanisms accelerate photosynthesis

Photosynthesis is the gateway between inorganic carbon (i.e. CO;) and organic carbon in the
global carbon cycle. It harnesses energy from sunlight to annually reduce ~400 gigatonnes of
CO; (Net Primary Production; [1]) whilst simultaneously releasing O,. Given that nearly all
carbon fixation is performed by Ribulose-1,5-bisphosphate carboxylase oxygenase (Rubisco),
it is puzzling that over its >3.5 billion year existence it has remained slow (catalytic rates
typically 8-10 times lower than the median for central metabolic enzymes [2]) and has a
relatively poor selectivity for CO2 over O, under current atmospheric concentrations of 0.04%
CO; and 21% O [3]. These apparent limitations appear to be due to a trade-off between
Rubisco’s catalytic rate and its specificity for CO. over Oz [4-6], with oxygenation resulting in
energetically wasteful photorespiration. To overcome Rubisco’s “bottle-neck” photosynthetic
organisms have evolved diverse strategies. Many terrestrial plants attain high CO- fixation and
reduce photorespiration by investing large amounts of resources into Rubisco that is
catalytically slow but has a relatively high CO2/O2 specificity. This results in Rubisco typically
accounting for approximately 25% of soluble protein in plant leaves [7], making it potentially
the most abundant enzyme on earth [8, 9]. An alternative strategy evolved by some plants and
nearly all aquatic photosynthetic organisms is to operate CO; concentrating mechanisms
(CCMs) that actively concentrate CO> at Rubisco’s active site, thus enabling high CO- fixation
rates with lower amounts of faster, less specific Rubisco.
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CCMs can be broadly split into two types: biochemical and biophysical. This review
focuses on biophysical CCMs, the dominant CCM type found in aquatic photosynthetic
organisms. Biophysical CCMs typically function via the concentration of inorganic carbon in
the form of bicarbonate (HCO3) and its subsequent dehydration to CO; in a Rubisco rich
compartment. This functionality is achieved through out-of-equilibrium carbonate chemistry,
pH changes across membranes and the heterogeneous distribution of carbonic anhydrases
[10-13]. The slow, uncatalyzed equilibrium of HCO3™ and CO: enables the accumulation of
HCOs that has a lower membrane permeability as compared to uncharged species like COy;
pH determines the HCO3:CO- ratio, with HCO3™ ~100 times more abundant than CO; at pH 8,
thus enabling HCO3™ concentration at higher pH or CO; release at lower pH; and the specific
spatial distribution of carbonic anhydrases enables the rapid equilibrium of HCO3  and CO- to
drive HCO3 formation for concentration or CO: release for Rubisco fixation.

Biophysical CCMs found in oxygenic phototrophs can be generally split into two types:
carboxysome based CCMs found in prokaryotic cyanobacteria, and pyrenoid based CCMs
found in eukaryotic algae and some non-vascular plants (i.e. most hornwort species).
Cyanobacterial carboxysomes are icosahedral 100+ megadalton protein assemblies where
densely aggregated Rubisco is encapsulated in a protein shell with a typical diameter of 150-
200 nm [14]. HCOs™ concentrated in the cyanobacterial cytosol diffuses into the carboxysome
through hexameric shell proteins where it is dehydrated to CO: via carbonic anhydrase for
fixation by Rubisco. Algal pyrenoids are also Rubisco assemblies, but they are much larger
than carboxysomes (~1-2 ym diameter), are dynamic in size by growing and shrinking in
response to CO; and light, lack a proteinaceous shell, and are typically traversed by
membranes that are continuous with the thylakoid network [15]. These characteristic
membrane traversions are thought to be the primary source of inorganic carbon delivery,
where HCOs' is converted to CO- in the acidic lumen, creating a “point source” of CO, within
the pyrenoid.

Understanding CCMs at the molecular level across diverse species is critical for
understanding biotic contributions to the global carbon cycle and for providing engineering
solutions to address human driven pressures on our planet. CCM driven cyanobacterial and
algal photosynthesis accounts for approximately half of global net primary production [1] and
plays a critical role in the buffering of anthropogenic CO.-driven global warming through driving
the “biological pump” that moves carbon from the upper ocean to the deep ocean for long-term
storage [16]. In addition, modelling suggests that engineering crops with CCMs may
significantly increase photosynthetic performance. If these improvements translate to yield the
engineering of a CCM into crops such as rice, wheat and soya could increase yields by up to
60% [17], a significant step towards the goal of the predicted ~85% increases required to feed
the global population in 2050 [18].

Box 1: General properties of LLPS systems

Liquid-liquid phase separation (LLPS) is the process by which a homogeneous solution
reversibly demixes to form a dense phase that is distinguished from a coexisting dilute phase.
The solution composition, concentration and conditions (pH, temperature etc.) define a phase
diagram for demixing that is bounded by a coexistence line (also known as the binodal) that
determines the one- and two-phase states (Figure 1).
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Figure 1. Phase diagrams explain LLPS. A) A phase diagram determines a one- and two-phase
state of the system, where the two-phase state consists of droplets distinguished from the
coexisting dilute phase. Changes in solution conditions that affect interaction strength (y) and
concentration of components (x) alter the phase state of the system relative to the coexistence line
(black dashed). B) Schematic of droplet growth where Ostwald ripening is shown with arrows that
indicate the trafficking of solute from smaller to larger droplets. Asterisk indicates coalescence of
two adjacent demixed droplets.

In biology, LLPS is thought to give rise to an array of membraneless bodies [19] that provide
spatiotemporal control over diverse cellular processes [20], by concentrating particular protein
and nucleic acid species relative to the bulk phase [21], whilst permitting a rapidly diffusing
biochemical environment [22]. Although membraneless bodies were described as early as
1803 [23], their liquid-like properties were demonstrated much more recently. Brangwynne et
al. [24] reported fusion, dripping, fission and internal/external rearrangement of spherical P
granules over second timescales in 2009. These observations hold true for many biomolecular
condensates, where growth can occur by Ostwald ripening (growth of larger droplets at the
expense of smaller droplets to reduce surface tension energetic penalty; Figure 1B) and elastic
ripening (transport of solute down a stiffness gradient) in addition to coalescence (Figure 1B,
asterisk) [25, 26]. It should be highlighted that many systems have been classified as LLPS
based on these qualitative descriptions, though other mechanisms of biomolecular condensate
assembly are possible, and quantitative descriptors are required for their distinction [27].

Given their liquid-like nature, it is postulated that membraneless bodies can respond more
rapidly to environmental cues than membrane-bound compartments [28], and as such are
implicated in many transitory processes across a vast array of cellular contexts. Their
composition is often accordingly vast [29], and accompanied by an array of underpinning
interactions, including electrostatic, -1, cation-1r, hydrophobic associations and hydrogen
bonds between subsumed components [30]. These interactions are often weak in nature and
high in valency (number of binding sites on a binding partner) to facilitate formation of a
network of interactions, required for phase separation [31]. This network forms homotypically,
in simple coacervation, or between multiple protein species in complex coacervation [19].
Across these coacervation mechanisms, multivalency is provided by a range of associating
sequence and structural features, comprising folded and/or unfolded domains, that can be
loosely termed ‘stickers’. Variegating these stickers, are regions of structure or sequence that
are termed ‘spacers’ [32]. Although often not directly involved in coacervation interactions,
spacer presence and composition has marked effects on condensate properties, dependent
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on their solvation properties, but little effect on phase separation driving forces has been
demonstrated [33]. Changes in valency, concentration and affinity of stickers sharply
determines phase separation thresholds [21] and coacervate composition [34]. These changes
often occur rapidly, through sharp transitions that can be influenced by a host of cellular
factors, both globally (pH, temperature and ionic strength - see Dignon et al. [30] for review)
and targeted (including methylation, phosphorylation, acetylation, SUMOQylation - see Owen
and Shewmaker [35]), that account for condensate transiency.

Despite experiencing rapid transitions in response to relatively minute changes, biomolecular
condensates can be stable throughout generational lifetimes (e.g. the Chlamydomonas
reinhardtii pyrenoid that is inherited and maintained through multiple cell division events [36]),
whilst retaining their liquid-like properties. Owing to their liquid nature, condensate morphology
can be reversibly deformed, by wetting (adherence to solid surfaces due to intermolecular
interactions) [24], disruption [37] or compositional effects [38], commonly observed in the
cellular environment. Surface tension underpins this behaviour [39], and is affected by
coacervate component interaction strength and valency [38]. A range of viscosity is also
observed across coacervates and their lifetimes, and has been implicated in their functionality
[40]. The maturation of condensates to more solid states has been proposed to occur in vivo
[22], mirroring the effect of gelation (transition towards a less dynamic structure underpinned
by interaction strength increase) that influences droplet dynamics in vitro [41]. The mechanistic
implications of these macroscopic properties are relatively unexplored [30, 31], but are likely
central to condensate activity regulation and physical resilience. Accordingly, microscopic
perturbations that alter macroscopic properties are functionally intertwined. The movement of
species within biomolecular condensates is influenced by both macroscopic and microscopic
properties. The porosity of the primary scaffold components that constitute condensates
determines the relative mobility of their subsumed components in a size-dependent manner
[22], referred to as the mesh-size, that is dependent on the extent of physical cross links [31].
Microscopically, the interaction of diffusing species with the biomolecular scaffold will also
influence their mobility.

Pyrenoid and carboxysome assembly is driven by disordered, multivalent Rubisco
binding proteins

In recent years, it has become clear that aggregation of Rubisco by disordered, multivalent
binding proteins is a required precursor for formation of pyrenoids in the model alga
Chlamydomonas reinhardtii (Chlamydomonas from here on) and carboxysomes in model
cyanobacteria and proteobacteria [36, 42-44]. There are two types of carboxysomes, a and 3,
that appear to have evolved independently. Nearly all of their components have counterparts
across the carboxysome types, including a “linker” that interacts multivalently with Rubisco,
enabling liquid-liquid phase separation (LLPS) through complex coacervation (see Box 1 for
an introduction to general properties of LLPS systems) [14]. In the a-carboxysome, CsoS2
multivalently binds Rubisco driving carboxysome assembly whilst in the B-carboxysome CcmM
performs an analogous role. In both cases deletion of CsoS2 or CcmM abrogates
carboxysome assembly leading to a high-CO;, requiring phenotype — the characteristic
signature of a non-functional CCM [45, 46]. Demixing occurs when truncated CsoS2 or CcmM,
containing only the multivalent Rubisco interacting domains, are mixed with the corresponding
Rubisco in vitro [43, 47]. It is postulated that Rubisco condensation may play a key role in
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carboxysome assembly for both carboxysome types. However, the lack of Rubisco mobility
within B-carboxysomes suggests that the role of LLPS may be limited to assembly [48].

In contrast to the two evolutionary origins of carboxysomes, and the clear conservation of
carboxysome components across species [49], pyrenoid evolution appears to be far more
complex. Pyrenoids are thought to have evolved multiple times [15, 50] and there is apparent
absence of conserved structural components across diverse algal lineages (see Box 2 for an
overview of algal diversity) [15, 51]. Nearly all of our data on pyrenoid formation is based on
Chlamydomonas, where the multivalent disordered protein EPYC1 (Essential Pyrenoid
Component 1, formerly LCI5), causes the aggregation of Rubisco through complex
coacervation [36, 44, 51]. However, EPYC1 homologs are not found outside of closely related
green algae, making drawing conclusions of pyrenoid assembly across algal lineages difficult.
This review aims to integrate our current knowledge of the algal pyrenoid with the rapidly
advancing field of biological LLPS in a drive to identify key unanswered questions that can
guide our understanding of pyrenoid form and function across diverse algae to give insights
into this biogeochemically important organelle and help guide engineering efforts into crops to
increase yields.

Box 2: Pyrenoid occurrence and overview of algal diversity

Pyrenoids occur in all algal lineages and most hornworts (Figure 2) but are missing in all other
land plants (liverworts, mosses, and vascular plants). The high diversity of algae, their long
evolutionary history and pyrenoid apparent loss and reappearance means that pyrenoids
possibly have tens to hundreds of evolutionary origins [50]. Algae is a polyphyletic term for
mostly aquatic photosynthetic eukaryotes, which includes over 70,000 different extant species
[52]. The phylogeny of algae is controversial. For this review, we group algae into seven clades
according to their chloroplast ancestry [53]. The 1st clade, Archaeplastida, which contains
glaucophytes, rhodophytes (red algae) and green algae (core chlorophytes, charophytes and
prasinophytes) (and land plants), acquired their chloroplasts through a primary endosymbiosis
of a cyanobacterium. All other algal clades inherited their chloroplasts through secondary or
even tertiary endosymbiotic events. The 2nd clade, excavates, which contains only one
photosynthetic group (euglenids), and the 3rd clade, rhizaria, only containing photosynthetic
chlorarachniophytes, inherited their chloroplasts through a secondary endosymbiosis of a
green alga. The 4th clade, stramenopiles (containing xanthophytes, chrysophytes,
phaeophytes and bacilliarophytes/diatoms) inherited their chloroplasts through a secondary
endosymbiosis of a red alga. In the 5th clade, alveolates (containing dinoflagellates),
chloroplast inheritance is complex with species having secondary or tertiary plastids
originating from both red and green algal lineages. Algae belonging to clades 3, 4 and 5 are
often summarised to the TSAR supergroup (Figure 2). The 6th clade (containing haptophytes)
and the 7th clade (containing cryptophytes) both inherited their chloroplasts through a
secondary endosymbiosis of a red alga.



218

219

220
221
222
223
224
225
226
227
228
229
230
231
232
233
234
235
236
237
238

Cyanophora paradoxa Pozphyndtum cruentum Chlamygmgonas Notothylas breuteln
reinhardtii
Archaeplastida 220 Bl
Sornce, o ?7%90 @
We, 0% 7 S
5, Gelon s ool S Amorphea
Q/e /70(70 X % Y 19”
%, Yy, 08 b o Q\Oo o{@ \
Cryptista Pappi 500 3T
yp Katabi, h’ Omoneg \e o"*‘\\\; /
ida 102
Vi
Plophyy, »*"" CRuMs
. . . D\phy\\e\da
Rhinomonas reticulata Rigiie®

Centrohelida Mamamonas

Haptophyta
Coccolithophores

Haptista

Risceis Euglena granulata

Metamonada
Excavates
Malawimonadida

Telonemia Ancyromonadida

> Hemimastigophora
8 -~
Dinoflagellates

TSAR Stramenopila

Diatoms

Emiliania huxleyi

Lotharella vacuolata Calciodinellum aff. operosum Phaeodactylum tricornutum

Figure 2. Pyrenoid containing algae are polyphyletic and found across the eukaryotic
tree of life. Tree is based on Burki et al. [53]. Dashed lines indicate uncertainty about the
monophyletic nature of these groups. Transmission electron microscope image descriptions
(clockwise from top left): A dividing pyrenoid (also known as central body) of the glaucophyte
Cyanophora paradoxa [54]. Porphyridium cruentum with thylakoid membranes stained dark via
photooxidation of 3,3'-diaminobenzidine.4HCI (DAB) that depicts Photosystem | activity [55].
The model green alga Chlamydomonas reinhardtii [56]. Notothylas breutelii [57]. Euglena
granulata [58]. The model diatom Phaeodactylum tricornutum [59]. The dinoflagellate
Calciodinellum aff. operosum [60]. Lotharella vacuolata [61]. The abundant biogeochemically
important calcifying coccolithophore Emiliania huxleyi (author’s collection). Rhinomonas
reticulata var. atrorosea [62]. P indicates pyrenoid.

A brief history of the pyrenoid

The relatively large size and high density of pyrenoids make them easy to see via light
microscopy, with descriptions in algae referring to the pyrenoid from 1803 (Figure 3; [23]) and
the first reports of pyrenoids in hornworts from 1885 [63]. As a result, pyrenoids may be the
first LLPS organelles to be described, with the nucleolus described later in 1835 [64]. The term
pyrenoid was coined in 1882 [65] and its presence and ultrastructural variation across
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evolutionarily-diverse algae was described throughout the mid-1900s by the increased use of
TEM imaging, which also allowed characterization of the pyrenoid ultrastructure. From early
TEM images, it was assumed that the pyrenoid matrix, depending on the species, was either
crystalline or amorphous. In the 1970s Rubisco was shown to be a major constituent by
enzymatic characterization of purified pyrenoids and analysis of Rubisco knock-out lines [66-
69], which was later confirmed by immunocytochemistry [70, 71]. The association between
pyrenoid presence and efficient CCM function was first made in the 1990s, when experimental
observations showed that pyrenoid containing algae have an efficient CCM, with CCM
induction concurrent with biochemical and structural changes to the pyrenoid, whereas algae
lacking a pyrenoid either lack a CCM or have a reduced ability to concentrate CO; [72-75].
The discovery that EPYC1 linked Rubisco to form the pyrenoid was made in 2016 [51] and its
LLPS nature identified in 2017 [36].

Chlamydomonas reinhardltii 3D cryo-tomography reveals detailed
is described organization of the pyrenoid

Key questions and outlook
> Evolution

> Underlying structural
principles

> Nucleation and division
= Plant engineering

Chlamydomonas reinhardftii

becomes a model organism  Pyrenoid linked to CCM

Pyrenoid proteome

Pyrenoids are described in the
green alga Spirogyra sp.

&/

Pyrenoid structure Pyrenoids contain  Pyrenoid is described as liquid-liquid phase
investigated by TEM Rubisco separated with mulitple distinct protein regions

Figure 3. A brief history of the pyrenoid. Pyrenoids were first described in the green alga
Spirogyra by Jean-Pierre Vaucher in 1803. The original drawings by Vaucher display one
ribbon-like chloroplast per cell that contains multiple spherical pyrenoids [23]. In 1882, the
term pyrenoid (Greek pyrene, stone kernel-like) was coined by Friedrich Schmitz, who
observed pyrenoids in several algae species [65]. Six years later, in 1888 the model alga
Chlamydomonas reinhardtii was first described by Pierre Augustin Dangeard [76].
Chlamydomonas, which is the central model for pyrenoid research, has one pyrenoid per
cell that is visible in light microscopy (light microscopy image by Moritz Meyer [77]). In the
1940s, Chlamydomonas entered into research labs and over time became an essential
model system [78]. The use of TEM to image algae from the early 1950s onward made
details of the pyrenoid ultrastructure with matrix, traversing thylakoids and starch sheath
visible (TEM image of Chlamydomonas by Ohad et al. [56]). From the 1970s onward, it
became clear that the pyrenoid contains most of the cell’s Rubisco, which later in 1980s was
incontrovertibly proved by immunogold labelling (TEM image of immunogold-labelled
Rubisco (black dots) in Chlamydomonas by Lacoste-Royal et al. [70]). The first associations
of the pyrenoid with the CCM were made in the 1990s. In 2015, the 3D structure of the
Chlamydomonas pyrenoid was resolved by cryo-EM tomography (reconstruction of the
pyrenoid (thylakoid tubules in green, starch sheath in beige, matrix is not displayed) by Engel
et al. [79]). EPYC1 and its function as a Rubisco linker in the Chlamydomonas pyrenoid was
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discovered in 2016 [51]. In 2017 it was shown that the pyrenoid is formed by liquid-liquid
phase separation (top left, the pyrenoid divides via fission; top right, fluorescent recovery
after photobleaching shows that Rubisco undergoes internal mixing over second timescales
in the pyrenoid) [36] and multiple distinct protein regions were described, including the
pyrenoid matrix (left, Rubisco), pyrenoid tubules (middle, PSAH) and starch sheath (right,
LCI9) [80] (fluorescence microscopy images (magenta: chlorophyll, green: labelled protein).
Zhan et al. [81] reported a pyrenoid proteome in 2018.

STRUCTURE AND FUNCTION OF THE CHLAMYDOMONAS PYRENOID

The functionality of pyrenoids to concentrate CO, at Rubisco’s active site to enhance
carboxylation requires structural features in addition to the formation of the pyrenoid matrix
through Rubisco-EPYC1 condensation. Central to CO2 concentration and pyrenoid function is
the shuttling of inorganic carbon through the subcellular environment to Rubisco within the
pyrenoid. The spatial segregation of a carbonic anhydrase within the pyrenoid is essential for
catalysing the subsequent dehydration of inorganic carbon (in the form of HCO3) to COo,
allowing release for carboxylation by Rubisco in the pyrenoid matrix. As discussed above,
these characteristics are considered basal for the function of biophysical CCMs and are thus
expected to be conserved across pyrenoid-based CCMs, despite ultrastructural variations
(Figures 2 and 6).

Although ultrastructural information is available for a wealth of species across diverse
lineages (see later section: Pyrenoid structural diversity across different algal lineages), our
most complete insights relating to pyrenoid form and function are for Chlamydomonas.
Detailed three-dimensional structural information of the pyrenoid obtained by ion beam milling
cryo-electron tomography (cryo-ET; [79]), quick freeze deep-etch electron microscopy
(QFDEEM; [51]) and pyrenoid protein fluorescence localization [80], have significantly
enhanced our understanding of pyrenoid architecture (Figures 3 and 4). Further, proteomics
of pyrenoid-enriched fractions have revealed the complex composition of the pyrenoid,
containing at least 190 different proteins, many of which remain uncharacterized [51, 81]. An
integrated localization and interaction study also indicated a large number of pyrenoid
components (89), many of which have been localized at sub-pyrenoid resolution [80]. Although
many different proteins have been localized to the pyrenoid, proteomic analysis shows the
pyrenoid matrix consists mainly of Rubisco molecules (~600 uM matrix concentration; [36])
and the intrinsically disordered linker protein EPYCA1, that is essential for condensation of
Rubisco to form the pyrenoid matrix (Figure 4B) [36, 51]. Here, Rubisco functions within the
Calvin-Benson-Bassham (CBB) cycle, with strong evidence supporting that it is the only CBB
enzyme partitioned within the pyrenoid [82].

In addition to the pyrenoid matrix, traversing thylakoid tubules form a characteristic
star-shaped network within the pyrenoid. In situ cryo-ET in Chlamydomonas has revealed the
intriguing complexity of thylakoid membrane organization and structural changes as it enters
the pyrenoid matrix. Thylakoid membranes outside of the pyrenoid are organized in multiple
parallel stacked membrane layers [83], which drastically change as they enter the pyrenoid
matrix through fenestrations in the transient stromal starch sheath. The membrane layers
merge into cylindrical structures, termed pyrenoid tubules, that advance through the pyrenoid
matrix and converge in the centre of the pyrenoid, forming an interconnected network of
smaller, shorter tubules [79]. Within pyrenoid tubules, minitubules form luminal conduits
between the chloroplast stroma and the pyrenoid matrix and based on their diameter (~3-4 nm
at matrix opening) have been proposed to facilitate exchange of ATP and CBB metabolites



321
322
323
324
325
326
327
328
329
330
331
332
333
334
335
336
337
338
339
340
341
342
343

(incoming Ribulose 1,5 bisphosphate (RuBP) and outgoing 3-phosphoglycerate (3PGA)) but
not proteins (Figure 4C) [51, 79, 82]. The wider lumen of the pyrenoid tubules is continuous
with the thylakoid lumen and is postulated to transport HCOs towards the centre of the
pyrenoid, following channelling from the chloroplast stroma into the thylakoid lumen through
bestrophin-like channels [84]. Central to CO; delivery is the carbonic anhydrase, CAH3, that
catalyses the dehydration of HCOs3™ to CO. in the acidic lumen of the pyrenoid tubules. This
process enables CO: diffusion across the tubule membrane into the pyrenoid matrix for fixation
by Rubisco (Figure 4D). CAH3 has been localized to the pyrenoid tubules and a cah3 mutant
has a defective CCM, despite accumulating inorganic carbon at higher concentrations than
wild-type [11, 85-87]. There is strong evidence that the pyrenoid tubules also differ in their
protein composition from the rest of the thylakoid membrane. Immunogold labelling and
photosystem (PS) | and PSII activity assays suggested that the pyrenoid tubules contain active
PSI but not PSII [88]. However, recent fluorescent protein tagging of several photosystem
proteins revealed that subunits of both photosystems are present in the tubules, indicating that
partially-assembled or inactive PSIl may be present [80]. Strikingly, some PSI subunits e.g.
PSAH are even enriched in the tubules. The functional implications of these
depletion/enrichment patterns are yet to be experimentally shown but could be related to
reducing photorespiration by minimizing Oz release within the pyrenoid through photosynthetic
H>O splitting at PSII reaction centres. However, collectively, these observations highlight the
importance of membrane traversions in the metabolic fluxes of the pyrenoid and suggest an
important role in its photosynthetic operation.
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Figure 4. The Chlamydomonas pyrenoid is at the heart of the CO2 concentrating mechanism
and enables efficient CO: fixation. A) TEM image of Chlamydomonas reinhardtii grown in light
and under air levels of CO2 where a complete pyrenoid is assembled. Zoom highlights key
structural parts of the pyrenoid. Thylakoids false coloured green for clarity. Top left diagram is for
orientation of panels B-D. B) The pyrenoid matrix is predominantly composed of Rubisco-EPYC1
condensate. Multiple Rubisco binding regions on EPYC1 enable complex coacervation with the
Rubisco holoenzyme which is a hexadecameric assembly of 8 large and 8 small subunits. C) As
thylakoids enter the pyrenoid they form pyrenoid tubules. Minitubules (dashed lines) form within
the pyrenoid tubules and connect the pyrenoid matrix to the stroma. They are postulated to enable
the large flux of metabolites in and out of the pyrenoid. Inset: cross-section (X-section) of
minitubules within a pyrenoid tubule. D) Pyrenoid tubules are proposed to deliver CO2 to Rubisco
in the pyrenoid matrix. Current data supports that HCOs™ enters from the stroma into the thylakoid
lumen via bestrophin-like channels. In the acidic lumen HCOs is converted to CO2 via CAH3 and
subsequently diffuses into the pyrenoid matrix. LCIB/LCIC is proposed to convert stromal CO: to
HCOs via active CO2 uptake and CO: recapture from the pyrenoid. Minitubules are not shown for
clarity.
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The Chlamydomonas pyrenoid is surrounded by a sheath that is composed of several
starch plates. The starch sheath develops rapidly under limiting CO- concentrations [89] and
has been proposed to act as a diffusion barrier to reduce the loss of CO,, that diffuses readily
between the stroma and matrix [73]. Although it has been suggested that the absence of the
starch sheath does not affect photosynthetic productivity [90], recent studies indicate a
correctly formed starch sheath is required for normal pyrenoid formation and the operation of
an efficient CCM [42, 91]. In addition to starch, the sheath also contains several proteins.
These proteins appear to be distributed uniformly over the starch plates, or localized in distinct
puncta or meshes in close proximity to the starch plates [80]. The functional implications of
these different distribution patterns remain unclear, but their positioning appears to be
important for CCM function [91]. A subset of proteins that localize in a plate-like pattern are
predicted to function as starch-branching enzymes, whereas the mesh distributed proteins
appear to fill the gaps between the starch plates, indicating a potential structural function [80].
Recently, a predicted starch-binding Rubisco-interacting protein, SAGA1 (StArch Granules
Abnormal 1), that localizes to distinct puncta at the pyrenoid matrix/starch interface was shown
to affect pyrenoid number and sheath morphology [42]. Interestingly, the two carbonic
anhydrase homologs, LCIB and LCIC, that are recruited to the pyrenoid in very low CO-
concentrations (<0.02% CO3) are also localized in distinct puncta but on the external surface
of the starch sheath [80, 92], where they are expected to minimize the loss of CO; from the
pyrenoid by converting emanating CO. back to HCO4’, that can be readily concentrated again
(Figure 4D)[93]. LCIB homologs show in vitro carbonic anhydrase activity, however this could
not be demonstrated for the Chlamydomonas LCIB/LCIC proteins [94], potentially indicating
the absence of critical regulatory subunits or that activity requires specific cellular conditions.

EPYC1 links Rubisco to form the pyrenoid matrix

In Chlamydomonas, the abundant, low CO-induced linker protein, EPYC1, underpins the
functional phase separation of Rubisco to form the pyrenoid [44, 51]. In mutants depleted of
EPYC1, Rubisco fails to aggregate and is dispersed in the chloroplast [51], resulting in a
deficient CCM [51]. EPYCA1 is a low complexity, largely disordered ~35 kDa protein, consisting
of five near-identical repeats [44, 51, 95]. Each ~60 amino acid repeat contains a predicted a-
helix, and significant charge patterning [44, 51]. The high isoelectric point (pl) of EPYC1 (11.7)
establishes a net positive charge of the unmodified protein in the slightly basic pyrenoid matrix
(pH ~7-8.5), in both photosynthetic and non-photosynthetic conditions [36, 96]. As described
above, in vitro demixing assays have demonstrated that LLPS of Rubisco by EPYC1 occurs
via complex coacervation, in which both components are required [44]. In line with general
LLPS principles, demixing was also demonstrated to require multivalent interactions between
the Rubisco holoenzyme and EPYC1 [29, 97].

Prior to EPYC1 discovery and functional characterization, Meyer et al. [98]
demonstrated that the sequence composition of the surface-exposed a-helices of the Rubisco
Small Subunit (SSU) was conditional for Chlamydomonas pyrenoid formation. Wunder et al.
[44] confirmed the importance of this interface for in vitro demixing and suggested the
association could be dominated by charge interactions between negative patches of the SSU
a-helices and regions of patterned positive charge in EPYC1. Yeast two-hybrid (Y2H) data
confirmed the SSU a-helices are necessary for interaction with EPYC1, and that other SSU
features enhance this interaction [97]. In line with previous predictions [51], it was later
demonstrated that EPYC1’s interaction with Rubisco is enhanced by its repeating helical
regions [97]. More recently, single particle cryo-electron microscopy of a complex of Rubisco
and a 24 amino acid EPYC1 peptide containing the helical region has outlined the structural
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basis for this interaction, revealing a primarily electrostatic and hydrophobic interface [95]. The
peptide was bound to each of the SSUs of Rubisco, indicating the holoenzyme can bind one
of EPYC1’s five helical regions up to 8 times. In the same study, mutation of EPYC1 interface
residues decreased demixing of Rubisco in vitro and Rubisco substitutions at the interface
prevented pyrenoid formation in vivo, confirming the role of this low affinity interaction in
condensation of Rubisco. It is proposed that consecutive binding regions of the full length
EPYC1 peptide can facilitate the low affinity, multivalent interactions with multiple Rubisco
molecules required for condensation into the pyrenoid matrix. Key to this model, is the ability
for the unstructured region between two adjacent helical regions to span the distance between
Rubisco holoenzymes in the pyrenoid. In-situ cryo-ET data indicates a median distance of ~4
nm between EPYC1 binding sites on adjacent holoenzymes [79, 95]. The ~40 amino acid
unstructured regions between the 5 binding regions of EPYC1 are proposed to facilitate the
spanning of this distance, with wormlike chain models indicating a minimal energetic cost (< 3
kyT) for stretching [95].

EPYC1 displays functional similarity to CsoS2 and CcmM in cyanobacteria [43, 46, 47].
Both EPYC1 and CsoS2 utilise helical regions to contact Rubisco, whereas CcmM utilises a
Rubisco SSU-like globular domain. Although all three Rubisco condensation events appear to
be underpinned by a similar multivalent mechanism, the sequences of the Rubisco-interacting
regions of CsoS2 and CcmM bear no homology to each other nor EPYC1, suggesting a
convergent evolutionary mechanism. CsoS2 and CcmM concurrently contact both the large
and small subunits of the morphologically similar form | Rubisco holoenzyme (LsSg) in the
cyanobacterium Synechococcus elongatus and the chemoautotrophic proteobacterium
Halothiobacillus neapolitanus respectively [43, 47]. It is postulated that the concurrent binding
of CsoS2 and CcmM to both the Rubisco large and small subunits results in only fully
assembled and functional Rubisco holoenzymes being incorporated into the carboxysome [43,
47]. Current data suggests that EPYC1 may exclusively contact the small subunit [95].
Additionally, whereas CsoS2 and CcmM facilitate aggregation using only a portion of their full-
length sequence, EPYC1 appears to dedicate its full length to multivalent interactions with
Rubisco [43, 47]. Although it is expected that linker proteins facilitate phase separation of other
pyrenoids [99], the lack of obvious EPYC1 homologs suggests that analogous linker proteins
will display a range of sequence characteristics across pyrenoid lineages, especially outside
of the Archaeplastida (form IB Rubisco), where Rubisco forms are variant
(dinoflagellates/alveolata [form |l], all other clades [form ID]). Predictions based on
characterized linkers, suggest that analogous proteins contain: a) regions of disorder that are
continuous and cover part, or all of the protein sequence; b) repeat motifs within this disordered
region that will interact with Rubisco using localized structure; c¢) patterning of charged
residues throughout the full-length protein; and d) low complexity amino acid sequences.
Mackinder et al. [51] predicted the presence of analogous proteins in four other species using
a search framework based on some of these constraints, but these are yet to be experimentally
validated. These observations, alongside data from green algae that pyrenoid presence is not
determined by SSU sequence [100], certainly suggest that the presence of analogous linker
proteins is probably widely determinant of pyrenoid formation across lineages.

Although considerable progress has been made to characterize the EPYC1-Rubisco
interaction, several questions remain outstanding. The average fraction of bound sites for both
EPYC1 and Rubisco are uncharacterized (Figure 5A). In addition, although EPYC1’s helical
interaction is well defined, the behaviour of the flexible regions between the helices are largely
unassessed. In other condensates, the length and interactions of these flexible regions have
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been demonstrated to affect assembly [33], and should be considered in future studies of
pyrenoid dynamics.

A Rubisco-binding motif targets proteins to the pyrenoid and may guide pyrenoid
assembly

Recent work has proposed a framework for pyrenoid assembly in Chlamydomonas [101].
Multiple pyrenoid localized proteins were shown to contain a conserved Rubisco-binding motif
(RBM). This RBM is repeated five times in EPYC1 and two or more times, including at the C-
terminal, in other confirmed pyrenoid localised proteins. The EPYC1 RBM forms part of the a-
helix that directly binds Rubisco [95]. The RBM is found in proteins with diverse structural
features including predicted transmembrane domains and predicted starch binding domains.
Two proteins that contain both RBMs and transmembrane domains (termed Rubisco binding
membrane proteins 1 and 2 [RBMP1/2]) specifically localised to the pyrenoid tubules. Whilst
two proteins containing RBMs and starch binding motifs, SAGA1/2, localized to the pyrenoid
matrix/starch interface. Fusion of the motif to both non-pyrenoid localised stromal and
transmembrane thylakoid proteins resulted in targeting to the pyrenoid matrix and pyrenoid
tubules respectively. An elegant assembly mechanism is suggested, in which RBMP1/2 tether
the Rubisco matrix to the pyrenoid tubules and that SAGA1/2 tether the starch sheath to the
matrix [101]. However, characterization of RBMP1/2 deletion mutants has yet to be completed
and there is contradictory evidence supporting the role of SAGA1 as purely a Rubisco
matrix/starch tether, with a SAGA1 mutant having a severely disrupted CCM, abnormal starch
and multiple pyrenoids [42]. It might be expected that a mutant where starch tethering is absent
would have a phenotype in line with a starchless mutant, which retains a canonical single
pyrenoid and has only a slightly defective CCM [91]. Further work is required to understand if
RBMs are purely for pyrenoid structural assembly (as in matrix assembly via EPYC1) or
whether it is a mechanism to target functional proteins to specific sub-pyrenoid regions (Figure
5A).

Pyrenoid assembly around membranes and pyrenoid tubule formation

Pyrenoids are one of two identified LLPS organelles that are crossed by a membrane system.
The others are sponge bodies, organelles so far only observed in germline cells of Drosophila
melanogaster and Caenorhabditis elegans [102]. Sponge bodies are ribonucleoprotein
granules found in the cytoplasm, which are crossed by multiple ER cisternae [103, 104]. The
function of sponge bodies remains unclear. Even though membrane traversion of LLPS
organelles is rarely observed so far, several interactions between LLPS organelles and
membranes have been reported, where the membraneless organelle is directly attached to a
membrane. These include: T cell and other receptors [105, 106]; nuclear pore complexes
[107]; ribonucleoprotein granules such as P-bodies, stress granules and TIS granules that
interact with the ER [108, 109]; the yeast pre-autophagosomal structure that is attached to
the vacuole [110]; and the protein synapsin, which can phase separate and recruit lipid
vesicles to the droplets in vitro [111]. This broad range of reported interactions between
membraneless organelles and membranes imply that these interactions are quite common
and play a role in various biological processes. For some LLPS organelles that are attached
to a membrane, there is evidence that proteins often function as tethers. For instance, the pre-
autophagosomal structure of yeast is tethered to the vacuole via protein-protein interactions
between several intrinsically unfolded proteins of pre-autophagosomal structure and tonoplast
membrane proteins [110]. This would support the role of RBMP1/2, or other transmembrane
containing Rubisco interacting proteins, functioning as pyrenoid matrix membrane tethers.
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However, other pyrenoid tubule membrane attachment mechanisms are feasible, including the
recently demonstrated sensing and direct binding to curved membranes of intrinsically
disordered region containing proteins [112, 113] or interactions between pyrenoid proteins and
the presumably unique lipid bilayer properties of the pyrenoid tubules.

Whereas some progress is being made on pyrenoid matrix interactions with thylakoid
membranes, we know little about the thylakoid tubules within the pyrenoid. The thylakoid
membrane in photosynthetic organisms, from which the tubules derive, differs in several
respects from other membrane systems. It has an unusual lipid composition and consists of
almost 80% uncharged galactolipids, ~10% anionic sulpholipids and ~10% anionic
phospholipid [114]. Due to a high content of hexagonal phase forming lipids (~60% of the total
lipid), the thylakoid membrane is highly curved. There is no data on the lipid content of pyrenoid
tubules versus the bulk thylakoid membranes, although the typical further increased curvature
of pyrenoid tubules could result in specific lipid partitioning. Moreover, the thylakoid membrane
has a high protein content, with about 70% of the membrane surface occupied by proteins in
land plants [115]. The proteins are unevenly distributed over the thylakoid membrane, with
some proteins enriched in certain regions of the membrane, while depleted in others [83, 116].
Specifically, the two photosystems (PS) are heterogeneously distributed, with certain regions
where only PSI resides and others where only PSll is present. Similarly, the protein content of
the thylakoid tubules that traverse the pyrenoid differs from the other regions of the thylakoid
membrane across algal lineages [55, 80, 88, 117, 118]. Some protein variation could be
explained by specific targeting of RBM containing transmembrane proteins to the pyrenoid
tubules [101], but distribution variation in many proteins that lack RBMs, such as PSI and PSII
subunits, is unknown.

In addition, the biogenesis of the pyrenoid tubules and minitubules remains completely
unresolved. In many algal species, the thylakoid membrane drastically changes as it enters
the pyrenoid matrix. In Chlamydomonas, the stacked membrane layers of the thylakoid
membrane merge into one cylindrical tubule per stack that engulfs smaller minitubules as they
approach the pyrenoid (Figure 3 and 4; [51]). In the centre of the pyrenoid these tubules merge
to form an interconnected network. The factors that transform the thylakoid membrane from
multiple stacked membrane layers into highly curved tubules remain unknown. Recently, it has
been shown that LLPS on the surface of liposomes can lead to the formation of invaginations
in the liposomes that can develop into lipid tubules [119]. However, in pyrenoid-less
Chlamydomonas strains (where the Rubisco SSU is exchanged for the SSU of higher plants,
which do not bind EPYC1) the pyrenoid tubule network in the centre of the chloroplast seems
largely unaffected in TEM images. This suggests that LLPS on the membrane surface is not
responsible for the formation of the pyrenoid tubules and the pyrenoid tubules might form
independently from pyrenoid matrix assembly [120]. Yet, we lack high-resolution 3D images
of the tubule network in these strains to ensure that the network is not altered in any way due
to the absence of the pyrenoid matrix. Even though it seems plausible that the pyrenoid matrix
is involved in formation and shaping of the pyrenoid tubule network it seems likely that
membrane fusion/fission and curvature inducing proteins, which are also involved in thylakoid
biogenesis [121], are part of these processes.

PYRENOID DYNAMICS
The pyrenoid of Chlamydomonas displays many of the characteristics of LLPS bodies, with

both in vivo [36] and in vitro [44] studies providing multiple levels of support. This section will
outline this supporting evidence and highlight our current state of knowledge and open
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questions related to pyrenoid dynamics including division, regulation of pyrenoid LLPS, and
pyrenoid nucleation. Whereas most of our experimental data comes from Chlamydomonas,
decades of observations across diverse algae provide translational insights into pyrenoid
dynamics.

Evidence for Pyrenoid LLPS

Thanks to the work of Freeman Rosenzweig et al. [36], some of the classical hallmarks of
liquid droplets initially described by Brangwynne et al. [24], including fusion, dissolution, de
novo formation and internal rearrangement, have all been observed over second timescales
in the Chlamydomonas pyrenoid. In this study, in situ cryo-ET also revealed that Rubisco
molecules in the pyrenoid exhibit short-range distribution patterns, characteristic of liquid-like
order. The additional in vivo observations that pyrenoids adopt a largely spherical morphology
that can be reversibly deformed and appears to be wetted to the surrounding starch sheath
provide additional fundamental support for the LLPS nature of the pyrenoid [122]. These in
vivo observations were bolstered by the work of Wunder et al. [44], who showed that a minimal
in vitro reconstituted pyrenoid matrix (Rubisco and EPYC1) possessed many similarities to its
in vivo counterpart over complementary timescales. Here it was demonstrated that functional
Rubisco could be demixed by the linker EPYC1 under physiologically relevant conditions and
concentrations in a valency-dependent manner. Further, fluorescence recovery after
photobleaching (FRAP) analysis indicated the reconstituted droplets rearrange over similar
timescales to those observed in vivo [36], and thus provide a suitable proxy for the LLPS of
the pyrenoid.

Pyrenoid inheritance

During mitotic division of vegetative cells, approximately two thirds of Chlamydomonas
daughter cells inherit pyrenoids via fission, with the remaining daughter cells either
asymmetrically inheriting the whole mother-cell pyrenoid (~20%), forming a de novo pyrenoid
from dilute stromal Rubisco (~6%) or failing to inherit a pyrenoid (~8%) [36]. Fission [123] and
de novo [124-126] pyrenoid inheritance are classically described in green algae, but have also
been described in hornworts and non-green lineages (fission: [127-130]; de novo assembly:
[131-136]), where both mechanisms appear equally prevalent. Besides Chlamydomonas,
multiple concurrent pyrenoid inheritance mechanisms have only been reported in
Arachnochrysis demoulinii sp. nov. (stramenopila; [39]) and Chlorogonium elongatum
(chlorophyta; [137]). It is unlikely this is unique to these species and is instead likely reported
due to more intensive characterizations. Anecdotally, de novo pyrenoid formation following
division appears to be reported more commonly in species where vegetative cells possess
multiple distinct pyrenoids. This observation appears to extend across lineages, but exceptions
do exist in some chlorophyta [138, 139] and the definition of ‘multiple pyrenoids’ becomes
unclear, especially in multicellular hornworts [140]. Pyrenoid fission is typically induced by
plastid constriction, or less commonly, starch sheath invagination [123]. With pyrenoid fission
driven by plastid constriction being documented across lineages: green algae (chlorophyta)
[141], haptophytes (haptophyta) [142], hornworts (bryophyta) [130, 143], diatoms
(stramenopila) [144, 145], brown algae (stramenopila) [131, 146], red algae (rhodophyta) [129,
147] and dinoflagellates (alveolata) [148].

In Chlamydomonas, fission occurs over an ~7 minute window at the end of the
chloroplast division (~30-80 minutes), suggestive of a mechanical interference by the plastid
cleavage furrow [36], consistent with the observations of Goodenough [141]. The cleavage
furrow advances across a symmetry axis that is important for maintaining the polarity of the
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cell following cytokinesis [149, 150]. Chloroplast division in plants has been shown to be
synonymous with the widely conserved contraction of a stromal ring-like FtsZ structure [151,
152] positioned by MIN proteins [153], presumably inherited from cyanobacterial ancestors
[154]. Homologous systems are present in algae [139, 155-158], but there is little clarity on
their roles in plastid division mainly due to lack of conserved transcriptional patterning [157,
159-161], and formation of multiple conglomerate FtsZ rings [162, 163]. F-actin has also been
implicated in facilitating furrow progression at the chloroplast to aid subsequent chloroplast
division in Chlamydomonas [164] and two species of red algae [165, 166], where it could
provide a structural signal [167, 168], but this role is hypothetical. Clearly more work is required
to definitively determine the forces driving plastid division in algae, and the implications this
has on cleavage furrow progression and pyrenoid fission. Whether furrow-induced pyrenoid
fission is underpinned by molecular interactions or is the result of a purely mechanical
interference also remains to be seen. The dynamic distribution of pyrenoid ultrastructural
features (starch and thylakoid material) throughout division is unassessed in Chlamydomonas,
and has been sparsely reported in other pyrenoid-containing species. In Leptosiropsis torulosa
(chlorophyta) however, the starch is reported to divide between daughter pyrenoids from the
mother [169]. Given the apparent importance of starch in form and function of the pyrenoid, it
is likely that coordinated distribution of starch (when present) through divisions is equally
important [42, 91]. In Porphyridium cruentum (rhodophyta) the traversing thylakoid material is
divided between the daughter cells [127]. Likewise, Lokhorst and Star [170] report even
distribution of both starch and thylakoid structures through pyrenoid fission in Ulothrix
(chlorophyta). The canonical positioning of the pyrenoid at the tubule network suggests that
symmetrical segregation of this network between daughter cells will be equally important for
correct pyrenoid retention and reformation through cell division [51].

Intriguingly, in Chlamydomonas towards the end of chloroplast division and prior to
pyrenoid division under constant light, a significant portion (~35-50%) of the Rubisco/EPYC1
disperses from the pyrenoid into the surrounding stroma [36]. It is expected that this dispersion
will reduce pyrenoid viscosity and surface tension and accordingly reduce the mechanical
force required for pyrenoid fission by the centrally positioned cleavage furrow, in line with
physical theory [171]. Freeman Rosenzweig et al. [36] also note, in cell divisions where the
pyrenoid does not appear to be bisected during cytokinesis, pyrenoid fission is not observed.
This might suggest a primarily mechanical driving force for fission, but it is possible that
incorrect segregation of unresolved ultrastructural features also play a role. The interference
of the cleavage furrow on pyrenoid ultrastructure is not well studied, but the classical
observations of the green algae Tetracystis isobilateralis by Brown et al. [172] suggest a role
for pyrenoid traversing chloroplast thylakoids in division. A thylakoid membrane-oriented
pyrenoid division mechanism is plausible given the recent reports of endoplasmic reticulum
membrane contact with liquid droplet P-bodies in directing their fission location and propensity
[108]. Collectively, the above observations highlight the importance of the canonical
positioning of the pyrenoid and cleavage furrow during cell division to facilitate pyrenoid
inheritance through fission. When either of these positional requirements are awry, pyrenoid
fission does not occur, and one of the daughter cells inherits the mother pyrenoid, leaving its
sister pyrenoid-less. In the pyrenoid-less daughter cell, ~50% form pyrenoids de novo from
coalescence or apparent Ostwald ripening of multiple incipient pyrenoid puncta in the
chloroplast stroma [36], similar to descriptions in hornworts [173]. The sites of de novo
formation are not well described, but the observations of Bisalputra and Weier [174] suggest
an interplay with thylakoids in other species. These observations suggest an important role for
thylakoid membranes in pyrenoid division and de novo assembly.
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In addition to facilitating pyrenoid fission, the relocation of Rubisco and EPYC1 to the
chloroplast stroma may have evolved as a safeguard to provide a basal level of Rubisco to the
daughter cells for rapid de novo pyrenoid formation in the absence of fission [36], similar to P
granule relocation by re-condensation [24]. This has been proposed to facilitate Rubisco
inheritance through division in the multiple pyrenoid-containing cells of hornworts [140], and is
a plausible explanation for the observation of common de novo formation in other multiple
pyrenoid-containing species, where coordination of furrow-induced fission is more difficult. The
lack of high-resolution studies outside of the green lineage makes translation of these
observations difficult, and it is possible diverse pyrenoid-containing species operate distinct
pyrenoid distribution mechanisms. Even in Chlamydomonas there are multiple open questions
(Figure 5), such as: What happens to pyrenoid ultrastructural features throughout division?
What determines plastid fission and cleavage furrow positioning? What determines the site of
de novo pyrenoid assembly? Is the basis for fission solely mechanical?

Regulation of pyrenoid dynamics

Although the dynamic, liquid-like properties of the Chlamydomonas pyrenoid have been well
characterized, very little is known about their regulation. In this section, we discuss the possible
regulatory mechanisms at play (summarised in Figure 5B), relating existing pyrenoid data and
the wealth of control mechanisms demonstrated in other biomolecular condensates (see
Dignon et al. [30] and Owen and Shewmaker [35] for recent reviews). As discussed previously,
the pyrenoid exhibits several apparent phase transition events that occur over different
timescales, and we discuss their potential control mechanisms accordingly.

Pyrenoid dynamics over short timescales

The rapid nature of pyrenoid dynamics throughout cell division (dissolution and de novo
formation) has generated considerable interest in the role of post-translational modifications
(PTMs) through these events [36], given widespread reports of their role in regulating
analogous condensates [35, 175]. Given that intrinsically disordered proteins are frequently
modified post-translationally due to their conformational accessibility [176], it appears probable
that PTM of EPYC1 will play a role in pyrenoid dynamics. Although PTMs of globular domains
are more sparsely reported in coacervation control, with reports limited to ribonucleoprotein
granule component TDP-43 [177], here we also discuss the possibility of PTM of Rubisco to
effectively modulate valency and, thereby, control the size and physical properties of the
aggregate. These considerations are made under the assumption that matrix components
(Rubisco/EPYC1) are readily modified both within the dilute stromal and condensed matrix
states, as has been described in other ‘active’ condensates [178, 179].

Phosphorylation: Given that many biomolecular condensates incorporate phosphatases and
kinases that regulate the phosphorylation state and essential interactions of component
molecules that ultimately determine phase dynamics [29], there is considerable interest in
exploring the phospho-states of pyrenoid matrix components. The rapidly achieved, highly
phosphorylated state of EPYC1 in light under low CO- (where nearly all Rubisco is condensed
in the pyrenoid) conditions [180, 181] has led to suggestions that the phosphorylation state of
EPYC1 may control phase separation, by affecting Rubisco binding valency [80, 182]. Turkina
et al. [180] showed that phosphorylation of EPYC1 in response to CO: limitations occurs at
serine and threonine residues within the flexible regions between the Rubisco interaction
helices [95, 97, 183]. Alongside tyrosine, phosphorylation of serine/threonine residues has
been shown to both enhance and hinder phase separation dynamics in other systems, through
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recruitment and interaction screening effects respectively [35]. Here we discuss the role of
phosphorylation-enhanced valency, given the correlation with pyrenoid formation, but
acknowledge the absence of definitive evidence.

Interaction data supports EPYC1 association with two 14-3-3 phospho-binding
proteins, FTT1 and FTT2 [80]. 14-3-3 proteins are highly conserved proteins that are
implicated in a multitude of biological phosphorylation regulated processes across the
eukaryotic tree of life [184, 185], with diverse and often contradictory functions, including
protein binding occlusion, induced conformational change and interaction scaffolding [185].
14-3-3 binding potentially occurs at one of EPYC1’s phosphorylated serine residues that
resides within an almost complete 14-3-3 binding motif ([R].[S].[X].[pS].[X].[P] [186]), that is
repeated 3 times within the EPYC1 sequence [186]. Given the phosphorylation state of
EPYC1, 14-3-3 proteins would therefore be expected to be bound in low CO, conditions, and
may explain low CO, dependent pyrenoid formation potentially through interaction scaffolding
by increased linker protein valency or self-association, as observed in other complex
coacervates [187, 188].

Besides a potential 14-3-3 binding role, our understanding of EPYC1 phosphorylation
effects is limited. No interacting pyrenoid kinases or phosphatases were highlighted from
interactome studies [80], and our understanding of the effects of phosphorylation on the
EPYC1-Rubisco interaction are lacking. The presence of the phosphorylation sites outside of
the interacting regions of EPYC1 might suggest that there is no large impact on the interaction
with Rubisco. Equally, modifications within flexible regions have been shown to enhance
phase separation in other condensates [32, 187], but our understanding here is sparse. A
detailed study of EPYC1 phosphorylation, that highlights potential kinases/phosphatases and
assesses the Rubisco interaction would provide insight into the correlated process of pyrenoid
formation and EPYC1 phosphorylation.

Methylation: Residue-specific methylation has also been shown to have wide-reaching effects
on droplet formation in other systems, primarily through arginine-associated modifications [35].
Two candidate methyltransferases have been implicated in the CCM, and we discuss these
separately below. Although these methyltransferases are predicted to act on lysine, its
similarity to arginine and the apparent monomethylation of lysine at three sites in EPYC1 under
low CO; conditions warrant its consideration in pyrenoid dynamics [80]. Mutants of the first
methyltransferase, CIAB, fail to form a canonical pyrenoid and exhibit growth phenotypes
similar to the mutant of the linker protein, EPYC1 (failed pyrenoid assembly and no CCM) [51,
189]. This phenotype presumably indicates reduced EPYC1 accumulation, or a reduced
interaction with Rubisco, given that Rubisco accumulates to the same level in this strain and
that CIAG appears not to methylate Rubisco in vitro. Ma et al. [189] also demonstrate reduced
levels of CCM components in the cia6 mutant, but do not assess EPYC1 accumulation.
Establishing the transcript and protein levels of EPYC1 in this mutant would facilitate
disentangling the two possibilities for failed pyrenoid formation here. Interestingly, EPYC1’s
methylation sites lie within the ‘SKKAV’ motif that Wunder et al. [44] hypothesised could drive
EPYC1’s interaction with negative patches of Rubisco. Although methylation does not affect
the charge of residues and would therefore be unlikely to disrupt these non-specific charge
interactions, methylation at these sites would presumably preclude residue-specific cation-1r
interactions, that could otherwise enhance valency.

The second putative methyltransferase, SMM7, has been localized to the pyrenoid
matrix [80], and is significantly upregulated in low CO2 conditions, unlike CIA6 [190, 191], but
no phenotypic data is available. SMM7 bears homology to calmodulin dependent METTL21
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proteins that methylate molecular chaperones to regulate their activity [192]. However, there
is currently no evidence to support this function for SMM7. Phenotypic analysis of SMM7
mutants with respect to EPYC1/Rubisco accumulation and methylation profiles should be
completed to further probe the role of methylation in pyrenoid assembly. It is equally possible
Rubisco methylation could contribute to perturbations in pyrenoid assembly, but methylation
profiles of Rubisco are not currently available across phase transitions.

Other post-translational modifications: Other PTMs, including lysine acetylation, arginine
citrullination and poly(ADP-ribosylation) have been implicated in phase separation dynamics
[35], but these are unexplored in Chlamydomonas. The observation that recombinant EPYC1
can phase separate in vitro, presumably in the absence of physiological PTMs [44], may imply
that the above potential modifications are not major determinants in coacervate formation, but
may play a role in the disassembly process that occurs during cell division and acclimation to
high CO, environments.

Pyrenoid dynamics over longer timescales

In contrast to the rapid pyrenoid phase transitions that occur prior to, and following cell division,
those that occur in response to CO; [193] and light [194] changes potentially occur over
significantly longer timescales (several hours). Although it is likely that PTMs play a role in the
regulation of these transitions, here we discuss the influence of global changes in cellular
physiology that could explain the slower response and have been implicated in the transitions
of other systems. These include pH [195, 196], temperature [197, 198], salt concentrations
[197] and osmotic pressure [199].

pH: The pH of the stroma markedly increases under light-dependent photosynthetic conditions
in higher plants [96], cyanobacteria [12] and algae [200], due to the pumping of protons from
the stroma into the thylakoid lumen. Under extended dark conditions the pyrenoid of
Chlamydomonas dissolves and Rubisco transiently relocalizes to the stroma [194]. The
correlation of photosynthetic stromal pH change and pyrenoid presence across light conditions
warrants interest in the effects of these changes on pyrenoid formation and function. In
cyanobacteria and algae, the photosynthetic pH rise increases the prevalence of HCOs™ over
CO. in the stroma, and likely enhances CCM efficiency using specialized HCOs
transporters/channels that increase flux to Rubisco condensates [201]. Given the non-
membrane bound nature of the pyrenoid, it is expected that stromal pH increases (from ~7 in
the dark to ~8.5 in the light) will be mirrored in the pyrenoid matrix, with only slight variations
due to localized diffusive fluxes [96]. pH changes of this magnitude (~1.5 pH units) have been
shown to influence charge interactions by protonation/deprotonation of clustered charged
residues in the “pH sensor” domain of Sup35, where upshifted pKa values are thought to
contribute a pH-sensitive function at physiological pH [196]. A similar process may promote
Pub1-directed pH-dependent stress granule assembly [202].

The Rubisco-interacting helices and ‘SKKAV' motif represent the main charge
clustering in the EPYC1 sequence and could contribute a similar function in Chlamydomonas.
Alternatively regions of negative charge on the surface of the Rubisco SSU highlighted by
Wunder et al. [183] could behave similarly, especially given the more notable shift in pK, of
residues in local charge regions of globular proteins [203]. However, although electrostatic
screening effects have been probed in vitro [44], the pH-sensitivity of EPYC1-Rubisco
demixing remains uncharacterized.
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Concentration of pyrenoid components: The concentration of proteins and their associated
valencies clearly defines condensate assembly and composition [22]. Many primary pyrenoid
matrix components are differentially abundant across the light-dark and low-high CO.
transitions, in correlation with the dissolution/relocalization of the pyrenoid and its components
[51, 194]. Certainly, the timescale for protein expression could provide a time-appropriate
explanation for the apparent slower pyrenoid dynamics observed across these transition
periods.

Both the Rubisco large and small subunits are consistently abundant throughout the
light-dark and low-high CO- transitions which would negate a concentration-dependent role
for them [194]. Contrastingly, EPYC1 displays differential abundance at both the transcript and
protein level across both the light-dark and low-high CO. transitions [51, 180, 190]. It is
possible these abundance changes could drive phase transitions observed in vivo, consistent
with linker concentration-dependent demixing effects observed in analogous systems [187].
Although protein abundance has been charted well across these transitions, the distinct
mechanisms of transcriptional control, cytoplasmic shuttling, chloroplast import and
degradation of EPYC1 are unexplored (Figure 5). These processes are undoubtedly entangled
with the aforementioned molecular modifications, but their interdependence and implications
remain unelucidated.

Temperature: Temperature is not likely to markedly affect pyrenoid formation and division
dynamics, given the low COg, pyrenoid-dependent growth of Chlamydomonas across wide
temperature ranges [204]. In line with this observation Wunder et al. [44] also reported no
significant shift in phase diagram across a range of physiologically relevant temperatures (0-
40 °C) for in vitro Rubisco-EPYC1 demixing. At a superficial level, the pyrenoids of cold-water
species are largely ultrastructurally similar to those of temperate species (for examples see
references [205-209]), indicating no major change in pyrenoid assembly.

It will be interesting to consider the characteristics of pyrenoids that form in cold-
adapted species such as Chlamydomonas sp. UW0O241, where photosynthesis is adapted to
exhibit comparable rates to species grown at ambient conditions [210, 211]. Whether
pyrenoids in cold-adapted species exhibit the same dynamic properties observed in temperate
pyrenoid species is unknown. It has been reported that the linker protein EPYC1 is
downregulated during low CO; cold adaptation in Chlamydomonas [212], but whether this has
functional implications is unknown. In Anthoceros hornworts, pyrenoid shape has been
reported to change in response to cold-adaptation, from spindle-shaped to round [135],
perhaps suggesting an active process underpins maintenance of the spindle shape. These
observations likely suggest that temperature does not play a unique role in pyrenoid dynamics,
but study of matrix properties in cold-adapted species would nevertheless provide valuable
insight into the role of macroscopic properties (surface tension, viscosity) on pyrenoid function.

ATP and lonic strength: Given the largely active state of many condensates in maintaining
their liquid-like properties through enzymatic processes [179], ATP concentration has been
proposed to play a role in biological phase separation events [30], given its role as a biological
hydrotrope [213]. As discussed previously, the ultrastructure of the pyrenoid has been
proposed to allow the exchange of ATP with the chloroplast stroma, facilitating activity of the
highly active canonical AAA+ ATPase chaperone, Rubisco activase (RCA) [214], amongst
other enzymes [79]. The presence of active PSI, and its associated cyclic electron transport
processes inside the pyrenoid could provide an alternative source of ATP for these processes
[80, 88]. RCA remodels Rubisco in the pyrenoid [215], and its ATP-consumptive activity is
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related to the photosynthetic state of the cell [216]. In Chlamydomonas, RCA is located in the
pyrenoid [80, 217], where it has similar mobility to RBCS1, presumably to enable its dynamic
role [36]. Itis possible that this presumably large change in flux of ATP when the photosynthetic
state of the cell changes plays a role in phase dynamics. However, pyrenoid phase dynamics
in response to flux changes in ATP and other key metabolites (RuBP, 3PGA, HCOys) are
largely unassessed in Chlamydomonas.

Similar to ATP-dependent dynamics, ionic strength has been implicated in disassembly
of analogous condensates, where electrostatic interactions dominate [197]. Notably, the in
vitro demixing of the N-terminal domain of a-carboxysome linker CsoS2 with Rubisco requires
low salt concentration [43], analogous to the salt-dependent demixing of EPYC1 and Rubisco.
In addition to the proposed pH-dependent effects on electrostatic interactions in the pyrenoid,
spatiotemporal Ca?* fluxes provide an additional layer of charge effects. CAS1, a Ca**-sensing
protein, re-localizes to the pyrenoid upon CCM induction, possibly facilitating a CO; response
that facilitates assembly of key CCM components [218, 219]. It was also determined that
pyrenoid Ca?* concentration is markedly increased in low CO conditions [218]. The increased
Ca®* concentration would presumably screen electrostatic interactions and subsequently
disfavour phase separation of the pyrenoid. Whether these charge fluxes definitively affect the
putative electrostatic interaction between Rubisco and EPYC1 in the pyrenoid matrix is
undetermined, but electrostatic dependence of demixing is readily observed [44]. In vivo
quantification of ionic strength in the pyrenoid, using established methods [220], could provide
useful insight here.

Pyrenoid size

Pyrenoid size increases following division due to Rubisco recondensation and likely increases
due to CCM-induced relocalization [36, 194]. Across mature Chlamydomonas cells pyrenoid
size is largely consistent under the same growth conditions and appears to scale with cell size
during growth [42, 51, 221]. Rubisco-EPYC1 droplets are not size-limited in vitro, suggesting
that pyrenoid size is component limited in vivo [44], as observed in other biomolecular
condensates [25]. Alternatively, physical restrictions determined by other ultrastructural
features (starch/thylakoids) could limit droplet size. In a multiple pyrenoid-containing mutant of
the starch-associated Rubisco-binding protein SAGA1, the total pyrenoid matrix area is
decreased (indicating that pyrenoid volume is also decreased) despite Rubisco levels
remaining unaffected [42]. Thus, indicating that disrupted interactions between the pyrenoid
matrix and the starch has an effect on pyrenoid number and matrix area, however it has to be
noted that the exact functional role of SAGA1 is still unclear and similar multiple pyrenoid
phenotypes are also seen in EPYC1 and CIA6 mutants. At a biophysical level, the implications
of pyrenoid size relating to macroscopic properties, such as surface tension and viscosity are
unexplored.

Pyrenoid dissolution
High resolution spatiotemporal data is lacking for Chlamydomonas pyrenoid dissolution across
the slower low CO- to high CO; and light to dark transitions, though partial dissolution prior to
cell division is characterized over an ~20 minute window [36]. In the closely related
ulvophyceae, Ulva linza and Ulva intestinalis (chlorophyta), dark-induced dissolution appears
to occur over many hours [222], with a similar result observed in Scenedesmus acuminatus
(chlorophyta) [223]. No data is available for high CO. transitions.

As aforementioned, it is likely the rapid phase transition observed prior to division is
regulated at the post-translational level and suggests fine control over phase dynamics within
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the cell. Following pyrenoid dispersing phase transitions, a portion of the matrix is retained at
the canonical pyrenoid position (centred on the thylakoid network intersection) (Figure 5B)
[120, 194]. The retained portion contains both Rubisco and EPYC1 [36]. Interestingly, a similar
phenomenon is observed in the ‘pyrenoid-less’ epyc? mutant [51], where a portion of the
Rubisco is maintained at the stellate thylakoid network. QFDEEM data indicate this
aggregation has a lower packing density than the pyrenoid, presumably due to the absence of
EPYC1 driven Rubisco packaging [51]. The presence of RBMs found in several pyrenoid
components that localize to distinct sub-pyrenoid regions [101] may explain this residual
Rubisco matrix at the canonical pyrenoid position in the epyc? mutant.

Crucially, the fate of EPYC1 during dissolution is not determined, with possibilities
including degradation, dissolution into the stroma as monomers (or homo-multimeric
complexes) or dissolution into the stroma as small EPYC1-Rubisco heteromeric assemblies.
Given that Rubisco is consistently abundant throughout transitions, the level of EPYC1 protein
abundance is likely pivotal in determining pyrenoid reformation following dissolution. EPYC1
degradation rates over pyrenoid division and CCM state changes are yet to be characterized,
but could hold vital clues for the dissolution and re-condensation mechanisms of the pyrenoid
(Figure 5A).

Pyrenoid nucleation

Nucleation of phase separated condensates is crucial to their dynamic functions and cellular
positioning, and requires surmounting a kinetic barrier [19]. This process can occur
homogeneously through random fluctuations at non-defined locations, or heterogeneously at
pre-existing sites, where pre-assembly seeds droplet formation [25]. De novo formation of
pyrenoids in the stroma has been documented widely. Observations in Chlamydomonas show
that multiple proto-pyrenoid puncta can form de novo in the stroma of daughter cells. One of
these puncta appears to form at the canonical position of the pyrenoid in the chloroplast, and
over time grows to become the main Rubisco aggregation in the stroma, whilst the other
puncta diminish [36]. Very little is known about this process, but recent evidence provides
some insight.

Nucleation at the canonical pyrenoid position is perhaps explained by enhanced
Rubisco accumulation. In parallel to RBMP1/2 potentially acting as tethers of the pyrenoid
matrix to tubules, they could also play a pivotal role in the initial recruitment of Rubisco to the
pyrenoid tubules to drive pyrenoid assembly [101]. As described above, SAGA1/2 are
suggested to play a role in pyrenoid assembly through starch adherence to the pyrenoid matrix
[101], however the role of these starch-associated proteins should not be overlooked when
interrogating pyrenoid nucleation. SAGA1/2 belong to a suite of coiled-coil containing proteins
associated with the pyrenoid, many of which appear to associate with starch [42, 80]. The
association of coiled-coil domains has been shown to provide structural scaffolds for droplet
formation and positioning in several membraneless organelles [29], and thus coiled-coil
containing proteins could play a role in pyrenoid nucleation.

Subsequent growth of the canonically positioned matrix is unexplored, but has multiple
potential explanations based on descriptions of other biological condensates. If the droplet
nucleated at the canonical position has a larger droplet size, due to pre-seeding or
concentration-dependent effects, Ostwald ripening would preferentially drive the growth of this
droplet (Figure 1) [224]. Similarly, growth could be driven by elastic ripening, in which the
transport of solute down a stiffness gradient results in the preferential growth of droplets at
areas of low stiffness, on a faster timescale than Ostwald ripening [26, 225] (Figure 5B).
Mechanical heterogeneity within the Chlamydomonas chloroplast has not been characterised,
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but it is possible the absence of thylakoid stacks at the canonical position contributes reduced
network stiffness and facilitates a stiffness gradient [226].

De novo formation of multiple proto-pyrenoid puncta in the stroma of daughter cells
suggests nucleation also occurs separate to the canonical pyrenoid position. It is possible that
fluctuations in local concentrations of EPYC1 and Rubisco could provide a basis for nucleation,
independent of structural features that contribute seeding effects. Additionally, given the rapid
timescale for nucleation and re-condensation following division (<1 hour), it is likely the same
PTM control mechanisms important for dissolution are also poignant here. Similarly, light-
induced re-condensation occurs during an ~4 hour window [194], with low CO2-induced
reformation occurring over similarly longer timescales [193], suggesting alternate mechanisms
for controlled nucleation in these instances.
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adjacent plates, possibly fulfilled by LCI9, as highlighted in Mackinder et al, [80]. A starch-
associated Rubisco-interacting protein that tethers the starch sheath to the matrix, possibly
underpinning an alternative starch-centric nucleation model, as in B, perhaps performed by
SAGA1/2 [42] among others. A putative thylakoid-associated, starch-binding protein that could
explain the canonical positioning of the starch plates in pyrenoid-less strains. The uncharacterized
occupancy and oligomeric state of the Rubisco-linker interaction in the dilute stromal phase. B)
Potential control mechanisms underpinning the dynamics of the pyrenoid. Dissolution, clockwise
from top left. The dissolved state of the pyrenoid, showing canonical positioning of the starch plates
and retention of a portion of the matrix at the tubule intersection, possibly forming an
interdependent assembly point. A methylated state of Rubisco that could disrupt linker interactions
and contribute to dissolution. Potential linker perturbations that could contribute to phase
transitions, including PTMs (phosphorylation and methylation) as well as degradation
(concentration effect) and charge perturbation (pH and ion concentration). Nucleation, from top left.
Tubule-enriched matrix tethers, that could nucleate a canonically positioned pyrenoid, consistent
with A. Spontaneous nucleation at a region of low elastic density in the stroma. Starch-centric
nucleation, seeded by starch-matrix tethers, consistent with A. Growth, multiple explanations for
pyrenoid growth following de novo formation. Division, possibilities for ultrastructural distribution
through cleavage furrow-induced pyrenoid fission.

DOES LLPS UNDERPIN PYRENOID ASSEMBLY ACROSS LINEAGES?
Pyrenoids in all lineages consist of an electron-dense matrix that is believed to be a Rubisco
condensate. This assumption is based on observations across pyrenoid containing lineages
that the pyrenoid matrix contains most of the cell’s Rubisco [55, 70, 71, 88, 133, 140, 217,
227-232]. To date there is only conclusive evidence in Chlamydomonas that the pyrenoid is a
LLPS organelle [36, 44], however there are several lines of evidence that suggest that
pyrenoids are LLPS across diverse lineages. Pyrenoids normally have spherical/elliptical
shapes, which is typical for organelles formed by LLPS and not bound by membranes, given
their surface tension effects. As outlined above, the observation of pyrenoid division via fission
and examples of de novo assembly and apparent Ostwald ripening also supports the idea that
LLPS is a general property of all pyrenoids. In addition, dissolution of the pyrenoid and dynamic
Rubisco relocalization has been reported across diverse algae including the dinoflagellate
Gonyaulax [233] and the green alga Dunaliella tertiolecta [234] and Euglena gracilis [133].
Along with observational evidence, bioinformatic analysis revealed the occurrence of
proteins in a broad range of algae that show similarities to the Chlamydomonas Rubisco linker
protein EPYC1 [51]. These proteins have a similar repeat number, length, isoelectric point and
disorder profile to EPYC1 indicating a putative function as linker proteins. All in all, the
observed spherical shape of the pyrenoid, the observation of pyrenoid fission and identification
of proposed Rubisco linker proteins, suggests that pyrenoids are formed by LLPS across algal
lineages. However, essential experimental evidence to support pyrenoid LLPS in diverse algae
is missing.

PYRENOID EVOLUTION

Even though pyrenoids occur in all algal lineages and in hornworts, not all algae or hornwort
species contain pyrenoids. Pyrenoid-less algae (e.g. the extremophile rhodophyte class
Cyanidiophyceae, members of the chlorophyte genera Bathycoccus and Chloromonas, the
TSAR class chrysophyte (golden algae), and most species of the eustigmatophyte genus
Nannochloropsis) and hornworts that lack pyrenoids are spotted across the phylogenetic tree,

25



1008
1009
1010
1011
1012
1013
1014
1015
1016
1017
1018
1019
1020
1021
1022
1023
1024
1025
1026
1027
1028
1029
1030
1031
1032
1033
1034
1035
1036
1037
1038
1039
1040
1041
1042
1043
1044
1045
1046
1047
1048
1049
1050
1051
1052
1053
1054
1055

suggesting that pyrenoids were lost and gained multiple times during evolution [50, 235, 236],
possibly with hundreds of evolutionary origins [15]. The exact distribution of pyrenoids is
unknown since the anatomy of many algae has never been investigated thoroughly. Moreover,
the occurrence of a pyrenoid in different algal species could depend on factors such as CO;
abundance, light and life-cycle stage. Thus, the apparent absence of pyrenoids in some
species might be attributed to the metabolic state of the imaged cells, life-cycle stage or even
missed due to insufficient imaging.

The evolutionary history of the pyrenoid is complex and presently poorly understood.
Our best understanding of pyrenoid evolution comes from hornworts where pyrenoids have
evolved at least 5-6 times independently and have also been lost at least 5-6 times [50]. The
first hornwort pyrenoids appeared ~100 million years ago, a time that coincided with a drastic
decline of atmospheric CO; levels. However, other younger pyrenoid-containing clades
originated during periods with higher atmospheric CO- levels and pyrenoids were apparently
lost in hornwort clades during periods with relatively low atmospheric CO- levels [50]. Taken
together, these findings suggest that pyrenoids in hornworts did not evolve solely as a
response to atmospheric CO. levels but must also offer further evolutionary advantages.
Hornworts are typically found in terrestrial habitats growing on soil banks or epiphytic on trees
and leaves but can also be semiaquatic growing partially submerged or undergoing temporal
submersion in freshwater habitats [237]. In algae, the evolution of pyrenoids and a biophysical
CCM is widely considered as an adaptation to their aquatic lifestyles, where HCOs™ is more
abundant than CO; and the CO- diffusion to Rubisco is limited [238]. However, this adaption
to aquatic environments is not clear in hornworts, with some semiaquatic hornwort species
lacking pyrenoids, whereas several terrestrial hornwort species contain pyrenoids [237].

It has been proposed that the lack of pyrenoids in all other land plants indicates that
the last common ancestor of all hornworts had no pyrenoid and that pyrenoids in hornworts
evolved independently of ancestral algal pyrenoids [50]. However, recent genomic data is
offering some new insights into pyrenoid evolution [239]. Some pyrenoid localized core green
algal CCM components, like LCIB and CAH3, appear to have homologs in hornworts (but not
land plants), while others, like EPYC1 or RBMP1/2, have no homologs (although sequence
divergence may be accelerated for intrinsically disordered proteins). This suggests that the
common ancestor of green algae and hornworts (and hence land plants) may have had a
biophysical CCM. With biophysical CCM loss at both a genetic and functional level occurring
in land plants but retained in hornworts (at least at a genetic level) with the then subsequent
loss or replacement of individual components during pyrenoid and CCM loss and re-acquisition
during hornwort evolution. The identification of analogous pyrenoid components across
lineages will likely shed some light on pyrenoid evolution.

Pyrenoid structural diversity across different algal lineages

Pyrenoid structure varies greatly between different algal and hornwort species (Figure 6).
Common to all pyrenoids is that they consist of a dense Rubisco matrix, which is probably
formed through LLPS (see discussion above). Variation in matrix staining across species
suggests differences in matrix protein concentration but could also be due to fixation artefacts
and differences in fixation protocols. Of note, found within the matrix of some hornwort and all
Trebouxia (chlorophyta) lichen symbionts are lipid-rich globules called pyrenoglobuli [140,
240]. Whereas most species have only one pyrenoid per chloroplast, some species have two
or more [23, 170, 241, 242], sometimes even ultrastructurally distinct pyrenoids [243]. In the
chlorophyte Spirogyra, each chloroplast has multiple evenly-sized pyrenoids [23, 242],
suggesting that Rubisco condensation is controlled by an unknown mechanism, which
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prevents Ostwald ripening and thus allows the coexistence of multiple pyrenoids instead of
fusing into one as observed in Chlamydomonas [36, 44]. In many species the pyrenoid is
localized centrally in the chloroplast amidst the thylakoids (common in glaucophytes and all
green lineages; some rhodophytes and diatoms), in other species the pyrenoid is localized in
peripheral protrusions of the chloroplast (common in all TSAR lineages and some
rhodophytes). In species with a peripheral pyrenoid the pyrenoid is tightly encircled by the
chloroplast envelope and the protrusion is typically into the central cytosolic space. In many
species the pyrenoid is traversed by one or more membrane tubules that typically are
continuous with the thylakoid membrane (for clarity, in the following we term these thylakoid
tubules) but can be derived from other cellular membranes, collectively these are termed
pyrenoid tubules. The thylakoid tubules are presumably important for the delivery of inorganic
carbon as discussed above for Chlamydomonas and postulated in the diatom Phaeodactylum
tricornutum, whose single pyrenoid tubule contains a carbonic anhydrase [244]. Observations
across lineages indicate that thylakoid tubules are biochemically distinct from other parts of
the thylakoid membrane. Thylakoid tubules across lineages typically lack active PSII, which
would produce O3 in close proximity to Rubisco and thus promote the oxygenase function of
Rubisco, reducing photosynthetic performance [55, 88, 117, 118].
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Figure 6. Pyrenoids are structurally diverse. Peripheral TEM images are used to
demonstrate non-exhaustive examples of combinations of pyrenoid structural features. Starting
centrally, with the defining pyrenoid matrix and radiating outwards, combinations of matrix
shape/position, traversing membrane organization and sheath organization can be achieved.
Observed combinations are loosely demarcated by dashed lines between and within rings, but
no combinations are definitively excluded. Coloured dots indicate combinations of structural
features, corresponding to image borders. Image labelling is from original publication:
p/py/pyr/*, pyrenoid; s/st, starch; pl, plastid; cv, capping vesicle. References for images,
clockwise from Caulerpa geminata [245], Onchynonema laeve [100], Chlamydomonas
reinhardtii (authors collection), Rhodella violacea [246], Streptosarcina arenaria [247],
Porphyridium cruentum [55], Aulacoseira baicalensis [248], Phaeodactylum tricornutum [249],
Cladophora glomerata [250], Calciodinellum aff. Operosum [60], Lotharella amoeboformis sp.
nov [251], Symbiodinium tridacnidorum [252], Amphidinium carterae [148], Aureodinium
pigmentosu [253].

Although it is currently assumed that the thylakoid tubules are important for the delivery
of inorganic carbon to the pyrenoid, not all pyrenoid containing species have a matrix traversed
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by thylakoid tubules. Thylakoid tubules are seen in all hornwort pyrenoids and there are
example species in all algal lineages except for glaucophytes. With data in many species
limited to a handful of TEM images, it is possible that TEM sectioning could fail to reveal
tubules. In species with peripheral pyrenoids the thylakoid tubules are often missing. In these
species, the thylakoid membrane often stops before the pyrenoid matrix begins [131, 246, 254,
255] and, in some cases, the thylakoid tips extend into the matrix [256]. However, there are
exceptions (e.g. dinophytes), where thylakoid tubules cross the matrix of peripheral pyrenoids
completely or even form networks in them [60, 257]. In species with peripheral pyrenoids
without thylakoid tubules, the chloroplast envelope can extend into the pyrenoid matrix by
forming tubular intrusions, indicating that membranes traversing the pyrenoid is potentially a
ubiquitous feature. In striking examples of such envelope intrusions, the internal region of the
pyrenoid seems to be directly connected to the cytosol, nucleus or mitochondria. The nuclear
envelope of the rhodophyte Rhodella violacea is in direct contact with the chloroplast and
elongation of the nuclear envelope into the pyrenoid at a chloroplast envelope intrusion
suggests interaction between the nucleus and the pyrenoid [246]. In the chlorophyte
Prasinoderma singularis it is claimed that the mitochondria protrudes through the chloroplast
envelope intrusion into the pyrenoid [258], opening the possibility that photorespiratory CO-
release could directly be driving photosynthetic carbon fixation. The function of all pyrenoid
traversing chloroplast envelope intrusions remain unknown, but it seems likely that they are
also involved in CO; delivery to the pyrenoid.

The characteristics and complexity of pyrenoid tubules varies greatly between species
(Figure 6). Tubules have been used as taxonomic markers in some lineages (e.g. in
dinophytes [259] or diatoms [248]). The least complex examples are where the pyrenoid is
traversed only by a single thylakoid tubule, which is found in some chlorophytes and diatoms
[248, 260, 261]. In several chlorophyte, dinophyte and euglenophyte species the pyrenoid is
traversed by multiple non-connecting parallel membranes [248, 261-263]. Other species form
more or less complex, interconnected thylakoid tubule networks within the pyrenoid matrix,
which is common in chlorophyte, rhodophyte and hornwort species. Some species like
Chlamydomonas have relatively simple star-shaped (2D view or stellate as seen in 3D)
thylakoid tubule networks crossing their pyrenoid, whilst other species like the rhodophyte
Porphyridium cruentum [127, 129], the chlorophyte genus Zygnema [264-266] or hornworts
[50] show highly complex networks of interconnected tubules. The thylakoid tubules can
drastically differ from the rest of the thylakoid network as stacked membranes usually unstack
and enter the pyrenoid as single entities or merge and enter the pyrenoid as composites.
However, in other species the thylakoid membrane appears not to change as it enters the
pyrenoid matrix, for instance the hornwort genus Dendroceros maintains even grana stacks in
the pyrenoid matrix [50].

Even though different algal lineages use different carbohydrates for energy storage,
there are example species from all algal clades that surround their pyrenoid with a layer of
their storage material (hereafter referred to as starch sheath). This is even more astonishing
considering that rhodophytes and algal lineages that inherited a “red” chloroplast through
secondary endosymbiosis store their reserve material not in the chloroplast but in the cytosol.
Consequently, only peripheral pyrenoids in “red” chloroplasts exhibit a starch sheath and
central pyrenoids are always sheath-less in these lineages. Glaucophytes never have a starch
sheath, and in the green lineages the pyrenoid is often, but not always, surrounded by a starch
sheath. The morphology of the starch sheath varies greatly between species (Figure 6). The
starch sheath can be formed by only one plate [254, 267, 268] and in species, where the
pyrenoid matrix is crossed by a single thylakoid disc, the starch sheath is sometimes formed
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by two plates [250, 269], but in most cases the starch sheath is formed by several plates. In
some species there are broad gaps between the starch plates [62, 246, 247], whereas in
others the plates sit tightly together, sometimes even in multiple layers [270]. The starch
sheath has been posited to function as a structural barrier that prevents CO; leakage from the
pyrenoid, with some supporting evidence for this in Chlamydomonas [42, 73, 91].

Differences in pyrenoid structure across algae indicates that inorganic carbon flow from
the external environment to Rubisco must differ from the described mechanism for
Chlamydomonas. In species with pyrenoids lacking thylakoid tubules, inorganic carbon must
enter the pyrenoid matrix directly from the chloroplast stroma without entering the thylakoid
lumen or even from the cytosol in the case of peripheral pyrenoids without even entering the
chloroplast stroma, perhaps through chloroplast envelope intrusions that extend into the
pyrenoid matrix. Species without a starch sheath around the pyrenoid potentially lose more
CO; through leaking than species with a starch sheath. However, the presence of low electron
dense CO, impermeable protein layers or membrane diffusion barriers created from adjacent
thylakoids or the chloroplast envelope cannot be ruled out.

Outside of Chlamydomonas, we currently lack a molecular understanding of the
structural arrangement of the pyrenoid across algal lineages and hornworts) and,
consequently, mostly understand the operation of these CCMs by analogy to
Chlamydomonas. Thus, it will be key to obtain information on the structure and function of
pyrenoids from other algae as well as from hornworts in order to fully understand the principles
of CCM function, which is pivotal for any engineering approaches into crop plants. Moreover,
a deeper knowledge of the pyrenoid structure and function of ecologically relevant algae, such
as diatoms and coccolithophores, will help to better understand global carbon flows.

SYNTHETIC PYRENOID ASSEMBLY AND RELEVANCE TO HIGHER PLANT
ENGINEERING

In modern agriculture where biotic and abiotic stresses such as water and nitrogen availability,
pests and pathogens can be controlled, crop yield can become limited by CO; fixation by
photosynthesis [271]. Calculations show that many Cs crops, such as rice, wheat and soya are
only reaching at maximum one-third of their theoretical potential of conversion of solar energy
capture to carbohydrate synthesis [272]. It is thought that photosynthetic performance has not
been selected for through breeding programmes due to it being highly conserved within crop
species giving very little room for positive selection [17]. A promising strategy for
photosynthetic improvements is the engineering of a CCM (see [201, 273-275] for recent
detailed reviews). Modelling has shown that biophysical CCM engineering in the form of a
pyrenoid or carboxysome centred CCM could result in theoretical yield increases of 60% along
with improvements in water and nitrogen use efficiencies [17, 276]. However, predicting yield
increases from photosynthetic improvements is complicated due to the complex interplay of
multiple processes that determine crop yield. This has been demonstrated by cross-scale
modelling that indicate that simultaneous improvements in Rubisco activity (i.e. CCM
presence), electron transport and mesophyll conductance maybe required for significant yield
improvements [277]. Field data in tobacco supports photosynthetic engineering as a promising
approach with significant increases in plant biomass seen with multiple approaches, including
synthetic photorespiratory bypasses to reduce photorespiration [278], enhanced
photoprotection [279] and combined improvements in RuBP regeneration and electron
transport [280]. Although, how biomass improvements will translate to grain crop yields is
unclear. The potential for increasing CO> supply to Rubisco through CCM engineering to
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translate into grain yield improvements is supported to some extent by in field data where
season-long CO; enrichment using free-air concentration enrichment (FACE) technology has
demonstrated yield improvements on average of 17% across rice, wheat, cotton and sorghum
[271].

Algal CCM engineering is currently underway with successful expression of multiple
CCM components that correctly localize in Arabidopsis [281]. To prime plants for pyrenoid
assembly via EPYC1, Arabidopsis lines that have had the majority of their native Rubisco SSU
replaced with Chlamydomonas Rubisco SSU have been developed and the hybrid Rubisco
shown to be functional [282]. Purified Arabidopsis/ Chlamydomonas hybrid Rubisco has then
been shown to undergo LLPS in vitro [97]. Optimised EPYC1 expression in Arabidopsis
expressing Chlamydomonas Rubisco SSU has recently resulted in in planta proto-pyrenoid
assembly (i.e. EPYC1/ Rubisco condensation) [283], with Arabidopsis proto-pyrenoids having
a comparable size and internal mixing to Chlamydomonas pyrenoids [36, 283]. In contrast to
in planta carboxysome assembly where Rubisco packaging results in severely reduced plant
growth [284], proto-pyrenoid expressing lines have a similar photosynthetic performance to
wild-type [283]. Although plant proto-pyrenoid assembly is a major breakthrough,
photosynthetic improvements most likely will only be realized once a complete CCM is
assembled. Based on conserved structural features of pyrenoids across algae and our current
knowledge of the CCM, a minimum CCM is expected to require: 1) Rubisco/EPYC1 matrix
assembly around thylakoids; 2) inorganic carbon delivery to the matrix traversing thylakoids
via HCOs™ channels; and 3) accelerated dehydration of HCO3 to CO; via a carbonic anhydrase
localized in the matrix traversing thylakoids. Further pyrenoid structural refinements may
include modification of thylakoids traversing the pyrenoid matrix, similar to pyrenoid tubule
assemblies observed in Chlamydomonas; the assembly of a pyrenoid starch sheath to
minimise CO; retro diffusion out of the pyrenoid; and additional inorganic carbon accumulation
systems at the chloroplast envelope (i.e. LCIA) and the pyrenoid periphery (i.e. LCIB/LCIC
complex). In addition, detailed understanding and engineering control of pyrenoid assembly,
regulation and division within different plant leaf cell-types will be critical for successful
function. Understanding pyrenoid assembly across diverse algae will offer additional
approaches to engineering plants with pyrenoid CCMs. Moreover, it will also open
opportunities for hybrid assemblies and the development of synthetic/designer parts. A primary
example could be the development of synthetic EPYC1 analogues that can phase separate
plant Rubisco removing the requirement to modify plant Rubisco SSU.

SUMMARY

The pyrenoid is a biogeochemically important organelle central to biophysical CCMs that
contribute massively to photosynthetic primary production and offer serious prospect for
enhancing crop yields. Once considered amorphous/crystalline, recent work has allowed
characterization of the Chlamydomonas pyrenoid as a LLPS body, formed by complex
coacervation between Rubisco and a disordered linker protein, EPYC1. The liquid-like
properties of the pyrenoid play a critical role in ensuring robust pyrenoid inheritance and most
likely enable rapid adaption of carbon fixation through the CBB cycle in response to changes
in inorganic carbon and light availability. The commonality of pyrenoid dynamics,
ultrastructural features and putative Rubisco linkers described across the eukaryotic tree of
life suggest that LLPS may be common to the functionality of pyrenoids, however conclusive
evidence across diverse phyla is currently lacking. Despite rapid recent advances in our
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understanding of the Chlamydomonas pyrenoid as a LLPS organelle, key gaps in our
knowledge exist. We are only beginning to understand the basis of the molecular structure that
underpins the defining macroscopic properties and ultrastructural arrangements exhibited by
pyrenoids. Understanding the molecular basis for phase separation will facilitate an
understanding of the processes that determine the dynamic transitions of the pyrenoid, most
likely essential to its adaptive function across lineages. Additionally, understanding the role of
ultrastructural features and their associated molecular factors in pyrenoid assembly,
localization and division will be central to understanding the underlying properties for pyrenoid
function. This understanding will have direct implications for the rapidly evolving efforts to
introduce pyrenoids into higher plants, that have been somewhat retarded by key gaps in our
knowledge. From a molecular scale to global impact, extending our in-depth knowledge of
pyrenoid function to diverse and globally important pyrenoid-containing lineages will facilitate
our understanding of how/if Rubisco LLPS has driven the complex evolutionary history of the
pyrenoid and provide molecular level biophysical based principles that underly ~30% of global
carbon fixation.
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