UNIVERSITY OF LEEDS

This is a repository copy of Pea protein microgel particles as Pickering stabilisers of oil-in-
water emulsions: Responsiveness to pH and ionic strength.

White Rose Research Online URL for this paper:
http://eprints.whiterose.ac.uk/154927/

Version: Accepted Version

Article:

Zhang, S, Holmes, M, Ettelaie, R et al. (1 more author) (2020) Pea protein microgel
particles as Pickering stabilisers of oil-in-water emulsions: Responsiveness to pH and ionic
strength. Food Hydrocolloids, 102. ISSN 0268-005X

https://doi.org/10.1016/j.foodhyd.2019.105583

© 2019, Elsevier. This manuscript version is made available under the CC-BY-NC-ND 4.0
license http://creativecommons.org/licenses/by-nc-nd/4.0/.

Reuse

This article is distributed under the terms of the Creative Commons Attribution-NonCommercial-NoDerivs
(CC BY-NC-ND) licence. This licence only allows you to download this work and share it with others as long
as you credit the authors, but you can’'t change the article in any way or use it commercially. More
information and the full terms of the licence here: https://creativecommons.org/licenses/

Takedown
If you consider content in White Rose Research Online to be in breach of UK law, please notify us by
emailing eprints@whiterose.ac.uk including the URL of the record and the reason for the withdrawal request.

eprints@whiterose.ac.uk
https://eprints.whiterose.ac.uk/




10

11

12
13
14
15
16

17

18

19

20

21

Pea protein microgel particles as Pickering stabilisers of
oil-in-water emulsions: Responsiveness to pH and ionic

strength

Shuning Zhang, Melvin Holmes, Rammile Ettelaie, Anwesha Sarkar*

Food Colloids and Bioprocessing Group, School of Food Science and Nutrition, University of

Leeds, Leeds, LS2 9JT, UK

*Corresponding author:

Dr. Anwesha Sarkar

Food Colloids and Bioprocessing Group,

School of Food Science and Nutrition, University of Leeds, Leeds LS2 9JT, UK.

E-mail address: A.Sarkar@]leeds.ac.uk (A. Sarkar).



mailto:A.Sarkar@leeds.ac.uk

22

23

24

25

26

27

28

29

30

31

32

33

34

35

36

37

38

39

40

41

42

43

44

45

Abstract

The aim of this study was to design plant protein-based microgel particles to create Pickering
emulsions (20 wt% sunflower oil, 0.05-1.0 wt% protein) and investigate the role of electrostatic
interactions on colloidal behaviour of such emulsions. Pea protein microgels (PPM) were
designed using a facile top-down approach of heat-set protein gel formation followed by
controlled shearing. The aqueous dispersion of PPM had hydrodynamic diameters ranging
from 200 to 400 nm at pH 7.0 to pH 9.0 with high negative charge (-30 to -35 mV) and pl was
pH 5.0. With increasing ionic concentration from 1 to 250 mM NaCl, the {-potential of PPM
changed to -8 mV due to charge screening effects, in line with theoretical calculations of the
electrostatic potential. The Pickering emulsions with smallest droplet sizes (d43) ~25 um
exhibited excellent coalescence stability and high adsorption efficiency of PPM at the oil-water
interface (>98%) at pH 7.0, with the latter being supported by confocal microscopy showing
effective adsorption of the PPMs at the droplet surface. Adjusting the pH of the emulsions to
pl demonstrated aggregation of adsorbed PPM at the particle-laden interface providing a higher
degree of adsorption as well as enhancing inter-droplet flocculation and the shear-thinning
character as compared to those at pH 7.0 or pH 3.0. Charge screening effects in presence of
100 mM NaCl resulted in PPM-PPM aggregation and enhanced viscosity of the emulsions.
Findings from this study on pea protein microgels would open avenues for rational designing

of sustainable Pickering emulsions in the future.

Keywords: Pickering emulsion; pea protein; microgel; interaction potential; plant protein;

particle-stabilized interface
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1. Introduction

In recent times, gradual dietary changes towards sustainable plant-based ingredients has
increased and, consequently designing food emulsions using plant proteins have been the
preferred direction for emulsifiers to reduce food-production associated environmental
footprints (Rayner, et al., 2014). Furthermore, plant proteins are appreciated by consumers as
they are “green”, “vegan-friendly” and are considered to be less allergenic and are less
expensive as compared to the most commonly used dairy proteins. A range of plant proteins,
such as soybean, pea, chickpea, faba bean, lentil, cowpea, French bean, sweet lupin, tomato
seed and zein protein (Ben-Harb, et al., 2018; Jayasena, et al., 2010; Karaca, et al., 2011;
Kimura, et al., 2008; Pan, et al., 2015; Sarkar, et al., 2016a) have been investigated for
stabilizing oil-in-water (O/W) emulsions. However, many if not most, of these plant proteins
have limited aqueous solubility (Makri, et al., 2006; Nesterenko, et al., 2013; Sarkar, et al.,

2016a) and are less digestible as compared to the dairy proteins (de Folter, et al., 2012; Laguna,

et al., 2017). This restricts easy replacement of dairy proteins in food products by plant proteins.

In comparison to the conventional protein-stabilized emulsions, the investigation of plant
protein-based particles to create Pickering emulsions can be particularly interesting as these
emulsions involve particle-stabilization of the droplets and therefore do not need perfect
solubilisation of these proteins in the aqueous phase. In other words, these emulsions need the
particles to be partially wettable by the oil and aqueous phases. In addition, Pickering
emulsions have gained remarkable research interest in the food colloids community in recent
years due to their distinctive stability against coalescence and Ostwald ripening as well as their
ability to alter lipid digestion kinetics of emulsions post consumption (Aveyard, et al., 2003;

Binks, 2002; Dickinson, 2012; Dickinson, 2013; Sarkar, et al., 2019). Hence, there is a strong
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demand in food industries to find cheaper plant protein-based Pickering stabilizer alternatives

that can effectively stabilize emulsion droplets for longer term against coalescence.

As compared to the extensive studies on particles derived from animal-based proteins being
used as Pickering stabilizers, e.g. whey protein microgels (Destribats, et al., 2014; Sarkar, et
al., 2016b) and lactoferrin nanoparticles or nanogels (David-Birman, et al., 2013; Gal, et al.,
2013; Meshulam, et al., 2014; Sarkar, et al., 2018), those involving particles obtained from
plant proteins are fairly recent and are attracting significant research attention. For example,
Liu and co-authors (Liu, et al., 2017; Liu, et al., 2013; Liu, et al., 2014; Liu, et al., 2016; Peng,
et al.,, 2020; Peng, et al., 2018; Zhu, et al., 2017) investigated the ability of soy protein
nanoparticles aggregates (SPN) (~ 100 nm, created via heat-treatment at 95 °C for 15 min) to
act as Pickering stabilizers. On the other hand, Chen, et al. (2014) prepared heat denatured soy
protein nanogel particles at various pH values (pH 2.0-7.0) and added ions (0-200 mM NaCl).
In another recent study, Zhu, et al. (2018) suggested the importance of the electrostatic
screening by ions (100-200 mM NaCl) to improve freeze-thaw stability of Pickering emulsions
stabilized by soy protein-based nanoparticles. Besides the commonly used soy protein-based
particles, peanut protein microgel particles have been recently investigated, where these
microgel particles were prepared via enzyme treatment and had hydrodynamic diameters
ranging from 200 to 300 nm and were used to stabilize high-internal-phase Pickering emulsions
with 87 % oil volume fractions (Jiao, et al., 2018). Water-insoluble zein-based colloidal
particles and kafirin nanoparticles have also been reported as possible Pickering stabilizers. For
example, de Folter, et al. (2012) fabricated zein-based colloidal particles with an average
diameter of ~ 70 nm. Xiao, et al. (2016) used an anti-solvent precipitation method to produce

kafirin nanoparticles with a mean diameter of 206.5 nm. Gliadin colloidal particles (GCPs)
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with average diameter of ~120 nm at acidic pH that were prepared by an anti-solvent procedure

(Hu, et al., 2016) were suggested as Pickering stabilisers.

Due to the significant academic and industrial interests resulting from their low cost, Liang, et
al. (2014) created pea protein nanoparticles for the first time. In such a process, an aqueous
dispersion of pea protein isolate (PPI) was adjusted at pH 3.0 to produce pea protein-based
particles with hydrodynamic diameter of 100-200 nm. In addition, such particles generated oil-
in-water (O/W) Pickering emulsion with 20 wt% oil volume faction. In another study, Shao, et
al. (2015) found that such pea protein particle-stabilized Pickering emulsion enabled controlled
release of lipophilic bioactive compounds during in vitro gastrointestinal digestion. Compared
to the emulsion stabilized with untreated PPI, the Pickering-stabilised emulsion had a sustained
release behaviour due to their gel-like inter-droplet network formation. Another recent study
by Cochereau, et al. (2019) designed pea protein microgel particles with protein concentration

of 1-4 wt% at pH 6-8 via slow and modest heat treatment (i.e. 20- 40 °C).

It is thus clear from the literature that stabilizing Pickering emulsions using plant
protein-based particles is a relatively recent endeavour. In particular, considering the
strong research interests by food industries and academic community in pea protein, it
is surprising that relatively little attention has been devoted to designing pea protein-
based particles for the purpose of stabilizing Pickering emulsion droplets. Although the
gelation properties of pea proteins (Bora, et al., 1994; Mession, et al., 2015; Shao, et al.,
2015), pea protein-based aggregates, such as heat-treated fibrillar aggregates (Munialo
et al., 2014), mixed pea globulin aggregates (Mession, et al., 2017), as well as thermal
aggregates from mixed pea globulin and B-lactoglobulin (Chihi, et al., 2016; Chihi, et

al., 2018), have been widely studied, there has only been two studies that have used pea

5
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protein particles to prepare Pickering emulsions (Liang, et al., 2014; Shao, et al., 2015).
Furthermore, these two studies have been performed using pea protein gelation at just
one particular pH (pH 3.0), thus restricting the use of such emulsions over a wider range
of pH and ionic strengths. To our knowledge, there has been no study that has
systematically characterized the colloidal properties of thermally-crosslinked pea
protein microgel in the aqueous phase, as well as when present at the droplet surface,
and in particular also investigated the role of electrostatics on the colloidal behaviour of
these types of emulsions. Considering the recent demand of plant-based protein
particles, it is necessary to characterise the ability of such Pickering emulsions at a wide
range of pH and ionic strengths to understand their responsiveness to environmental

conditions during their processing and indeed after consumption.

Hence, in this study, pea protein has been used to design pea protein microgels (PPM)
using a top down approach for creating a heat-set hydrogel, followed by controlled
shearing to investigate their potential to stabilize O/W Pickering emulsions, which has
not been reported in literature to date. We hypothesized that pea protein microgel
already adsorbed to the interface would aggregate at the droplet surface by suitably
adjusting the pH to acidic pH, forming a densely packed layer of particles further
protecting the oil droplets against coalescence. Colloidal stability of pea protein
microgel particles (PPM) in aqueous phase and PPM-stabilized emulsions were
systematically characterized as a function of pH (pH 2.0-9.0) and ionic strength (1-250
mM NaCl) using particle sizing (dynamic light scattering), droplet sizing (static light
scattering), optical microscopy, confocal laser scanning microscopy (two dimensional
(2D) as well as three dimensional (3D) images), apparent viscosity, adsorption

efficiency assessment and C-potential measurements. The composition of PPM at the
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interface was assessed using sodium dodecyl sulphate polyacrylamide gel
electrophoresis (SDS-PAGE). In addition, we calculated the interaction potentials of the
particles as a function of pH and ionic strengths at close separation distances to identify
the electrostatic contribution of these particles at the droplet surface during any droplet

aggregation phenomena.

2. Materials and Methods

2.1 Materials

Commercial pea protein concentrate (Nutralys S85XF) (PPC) with 85% protein content was
kindly gifted by Roquette (Lestrem, France). Sunflower oil was purchased from local
supermarket and used without any further purification. Mini-PROTEAN TGX Gels, ProtoBlue
Safe Colloidal Coomassie G-250 stain and all sodium dodecyl sulphate polyacrylamide gel
electrophoresis (SDS-PAGE) chemicals were purchased from Bio-Rad Laboratories, UK.
Sodium azide, Nile Red and Nile Blue were purchased from Sigma Aldrich (Dorset, UK). All
other chemicals were of analytical grade and purchased from Sigma-Aldrich Dorset, UK)
unless otherwise specified. All solutions were prepared with Milli-Q water (water purified by
a Milli-Q apparatus, Millipore Corp., Bedford, MA, USA) with a resistivity of 18.2 MQ cm at

25 °C.

2.2 Methods

2.2.1 Preparation of pea protein microgel (PPM)

Pea protein-based Pickering particles were prepared using slight modification of the top-down
method developed by Sarkar, et al. (2016b). Briefly, the PPC powder at 15 wt% powder i.e.

12.75 wt% protein was dispersed in 20 mM phosphate buffer at pH 7.0. The aqueous dispersion
7
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of PPC was mixed for 2 hours using magnetic stirring at 300 rpm, and then stored at 4 °C
overnight. The PPC dispersion was heated at 90 °C for 1 hour to allow formation of heat-set
gel (Figure 1). During heat treatment, the globular pea proteins were denatured and unfolded
(Laguna, et al,, 2017). And then the denatured proteins aggregated via the disulphide
crosslinking forming a macroscopic protein-based hydrogel. After cooling to room temperature
using flowing water at 25 °C, the pea protein hydrogel was stored at 4 °C overnight. These
hydrogels were mixed with 20 mM phosphate buffer (1: 1 v/v) at pH 7.0 and were broken to
macrogel particles using a blender (HB711M, Kenwood, UK) at speed 3 for 5 minutes. After
removing the air bubbles generated during blending using vacuum (25-30 bar) for 15 min, the
macroscopic gel particle dispersion was homogenized using two passes through a two-stage
valve homogenizer (Panda Plus 2000, GEA Niro Soavi Homogeneizador Parma, Italy)
operating at first/ second stage pressures of 250/ 50 bars, respectively. The resultant particles,

termed as pea protein microgels (PPM) contained 6.375 wt% protein.

2.2.2 Preparation of PPM-stabilized Pickering emulsions (PPM-E)

Sunflower oil was mixed with appropriate quantities of PPM at 20:80 oil: protein (w/w) ratio
using rotor-stator (LSM-A, Silverson machines, UK) mixing at 8,000 rpm for 5 minutes. The
PPM dispersion was diluted using phosphate buffer to have 0.05, 0.10, 0.25, 0.50 and 1.0 wt%
protein content in the final emulsions, henceforth, such emulsions are referred as E0.05, EO.1,
E0.25, E0.5 and E1.0, respectively. The pre-homogenized oil-PPM mixture was further
homogenized by a two-stage valve homogenizer (Panda Plus 2000, GEA Niro Soavi
Homogeneizador Parma, Italy) operating at two stages, of 250 and 50 bar pressures (Figure 1)
resulting in Pickering emulsions (PPM-E, E0.05-E1.0). Sodium azide (0.02 wt%) was added

as an antimicrobial agent.
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2.2.3 Coalescence stability of PPM-E during storage

The PPM-Es (E0.05, E0.10, E0.25, E0.50 and E1.0) were stored at 4 °C for a period of 28 days
and were monitored using droplet sizing, {-potential measurement and visual observation to

select the most stable emulsions for pH and ion treatment.

2.2.4 pH and ion treatment

To investigate the colloidal stability of PPM and PPM-E (E1.0, chosen based on the
coalescence stability study) under environmental conditions, the samples were subjected to
different pH and ionic strengths. The pH adjustment (pH 2.0-9.0) was done by both “low to
high” and “high to low” methods by adding 1 M HCl or 1 M NaOH, without any salt addition
(Adal, et al., 2017). For “high to low” pH adjustment, the PPM at pH 9.0 was rapidly adjusted
to a target pH while mixing. For “low to high”, the PPM at pH 2.0 was adjusted to a target pH
quickly while mixing. In case of E1.0, the pH responsiveness was checked at pH 3.0, 5.0 and
7.0. For ionic strengths, the pH value of PPM was kept constant at pH 7.0 and ionic strength
was adjusted from 1-250 mM NaCl. For E1.0, the physicochemical stability was assessed by

subjecting the emulsions to 1 mM, 10 mM and 100 mM NaCl, respectively.

2.2.5 Size and {-potential measurements.

The hydrodynamic diameters of PPM dispersion at various pH and ionic strengths were
measured at 25 °C using a Zetasizer Nano-ZS (Malvern Instruments Ltd, Malvern,
Worcestershire, UK). The PPM sample was diluted to 0.004 wt% particle concentration with
Milli-Q water before measurement. Assuming that there is no particle—particle interaction in
the diluted sample, the hydrodynamic diameter (Dy) of the droplets was calculated using the

Stokes—Einstein equation (Equation 1):
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where D; is the translational diffusion coefficient, kg is Boltzmann’s constant, 7T is
thermodynamic temperature, and # is dynamic viscosity. The refractive index of PPM was set

at 1.52. The absorbance of the protein was assumed to be 0.001.

Droplet size distribution of PPM-Es (E0.05, E0.10, E0.25, E0.50 and E1.0) as a function of
storage and E1.0 as a function of different pH or with various ionic strengths were determined
using static light scattering (SLS) techniques using a Malvern MasterSizer 3000 (Malvern
Instruments Ltd, Malvern, Worcestershire, UK) at 25 °C. Samples were added dropwise in

distilled water until the instrument gave an obscuration rate between 4 and 6%. The average

Tndf

droplet size of the emulsion was reported as the volume mean diameter (ds;= Zn_dg) and
2t
surface mean (dz2= 2n—id‘?)
ur =5

4

where, n; is the number of droplets with a diameter, d;. The refractive index of sunflower oil
and the dispersion medium were set at 1.46 and 1.33, respectively. The absorbance value of

the emulsion droplets was set at 0.001.

Zetasizer Nano ZS was used to measure the {-potential of PPM dispersion, PPM-Es (EO0.05,
E0.10, E0.25, E0.50 and E1.0) as a function of storage and E1.0 as a function of pH and ionic
strength. Before measurement, PPM dispersion at different pH values was diluted to 0.004 wt%
particle concentration and E1.0 with different pH values was diluted to 0.005 wt% droplet
concentration using Milli-Q water adjusted to relevant pH (2.0-9.0). Similarly, PPM or E1.0
containing different concentrations of NaCl was diluted Milli-Q water adjusted to relevant
NaCl concentrations (1-250 mM). The diluted sample was then added into a folded capillary

cell (DTS1070 cell, Malvern Instruments Ltd., Worcestershire, UK), which had two electrodes.

10
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After 120 seconds of equilibration in the Zetasizer at 25 °C, the PPM particles or E1.0 droplets
moved towards oppositely charged electrodes. The magnitude of {-potential was determined
from the terminal speed of the particle motion using Henry’s equation, with Smoluchowski
approximation appropriate here since the thickness of the diffused double layer is expected to

be much smaller than the size of the particles.

2.2.6 Adsorption efficiency of PPM at the oil-water interface

To determine the adsorption efficiency of PPM at the oil-water interface after pH-treatment
(adjusting the pH of PPM-E to pH 3.0, 5.0 and 7.0) or salt-treatment (100 mM NaCl), the
quantity of PPM in the emulsion phase was determined (Araiza-Calahorra, et al., 2019; Sarkar,
et al., 2016b). Briefly, PPM-E (E1.0) at different pHs (pH 3.0, 5.0 and 7.0) and ionic strength
(100 mM NaCl) were diluted (1:4 w/w) with phosphate buffer (pH 7.0) or Milli-Q water
(adjusted to pH 5.0 or pH 3.0) or phosphate buffer at H 7.0 containing 100 mM NaCl. All
diluted emulsions were centrifuged for 40 mins at 10,000 rpm, 20 °C (Fresco 21 centrifuge,
Thermo Fisher Scientific, Germany). The subnatants were carefully collected using a syringe
and then measured using a DC protein assay kit (Bio-Rad Laboratories, Hercules, CA) on UV-
Vis Spectrophotometer with an adsorption wavelength of 750 nm. The adsorption efficiency
of PPM at the interface was calculated by subtracting the amount of PPM in the subnatant from
the total amount of PPM used initially to prepare the emulsions as a percentage of total protein

concentration in the emulsion.

2.2.7 Apparent viscosity measurement

The apparent viscosity of PPM-E (E1.0) as a function of pH and ionic strength were determined

at 25 °C using a Kinexus ultra rtheometer (Malvern Instruments Ltd, Malvern, UK). The

11
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apparent viscosities (74 Pa s) were recorded as a function of shear rates ranging from 0.1 to
1000 s™!. All measurements were done in triplicates and were reported as the mean and standard
deviation. In order to determine the flow type the emulsions as a function of pH and ionic
strength, the flow curves were fitted using power-law model (Ostwald-de Waele model) (see

Equation (2)):

n.(y) = KM 2

where, K is consistency coefficient (Pa s"), n is power-law index and y is shear rate (s™).

2.2.8 Microscopy

Optical microscopy (Nikon, SMZ-2T, Japan) was used to observe the microstructure of PPM
and E1.0 as a function of pH and ionic strengths. The samples undergoing optical microscopy
needed to be diluted 10 times in respective buffer. Zeiss confocal microscope (Model LSM
700, Carl Zeiss Microlmaging GmbH, Jena, Germany) was used for microstructural
characterization of PPM at the interface of E1.0 droplets. The oil droplets in E1.0 were stained
with 100 uL of Nile Red (2% w/v in in dimethyl sulfoxide) and the protein stabilizing the oil
droplets was stained with 500 uL of Nile Blue (10% w/v in Milli-Q water). Nile Red was
excited by at 488 nm whereas Nile Blue was excited at 635 nm. The stained samples were
mixed with an appropriate amount of xanthan gum (1 wt %) to reduce the Brownian motion of
oil droplets. The prepared samples were placed onto a microscope slide, covered with a cover

slip and observed at 63 x (oil) magnifications.

2.2.9 Sodium dodecyl sulphate-polyacrylamide gel electrophoresis (SDS-PAGE)

Sodium dodecyl sulphate polyacrylamide gel electrophoresis (SDS-PAGE) under reducing

conditions was used to determine the composition of protein in the initial pea protein

12
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solution, PPM dispersions and the adsorbed phase of PPM-E (E1.0). The samples included
PPM dispersions that are pH-treated (adjusting the pH of PPM to pH 3.0, 5.0 and 7.0) and
salt-treated (100 mM NaCl) PPM dispersions as well as PPM-E (E1.0) at different pHs (pH
3.0, 5.0 and 7.0) and ionic strength (100 mM NaCl). To determine the protein compositions
of absorbed phase i.e. the particles at the interace, all the PPM-E samples after pH and ionic
treatments were centrifuged at 14,500 g for 45 min, and then the cream phases were
carefully collected, dispersed in Milli-Q water and centrifuged again for 45 min at 14,500 g.
Approximately, 65 puL of pea protein dispersion, PPM samples and cream layer of PPM-E
(E1.0) samples were mixed with 25 pL. pf SDS loading buffer (62.5 mM Tris-HCI, pH 6.8,
2% SDS, 25% glycerol, 0.01% bromophenol blue) and 10 uL of diothiothreitol (DTT, of a
final concentration of 50 mM), heated at 95 °C for 5 min.The SDS-PAGE was carried out
by loading 5 pL of protein marker and 10 puL of these samples-SDS buffer mixtures in the
Mini-PROTEAN 8-10% TGX Gels in a Mini-PROTEAN II electrophoretic unit Bio-Rad
Laboratories, Richmond, CA, USA). The resolving gel contained 16% acrylamide and the

stacking gel was made up of 4% acrylamide.

The running process had two stages; one at 100 V for 10 min at first stage and then 200 V
of about 20 min for the second stage. After the run, the gel was stained for 2 hours using
Coomassie Blue solution, which consisted of 90% ProtoBlue Safe Colloidal Coomassie G-
250 stain and 10% ethanol. The gel was then destained using Milli-Q water overnight and
scanned using the ChemiDoc™ XRS+ with image Lab™ Software (Bio- Rad Laboratories,
Inc, USA). Each band within the lanes was selected automatically by the software to cover
the whole band. Background intensity was subtracted after scanning an empty lane. The
SDS-PAGE experiments were carried out in triplicates and band intensities was reported

as an average and standard deviation of three reported readings.
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2.2.10 Statistical analysis

All experimental results were reported as mean and standard deviations of five measurements
on triplicate samples (n = 5 x 3). The statistical analyses were conducted using one-way
ANOVA and multiple comparison test using SPSS software (IBM, SPSS statistics, version 24)

and the significant difference between samples were considered when p < 0.05.

3. Results and Discussion

3.1. Characteristics of aqueous dispersion of PPM

The aqueous dispersion of PPM in phosphate buffer at pH 7.0 had a narrow size distribution
with single peak in the size range of 100 to 1000 nm (Figure 2). The PPM had a hydrodynamic
diameter (Dn) of about 232 nm (polydispersity index (PDI) < 0.2) (Figure 3a). Although an
aqueous dispersion of PPC showed multimodal size distribution with high PDI of nearly 1.0
(data not shown), preparing PPM via the top-down approach of heat-set gel formation and
controlled shearing appears as a feasible approach to create plant protein-based particles with
high colloidal stability. For instance, the PPM were highly negatively charged (-40 mV)
(Figure 3b) showing no particle aggregation or macroscopic sedimentation (Figure 3c) at pH

7.0, respectively over a year storage.

3.2 Colloidal stability of aqueous dispersions of PPM

As shown in Figure 3a, Dy, of PPM ranged from 200 to 400 nm at neutral to alkaline pH (pH
7.0to pH 9.0) (p > 0.05). However, at pH 6.0, PPM showed a marked increase in Dy supported
by correspondingly steep increase in PDI to 0.8 as compared to that at neutral pH (p < 0.05).

The Dy of PPM dispersions increased to the highest values of > 8,000 nm at pH 5.0 followed

14
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by a decrease to < 2,000 nm at 3.0 < pH < 5.0 (Figure 3a). High degree of particle aggregation
and sedimentation observed using optical microscopy and macroscopic images, respectively,
indicate pH 5.0 to be the isoelectric point (pl) (Figure 3c¢). Caution should be exercised while
interpreting these Dy results with values above 1000 nm, when using dynamic light scattering
(Supplementary Figure S1). Thus, focusing on the trend of increasing values of Dy, the
colloidal stability of aqueous dispersions of PPM was limited at pH 6.0 with high PDI (Figure

3a) and excessive particle aggregation (Figure 3c).

The colloidal behaviour of PPM as a function of pH was investigated using C-potential
measurements of PPM (Figure 3b). The {-potential of PPM increased from -40 mV to +30 mV
with pH change, from pH 9.0 to pH 2.0 (p < 0.05). Noticeably, the net surface charge was close
to zero at pH 5.0 (Figure 3b) validating this to be the pl, corroborating with the largest
hydrodynamic diameter and PDI (almost close to 1.0) data (Figure 3a). At this pH, the
positively-charged amino-groups in PPM were balancing the negatively-charged carboxyl
groups. Interestingly, the pl of PPM (Figure 3b) shifted slightly from that of the PPC, where
latter is reported to be around 4.0 (Adal, et al., 2017). Such discrepancy in pl values between
protein concentrates and protein microgel particles are possible owing to the unfolding process
during thermal treatment of the latter and consequently exposure of some charged groups. At
or below pH 4.0, PPM showed net positive charge ranging from +20 to +30 mV. An interesting
study by Destribats, et al. (2014) demonstrated that in whey protein microgel particles (WPM),
some larger particle were present even when the pH value was far from the pl and the particles
possessed electrostatic charge. The larger particles were postulated to be associated with the
swelling of WPM i.e. the solvation of the exposed protein groups enabling WPM to swell.

Nevertheless, in the present study even if some degree of swelling of PPM might have occurred,
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due to the solvation of the protein groups that was promoted at acidic pH, such effects have

been overshadowed by the dominant particle aggregation as observed in Figure 3c.

It is worth noting that the PPM in presence of electrolytes showed no significant difference in
Dy and PDI (Figure 4a) as a function of ionic strengths. This was in close agreement with no
aggregation or sedimentation observed in optical microscopy or macroscopic images (Figure
4c). However, a progressive decrease of (-potential magnitude from -31 to -7.5 mV was
observed (Figure 4b) as the ionic strength increased from 1 to 250 mM NaCl. Similar salt-
induced reduction in {-potential in plant protein-based particles has been observed in the case
of soy protein-based nanoparticles, where Liu, et al. (2013) demonstrated that the increasing
NaCl concentration (0-500 mM) led to the decrease of absolute magnitude of (-potential of soy
protein nanoparticles. This is due to a decreased Debye length which for constant charged

surfaces at any rate will lead to a lower {-potential.

Colloidal particles, such as PPM in this study, dispersed in aqueous solutions will experience
Derjaguin-Landau-Verwey-Overbeek (DLVO) forces, other types of short-ranged, attractive
non-DLVO forces (Hogg, et al., 1966) as well as possible steric repulsion. To understand the
role of interaction in the colloidal stability of PPM, we used DLVO theory to calculate the
inter-particle electrostatic-mediated activation energy barrier between sub-micron sized
PPMs, as two such particles approach each other at varying pHs and ionic strengths (Figure

5). This is done using equation (3) (Cosgrove, 2010):
UR=2n8w2aln[1+eXp(—kh)] 3)

for the electrostatic component of particle-particle interaction. For equation (3), ¢ is the

permittivity of the system, i.e. e, (g0 1s the permittivity of vacuum, and &, is relative
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permittivity of water), y is the surface potential approximately equal to the {-potential values
measured at different pHs or ionic strengths, a is the radius of PPM particle (i.e. 118 nm), & is
the particle-particle surface separation distance ranging from 0.1 to 5 nm and «! is the Debye
length, which was calculated from equation (4):

1

Nge? 1z
s e "

Here, z; is the valency of i type of ion, ¢° is the number density of that ion, N is the

Avogadro’s number, and 7 is the temperature (298 K).

The total interaction potential (U) between PPMs is the summation of electrostatic repulsion
(Ug) and van der Waals attraction (Uyw). In this calculation, the pH independent van der Waals

attractive energy (Uvw) between two equal sized PPM was calculated using equation (5):

_ _a4n
Uvw= 12h )

where, Ay is the Hamaker constant which has been assumed to be 1 kg7, similar to other

reported protein particles (Tuinier, et al., 2002).

The total interaction potential was higher than 100 k3T at pHs < 3.0 and pHs > 6.0 (Figure Sa),
suggesting an electrostatically-induced energy barrier being sufficient to slow down any
aggregation to negligible rates (see Supplementary Figure S2a for electrostatic repulsion).
However, the van der Waal’s attractive forces particularly for PPM in the acidic pH i.e. pH
2.0-4.5 played a dominant role when at close PPM-PPM separation distance (< 0.15 nm). This
caused the total energy maximum to fall below ~10 k3T (Figure Sa), in line with high Dy, high
PDI (Figure 3a) and extensive particle aggregation (Figure 3c¢). The (-potential of PPM
reflected minimal surface charge (almost close to zero, Figure 3b) at pH 5.0 and the

correspondingly lack of sufficient electrostatic repulsion barrier, to provide a large energy in
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the presence of strong van der Waal’s attraction (Figure Sa). A low energy barrier accelerated

the aggregation of the particles (Figures 3a and 3c).

The Ur and Uyw between PPMs with varying ionic strengths were also calculated using
equations (3-5), as shown in Figure 5b (see Supplementary Figure S2b for Ur and Uvyw).
Interestingly, at 1-10 mM NaCl, the interaction was mainly dominated by electrostatic
repulsive forces with PPM-PPM interaction potential of > 100 kT overshadowing effects of
van der Waal’s attractive forces (Figure Sb) over most separation distances. As expected, the
electrostatic repulsion between particles was screened, down to nearly zero, with the increase
in the NaCl concentration (Figure Sb). Once the salt concentration was above 50 mM, the
dominating van der Waal’s attractive forces between PPMs should result in particle
aggregation, leading to an unstable dispersion. However, this was not the case experimentally.
In fact, larger particle aggregates were not observed (Figure 4c¢), and the size of PPM was
stable at a range of 230 to 240 nm, with lower PDI values (Figures 4a). The possible
explanation for the discrepancy between the theoretically predicted aggregation and an
experientially observed stable dispersion might be attributed to the steric repulsion effects
associated with the hairy PPM particles, which is not strongly influenced by electrolyte
concentration. This requires experimental investigation in the future. This behaviour is unlike
that of WPM, soy protein nanoparticles, zein colloid particles and kafirin nanoparticles (de
Folter, et al., 2012; Destribats, et al., 2014; Liu, et al., 2013; Xiao, et al., 2016), where NaCl

addition is known to cause aggregation of particles in the aqueous dispersions.

3.3 Characteristics of Pickering O/W emulsions stabilized by PPM (PPM-E)

3.3.1 Stability of PPM-E prepared using various concentration of PPM
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To determine the optimum concentration of PPM to stabilize PPM-E, coalescence stability of
PPM-Es stored under refrigerated conditions for a period of 28 days were characterized using
size, charge and visual imaging of any oiling off. Table 1 shows the emulsion droplet size
and (-potential, and Figure 7 presents the corresponding visual images of the freshly prepared
PPM-Es (E0.50-1.0) after 7, 14 and 28 days storage, respectively, at 4 °C. The cream layer was
evident in all the freshly prepared emulsions (E0.05-0.5), except in E1.0 (Figure 7), however,
all the emulsions reverted back to a homogenous dispersion after gentle hand shaking without
any visual evidence for coalescence. After a week of storage, although no phase separation was
discernible in E0.05 and E0.1 macroscopically (Figure 7), larger oil droplets were visible after
diluting the emulsions with buffer (Supplementary Figure S3) with clear signs of coalescence
and hence the size and {-potential could not be measured (Table 1) in these emulsions. This is
expected as the insufficient quantities of PPM in E0.05 and EO.1 prevented sufficient particle
coverage to enable stabilization of the large surface area of such high fraction of oil droplets
(20 wt%). The network formed by PPM in continuous phase appears to encapsulate the oil

droplets, and this prevented the macroscopic oil phase separation (Figure 7).

The remaining three emulsions (E0.25, E0.5 and E1.0) did not show any coalescence upon
dilution within the first week of storage (Supplementary Figure S3) and the {-potential values
ranging from -38 to -41 mV (Table 1) indicated that the droplets had high net negative surface
charge providing sufficient electrostatic stability to the droplets. After two weeks of storage,
emulsions E0.25 and E0.5 showed an increase in droplet size (p < 0.05), however, no change
in droplet size was observed in the case of E1.0 (p > 0.05) (Table 1). This was associated with
decreasing values of {-potential for E0.25 and E0.5 (p < 0.05) and no significant change in (-
potential value in the case of E1.0 (p > 0.05) over time (Table 1). More importantly, after

storage over a month, oil droplets were detected in the diluted E0.25 and E0.5 emulsions
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(Supplementary Figure S3). There was no significant difference in droplet size and (-
potential of emulsion E1.0 over this 28 day storage period (p> 0.05), which is also in line with
results of other Pickering emulsions, where 1 wt% of particles were needed to provide
sufficient surface coverage of the droplets (Araiza-Calahorra, et al., 2019; Du Le, et al., 2020).
In summary, 1.0 wt% PPM was sufficient to create small-sized (d+ ~25 pm) stable droplets
that showed excellent resilience against coalescence (E1.0). Hence, hereafter, 1 wt% PPM was
chosen as the optimum concentration to create Pickering emulsions (E1.0) and test their

response to pH and ionic strengths.

3.3.2 Composition of proteins in the adsorbed phase of E1.0

Compositions of PPC, PPM dispersions and the adsorbed phase of E1.0 were analysed by
reduced SDS-PAGE to understand if there was any difference in composition of the protein
subunits in bulk phase and those that were adsorbed at the interface in case of E1.0. The protein
mixture in PPC or the laboratory-synthesized PPM had more than ten polypeptides (Figure 6)
and the bands at range of 36-42 kDa had the highest proportion. The polypeptide composition
of PPC or PPM was similar to those reported by Mession et al. (2015) and Peng, et al. (2016)
containing the three main proteins, legumin, vicilin and convicilin. Convicilin was the band at
66 kDa. Legumin is a globular protein with an acidic subunit (La) at about 42 kDa and basic
subunit (LP) at 18- 24 kDa. Vicilin proteins consisted of three subunits (Vil-3), which are
respectively observed in fractions of around 50 kDa, 36-30 kDa and 20 kDa. Overall, SDS-
PAGE results indicate that the formation of PPM from PPC involved all protein subunits, which
is in accordance with results obtained previously that heat treatment did not affect the protein
composition (Laguna, et al., 2017). In addition, the adsorbed phase of E1.0 showed similar
molecular weight profiles to that of PPM that were not influenced by pH-treatment or exposure

to ions. This suggests that adsorption or environmental stresses (pH or ions) applied to PPM

20



479

480

481

482

483

484

485

486

487

488

489

490

491

492

493

494

495

496

497

498

499

500

501

502

had limited effect on the protein composition of the particles. In addition, a significant
proportion of PPM did not enter the resolving gel and were retained in the stacking gel suggest
that they were oligomers above 250 kDa. This suggests that DTT was not sufficient to break

covalent disulphide bridges in the PPM effectively.

3.3.3 Influence of pH on behaviour of E1.0 droplets

Figure 8a shows the mean droplet size distribution of E1.0 (20 wt% sunflower oil) as a function
of pH (pH 3.0, pH 5.0 and pH 7.0) with corresponding Sauter mean diameter (d32), De
Brouckere mean diameter (ds3) and C-potential shown in Table 2. The initial E1.0 (pH 7.0) has
a significantly larger proportion of droplets in the peak area of 10-100 um. The smaller peak
in the range of 0.1-1 um as observed in Figure 8a, overlaps neatly with the size distribution of
PPM estimated using dynamic light scattering (Figure 2), suggesting that these small particles
in Figure 8a might be the free microgel particles that were not adsorbed to the droplet surface
during the homogenization process (Sarkar, et al., 2016b). Comparing the mean diameter of
the PPM particles of ~230 nm (Figure 3a) and the mean size of the oil droplets (ds3) of ~ 25
pum (Table 2), the ratio of oil droplet size to PPM size ranges from 100:1 to 1000:1, which is a
signature of a classical Pickering emulsion (Ettelaie, et al., 2015; Sarkar, et al., 2016b). The -
potential of E1.0 is about -41 mV (Table 2), similar to that of PPM (Figure 3b) at pH 7.0. This

suggests that perhaps a monolayer of PPM might be present at the surface of droplets.

Interestingly, after adjusting the pH of E1.0 to pH 5.0 or pH 3.0, the d43 values were comparable
to that of E1.0 at neutral pH (p > 0.05). However, d3; values of E1.0 at different pHs showed
a significant difference (p < 0.05) (Table 2). This might be attributed to the fact that d3» value

was more affected by the changes in free (unadsorbed) microgel peak as a function of pH as
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compared to ds; value, which is line with the behaviour of PPM in aqueous phase as observed
in Figure 3a. The width of the peak at the range 10-100 um in the droplet size distribution was
narrower with a higher peak height at a lower pH (pH 3.0) than that seen for E1.0 at pH 7.0
(Figure 8a). Also, one might not expect such narrow droplet size distribution in E1.0,
particularly at pH 5.0 considering it is the isoelectric point (pI) of PPM, where E1.0 droplets
will also possess negligible surface charge (Table 2). This is a unique behaviour, unlike that
observed in PPM in the aqueous phase (Figures 3a and 3c¢) as well as previous studies, where
pH adjustment of emulsions stabilized by pea protein isolate to lower pH increased the

emulsion droplet size and reduced the emulsion stability (Adebiyi, et al., 2011).

To understand the aggregation behaviour, the apparent viscosities of the emulsions (E1.0) at
pH 7.0, pH 5.0 and pH 3.0 were determined using shear rate ranging from 0.1 to 1000 s
(Figure 8b). The Ostwald de Waele model was applied to fit the flow curves and the
corresponding fit parameters (consistency coefficient (K), flow index (n), regression coefficient
(R?) were summarized in Table 3. The R? of all samples was > 0.98, confirming a good fit to
the model. For E1.0 at different pH, n varied from 0.63 to 0.80, suggesting that E1.0 was a
pseudoplastic fluid showing shear-thinning behaviour at all the tested pH values. Emulsions at
pH 5.0 showed the highest K and the lowest n (p <0.05) (Table 3). This is expected owing to
strong inter-droplet flocculation in E1.0 at pI (pH 5.0) due to a reduction in electrostatic
repulsive forces. Nevertheless, such aggregates were not strong and therefore possibly broken
down by the shearing process during the static light scattering experiments and thus were not
evident as a second peak in Figure 8a. Interestingly, at pH 3.0, the viscosity appeared to be
higher than at pH 7.0 (Figure 8b), nevertheless, there was no significant difference (p > 0.05)

in either K or n as compared to those at pH 7.0 (p > 0.05) (Table 3) suggesting that the droplet

flocs that were broken down in the direction of shear were similar at pH 7.0 and pH 3.0.
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Visual images of E1.0 after 3 months of storage showed no distinct oil layers again confirming
the ability of PPM to to act as effective Pickering stabilizer (Figure 9a). Confocal laser
scanning two-dimensional (2D) (Figure 9a) and three-dimensional (3D) (Figure 9b)
micrographs revealed a thick layer of PPM (Nile Blue staining the protein microgels, displayed
in green) adsorbed at oil-water interface (Nile Red staining the oil droplets, displayed in red),
acting as a barrier to coalescence as observed visually. The confocal micrographs showed
evidence of bridging flocculation as pH was reduced to pl (pH 5.0) with visual signs of
creaming. This is in agreement with the higher viscosities and consequently higher consistency
coefficients of the emulsions at pH 5.0 as compared to those at pH 7.0 and pH 3.0 (p < 0.05)
(Figure 8b, Table 3). When the pH was adjusted to pH 3.0 (Figure 9b), the aggregation of
adsorbed PPM at interface as well as bridging flocculation between the droplets were still
evident. To understand whether the reduction of pH had an effect on PPM that were present at
the interface, Table 2 shows the adsorption efficiency of the PPM as a function of pH. The
PPM had very high degree of adsorption (> 98%) to the droplet surface at all pH (Table 2),
with slightly yet significantly higher adsorption at pH 5.0 as compared to those in pH 7.0 or
pH 3.0 (p < 0.05). This is also evident visually from the images of the subnantant
(Supplementary Figure S4a) after dilution and centrifugation of the emulsions suggesting
that the majority of the PPM particles were either adsorbed at the droplet surface or somehow
associated with interconnecting the neighbouring droplets in a PPM-PPM network. Overall,
E1.0 maintained high stability to coalescence when the pH was adjusted from pH 7.0 down to
pH 5.0 or pH 3.0, where the adsorbed PPM on the droplet surface increased aggregation as

well as the PPM attached to neighbouring droplets.

3.3.4 Influence of background electrolyte concentration on behaviour of E1.0 droplets
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With the increase in ionic strength from 1 mM to 10 mM, the droplet size distribution (Figure
10a) and corresponding mean droplet diameters (ds3, ds32) (Table 2), showed no statistically
significant differences (p > 0.05). Although the net surface potential of charged droplets
became less negative (from - 40 mV to -28 mV), the electrostatic repulsion was still sufficient
to inhibit extensive flocculation in E1.0. The emulsions showed shear thinning behaviour
irrespective of ionic strengths (Figure 10b). There was no significant difference between
viscosities and the n values of these emulsions in the presence of I mM and 10 mM NaCl,
especially in the region of 0.1-10 s™! shear rate (p > 0.05) (Table 3). Interestingly, the viscosity
of emulsions in presence of 100 mM NaCl was higher than the other emulsions with
consequently lower n value and higher K value (p < 0.05) (Table 3). The unaltered adsorption
efficiency (Table 2, Supplementary Figure S4b) upon ion treatment (100 mM NaCl) and
enhanced viscosity suggested inter-droplet flocculation in E1.0 with 100 mM NaCl, in line with
lower net surface charge at the droplet surface (-12 mV) (Table 2). No oiling off or phase
separation were observed after rheology measurements, and even after an extended period of
storage (Figure 11). Looking closely at confocal micrographs (Figure 11), droplet flocculation
can be observed after addition of 100 mM NaCl corroborating with the bulk rheological
measurements (Figure 10b). In a previous study, Pickering emulsions stabilized by kafirin
nanoparticles showed a reduction in average droplet size on increasing ionic strength from 10
mM to 50 mM, which was mainly attributed to enhanced nanoparticle interaction via
electrostatic screening effects. On the other hand, de Folter, et al. (2012) suggested that
Pickering emulsions stabilized by both positively- and negatively-charged zein particles at very
high ionic strength (1 M) aggregated and exhibited an emulsion—gel phase. Comparing our
results with these afore-mentioned plant protein-based Pickering emulsions, we hypothesize
that a weak gel-like emulsion structure might have been formed which is apparent from the droplet

aggregation observed in the confocal images (Figure 11). However, the structure of the O/W
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emulsion might not be as strong as that of a ‘true gel’, but may exhibit a small yield stress, which

requires future rheological characterization.

4. Conclusions

Results from our research demonstrate the ability of a new class of plant protein particles i.e.
pea protein microgels created using a facile top down approach to stabilize O/W Pickering
emulsions with ultrastability against coalescence. To understand the characteristics of these
Pickering O/W emulsion droplets as a function of microgel concentration, pH- or salt-
treatment, the colloidal behaviour of pea protein microgel dispersions in aqueous phase was
first investigated at various pH values (pH 2.0 to pH 9.0) or salt concentrations (1 to 250 mM
NaCl) was investigated. Aqueous dispersions of pea protein microgels showed highest degree
of particle aggregation at pH 5.0 as the activation energy barrier in particle-particle interaction
potential was calculated to be extremely low at this pH. Meanwhile, high salt concentrations
resulted in charge screening effects in PPM dispersion but the resulting reduction in
electrostatic potential did not affect the hydrodynamic diameter of microgels, suggesting that
other, possibly steric effects might also be playing a role in the colloidal stability of these
particles. Interestingly, when the pea protein microgels were present at the oil-water interface,
ultra-stable emulsion droplets were obtained only at microgels with 1.0 wt% protein
concentration with all protein subunits i.e. legumin, vicillins and convicillins, being
simultaneously present on the microgel-laden interface. The packed layer of PPM particles
stabilizing the oil droplets allowed the emulsions to be stable over few months against
coalescence. Upon pH reduction to pH 5.0, both intra-droplet and inter-droplet aggregation of
PPM occurred resulting in higher adsorption efficiency and higher viscosity, respectively. The

emulsions also showed responsiveness to ions, especially at 100 mM NaCl with enhancement
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in viscosity and shear-thinning character. To our knowledge, this is the first comprehensive
study that has systematically demonstrated the role of electrostatics in the colloidal stability of
the plant-based microgel particles in bulk phase versus particles adsorbed at the surface of the
droplets. Findings from this comprehensive study might open door for applicability of these
pea protein-based microgels in a range of food products and allied soft-matter applications,
where alternative plant-based sustainable Pickering stabilizers are increasingly necessary.
Ongoing research is focussing on tuning the surface and bulk properties of pH and ion-
responsive pea protein microgel-stabilized emulsions, which can help to tailor the in vitro
gastrointestinal digestion kinetics of these microgel-stabilized emulsified lipids and allow their

usage for controlled release applications in the future.
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